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Abstract
In the first step of the present study, cultural conditions were optimized for the enhanced
production of lipase by Penicillium notatum and Pleurotus ostreatus. Different agricultural
wastes viz., canola oilseed cake, sesame oilseed cake, linseed oil cake, cotton oilseed cake;
rice bran and wheat bran were used as substrates for their potential to be used for the
production of lipase under solid state fermentation conditions. Among these, the canola oil
seed cake was proved to be best substrate for production of lipase under solid state
fermentation conditions. Optimization of different physicochemical factors led to 2 folds and
1.6 folds enhancement in lipase production by Penicillium notatum and Pleurotus ostreatus
respectively. Under these conditions the enzyme activity was observed to be 5335 U/gds and
3118 U/gds respectively. Penicillium lipase due to high activities was selected for further
studies. Penicillium notatum lipase was purified to homogeneity by four step purification
strategy to achieve 28.88 fold purified enzyme with 13.4% recovery and specific activity,
26779 U/mg. The molecular weight of the homogeneous lipase was 46 kDa as determined by
SDS-PAGE. It was optimally active at pH 9.5 and 40°C. The Michaelis Menten constants
(Km) and Vmax of lipase from Penicillium notatum for para nitrophenyl palmitate hydrolysis
at optimum temperature were 3.33 mM and 232.6  mol/mL min-1 respectively. The
Penicillium notatum lipase was stable in the broad pH range from pH 6.0 to 12, with
maximum stability in the range of 8.5-11.0. The enzyme show a high thermo-stability with
half lives of 8.25 hrs, 3.2 hrs, 1.12 hrs and 0.58 hrs 40, 50, 60 and 70°C. The activation
energy for denaturation was 81.1 kJ/mol. The enzyme activity was enhanced significantly by
Ca2+. Exposure to hydrophobic environment (urea solution and organic solvents), did not
affect the enzyme significantly. However when incubated with protease solution,
denaturation of enzyme was observed. In the next part of study Penicillium notatum lipase
was immobilize by carrier bound and carrier free technique of immobilization. Entrapment
was more efficient in terms of high relative activity and immobilization efficiency as
compared to cross linking. Both the immobilization techniques greatly enhanced the thermo
stability of enzyme. Temperature optima for lipase activity shifted to higher temperatures as
compared to the free enzyme. The reusability of immobilized enzyme was excellent in case
of silicon entrapped enzyme. During this study we were able to find a mild cross linker (EGNHS) which can replace the conventionally used glutaraldehyde with retention of higher
activities. The cross linked aggregates of the enzyme have shown very good stability as
compared to free enzyme. However the reusability was not very promising as compared to
the entrapped enzyme.
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Chapter 1

Introduction
For green and sustainable methodologies intended for chemical manufacturing, biocatalysts, i.e.
enzymes, are attractive catalysts being highly effective and specific under ambient conditions.
Although they are synthesized by living beings to speed up the biochemical reactions essential
for life, they can retain their functionality in vitro. The particular benefits associated with
enzymes are simplicity, specificity, efficacy, mild conditions, energy efficiency and reduced
waste (Li and Zong, 2010). These properties of enzymes have made them very attractive and
useful for their application in industrial processes. In the last three decades the research on
enzymes has been boosted to find more and more enzymes that can be employed on industrial
scale, and hence enzyme industry has grown spectacularly. The international enzyme market
augmented steadily from $1.0 billion to $1.5 billion in five years i.e. 1995-2000, and rose to $2.2
billion in 2006 (Kirk and Borchert, 2002; www.bccresearch.com/report/BIO030E.html.). BCC
research estimated that by the end of 2012, the worldwide enzyme trade would reach $2.7 billion
(www.bccresearch.com/report/BIO030E.html.). And among the commercial enzyme market, 75
% was dwelled by the enzymes of hydrolase family such as proteases, amylases and lipases (Li
and Zong, 2010).
Lipases (triacylglycerol acylhydrolases EC 3.1.1.3) are member of hydrolase family,
which catalyze the hydrolysis of triglycerides to glycerol and free fatty acids over an oil–water
interface. The unique property of lipases which distinguishes them from esterases is (i) their
interfacial activation at lipid-water interface, which is oriented from the unique structural
characteristics of this enzyme class and (ii) chain length of substrate on which it acts i.e. ≥ 10.
Lipases contain a hydrophobic oligopeptide helix which covers the active site, this lid upon
interaction with a hydrophobic phase undergo a movement, exposing the active site for the
access of substrate (Reetz et al., 2002). The active site of lipase typically consists of serine,
histidine and aspartic/glutamic acid. Substrate hydrolysis is initiated with an attack by the Serine
oxygen of catalytic site present on the carbonyl carbon atom of the ester linkage, resulting in a
tetrahedral intermediate which becomes stable by hydrogen bonding to nitrogen atoms of majorchain residues belonging to the so called ‘oxyanion hole’. An alcohol molecule is released, and
1

lipase-acyl complex is left behind which is finally hydrolyzed to form fatty acid and enzyme is
regenerated (Jaeger and Reetz, 1998).

Fig1.1: Activation of lipase at lipid-water interface (Schmid and Verger, 1998)

Fig 1.2: Mechanism of action of lipase (Reis et al., 2009)
In addition to hydrolysis, lipases catalyze esterification, transesterification, acidolysis,
alcoholysis, aminolysis and exhibit regioselectivity and enantioselective properties. The
distinguished selectivity and gentle conditions associated with lipase-mediated bio-chemical
conversions have made them very alluring for the production of a broad range of natural
products, pharmaceuticals, fine chemicals, food constituents and bio-lubricants (Dörmö et al.,
2

2004) and made them tremendously popular for the use in the cosmetic, food, organic synthesis,
detergent, pharmaceutical, leather and paper industries (Park et al., 2005; Gupta et al., 2007;
Grbavcic et al., 2007; Franken et al., 2009). Only in the worldwide detergent industry as an
additive, 1000 tons of lipases are required each year (Hassan et al., 2006).
The versatility of lipases have resulted in their emergence as one of the leading
biocatalysts with definite potential to contribute in exploitation of the less utilized lipid
technology and multibillion dollar versatile industrial applications (Joseph et al., 2008). The
quantity of available lipases has been rising since 1980 as a consequence of accomplishments
made in the field of biotechnology i.e., cloning and expression of enzymes of microbial origin
and an increasing desire for these biocatalysts with specific and novel characteristics such as
stability, specificity, temperature and pH (Menoncin et al., 2009; Bornscheuer et al., 2002).
Lipases are widely distributed in nature and can be obtained from animals, plants, or
microorganisms with very different molecular weights, optimum pH, temperatures, and substrate
and reaction specifities. Micro-organisms are potent lipase producers including fungi, yeast and
bacteria (Abada, 2008). Microbial lipases have been the focus of special industrial interest due to
their selectivity, stability, and broad substrate specificity (Dutra et al., 2008; Griebeler et al.,
2009). For the production of lipases, fungal species are cultured in solid-state fermentation
(SSF), while for yeasts and bacteria submerged fermentation is preferred (Dutra et al., 2008).
Rhizopus, Aspergillus, Penicillium, Geotrichum, Mucor, and Rhizomucor is the most commonly
used fungi for the production of lipases on commercial scale. Among the bacterial lipases being
utilized, those from Pseudomonas exhibit distinguished properties that make them powerful
candidates for applications in biotechnology. In addition Bacillus and Burkholdaria are also
important sources of bacterial lipases. Candida is an important class of yeast which is well
known for their potential of lipase production. (Treichel et al., 2010).
Solid-state fermentation (SSF) is a promising technique for the economical production of
industrial enzymes (Castilho et al., 2000; Holker et al., 2004) because of the possibility of
utilizing agro-industrial leftovers as fermentation substrates. Solid wastes from the vegetable oils
(oil cakes) processing have been widely utilized for the production of antibiotics, industrial
enzymes, bio-pesticides, vitamins and other bio-chemicals because they provide tremendous
supports for the growth of microorganisms as well as remarkable sources of nutrients, and need
no or low supplementation (Ramachandran et al., 2006). In addition to these benefits the
3

enzyme produced using solid state fermentation have been reported to be more stable as
compared to those produced using submerged fermentation techniques (Wolski et al., 2009).
Furthermore, they are cheap and abundant in the agro-industrial countries like Pakistan. Hence
among the microbial sources for lipase production on large scale, fungi are attractive and
preferable as mostly filamentous fungi adopt low moisture environment in solid state
fermentation much better as compared to yeast and bacteria, moreover they produce extracellular
enzymes, which can be easily isolated (Gutarra et al., 2009).
For the industrial employment of lipases, there are two main limiting factors: one is the
lack of lipases having the specific required processing characteristics and the second limiting
factor is the lack of process stability and difficult recovery and reuse of the enzyme. To
overcome these inadequacies research has been focused to discover more and more lipases and
explore their characteristics for industrial biotransformation and syntheses (Liese et al., 2000).
For this purpose, efforts have been made to isolate new lipase producing micro-organisms and
explore them for the production of enzymes with improved characteristics for application in
biocatalysis of different processes. Chemical modifications and genetic engineering are the
supportive tools to achieve the enzymes with specific characteristics as desired by the process to
which they have to be applied (Shu et al., 2010). The other area of interest for the scientists
working with lipases is the immobilization of enzymes. Immobilization of lipases is known to
offer easier product recovery, better operation control, flexibility of reactor design and, enhanced
operational, thermal storage and conformational stability (Cabral et al., 2010). It also makes
possible the recycling of expensive enzymes, making them more efficient. However, lipase
Optimum performance in non-aqueous media and some applications require immobilized lipases,
for example detergent industry it is preferable to use soluble lipase rather than immobilized one.
For immobilization of lipases many techniques have been used including precipitation or
adsorption onto hydrophobic materials (Wisdom et al., 1984), adsorption in macroporous anion
exchange resins nano-particles and nano-fibres (Rizzi et al., 1992; Sheldon, 2007.), covalent
linking to functional groups (Shaw et al., 1990), entrapment in polymers and sol-gels (Telefoncu
et al., 1990; Jaeger and Reetz, 1998), microencapsulation in lipid vesicles (Balcao et al., 1996),
cross linked enzyme aggregates and crystal preparation (Sheldon, 2007).
Even though numerous studies on the microbial lipases have been conducted concerning
different bio-catalytic aspects, more scientific data is yet required to explore more about this
4

exceptional enzyme. Keeping in view the significance of microbial lipases, and immobilization
technology for the enhanced stability of enzymes and their applications on industrial scale, this
project was designed for the production of enzyme by indigenous fungal strains, using local
agro-industrial wastes as cheap fermentation substrates for solid state fermentation. After
screening of different fungal strains, Penicillium notatum was selected being best lipase
producer.

Optimization of different process parameters was done for the enhanced lipase

production. After purification and characterization of the crude enzyme obtained after
fermentation, it was immobilized by entrapment and cross linking techniques. Both the
hydrolytic and esterification activities were kept in account during the study.

Aims and objectives
 Screening of indigenous fungal strains for the production of lipase
 Screening of local agro-industrial wastes for their potential application for the production
of lipase
 Optimization of different parameters of solid state fermentation for enhanced production
of lipases
 Purification of lipase up to homogeneity level
 Kinetic and thermodynamic characterization of lipases
 Determine the effect of different denaturants on lipase activity
 Immobilization of lipase (Entrapment and formation of cross-linked aggregates) for the
achievement of higher stability and reusability
 Effect of immobilization on stability-function relationship
 Comparison of two immobilization techniques for their efficiency and suitability
 To compare the cross linking efficiency

of Ethylene glycol bis[succinimidylsuccinate]

(EG-NHS) cross linked enzyme aggregates (CLEAs) and the most commonly used
glutaraldehyde (GA) cross linked enzyme aggregates (CLEAs)

5

Chapter 2

Review of Literature
2.1: Lipases:
Lipids are key elements in the chemistry of life. These are used by most organisms for
the synthesis of cellular membranes in the form of phospholipids, membranes for the protection
of soft organs on the other hand; many plants and animals store chemical energy in the form of
triglycerides, which are sparingly soluble in water. For the metabolic turnover of these and other
biochemicals, nature has produced lipases, which can hydrolyze triglycerides at the water/oil
boundary or, more systematically, triacylglycerol hydrolases [EC 3.1.1.3], and those which
specifically attack phospholipids are termed phospholipases (Enzyme Nomenclature, 1992).
Lipases not merely play important role in the metabolic turnover of triglycerides in the living
organisms; they can catalyze a variety of reactions in vitro as well, which makes them incredibly
attractive for application in biotechnology (Ries, 2009). In addition to hydrolysis of triglycerides,
lipases can catalyze a variety of chemical reactions; which include esterification,
transesterification, acidolysis, alcoholysis, aminolysis. These reactions usually proceed with high
regio- and/or enantioselectivity, making lipases an important group of biocatalysts. The reasons
for the enormous biotechnological potential of microbial lipases include the facts that they are
(1) stable in organic solvents, (2) do not require cofactors, (3) possess broad substrate specificity
and (4) exhibit a high enantioselectivity (Jaeger and Reetz, 1998). The high versatility of lipases,
recognized as the most important and versatile group of biocatalysts in biotechnology (Hassan et
al., 2006) allows their applications in different industries like food, detergent, pharmaceutical,
leather, textile, cosmetic, paper and oleo-chemicals (Kademi and Leblanc, 2004).

2.2: Sources of Lipases
In 1856, lipase was first discovered by Claude Bernard from pancreatic juice as an enzyme that
could hydrolyze water insoluble oil droplets and convert them to soluble products. Animal
pancreases have been recognized as a significant source lipase, which has been used as a
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digestive aid for human utilization either in the purified form or crude mixture with other
hydrolases (pancreatin). It was nearly one hundred years ago, when the microbiologist C
Eijkmann reported that several bacteria could produce and secrete lipases. Initial interest in
microbial lipases was generated due to the shortage of pancreas and complexity in collecting
available material. Lipases differ greatly with respect to both their origins (which can be
bacterial, fungal, mammalian, etc.) and their characteristics, and they can catalyze a number of
reactions. However all of them show high and specific activities towards the glyceridic substrates
(Sharma et al., 2001). But with the discoveries of some unique properties like the stability of
lipases in organic solvents (Zaks and Klibanov, 1984), the research on the lipases got special
attention and boost and made them most frequently discussed enzyme in the field of bio-catalysis
now a days. Lipases are widely distributed in nature and are produced by animals, plants and
microorganisms. Lipases have been extracted from the tissues (especially digestive glands such
as pancreas) of animals like pig, fish, scorpion, shrimps and crab etc. Lipases from animal source
have been observed to show specificity of attack on C-1 of triglyceride (Zouari et al., 2005;
Perez, 2011; Cherif et al., 2007). In plants germinating seeds are rich source of lipases, so lipases
have been isolated from the rape seeds, mustard seeds, castor bean and rice as well as
cyanobacteria, with a specificity to attack at C-1 and C-3 of a typical triglyceride (Prabhu et al.,
1999; Antonian, 1988; Bhardwaj et al., 2001; Demir and Tukel, 2010). However in the near past
and recently, the most widely used class of enzymes in biotechnological applications and organic
chemistry, are lipases from microbial origin. Microbial lipases are one of the most widely
produced enzymes. Lipase producing microorganisms include bacteria, fungi, yeasts and
actinomycetes (Treichel et al., 2010). Both bacterial and fungal lipases have been exploited on
the commercial scale. Some of the most important commercial lipase-producing fungi are
recognized as belonging to the genera Aspergillus sp., Rhizopus sp., Penicillium sp., Geotrichum
sp., Rhizomucor sp., and Mucor sp., Burkholdaria, Bacillus, and Pseudomonas are commercially
important lipase producing bacterial strains, while Candida lipase is important commercially
utilized enzyme from yeast source.
Lipase producing strains have been isolated from industrial wastes, oil and fats
processing factories, soil (Sharma et al., 2001; Colen et al., 2006). Fungal species are preferably
cultivated in solid-state fermentation (SSF), while bacteria and yeast are cultivated in submerged
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fermentation (Dutra et al., 2008).

Many bacterial, fungal and yeast lipases produced and

available on commercial scale.
Due to the great versatility of lipase applications, on the worldwide level research has
been focused to the screening of new lipase-producing microorganisms, optimization of the
medium composition and operational variables, purification and characterization of these lipases.
Enzyme engineering technology such as chemical modifications and immobilization techniques
are being utilized for enhanced operational stability of lipases.

2.3: Production of Microbial Lipases:
2.3.1: Fermentation Techniques
Submerged fermentation, solid state fermentation and immobilized cell culture are the
fermentation techniques used for the production of microbial lipases; the former two are more
frequently used for the production of microbial enzymes, while the later one is less common
(Elibol and Ozer, 2002; Benjamin and Pandey, 1997; Elibol and Ozer, 2000). We may classify
the third one as a type of submerged fermentation; the only difference is that the fermentation is
done with immobilized cells. Although submerged fermentation is more common and is a model
technique for fermentation products and about 90 % of microbial enzymes are produced by this
technique. In spite of that, solid state fermentation has also gained special attention for the
production of metabolites and enzymes due to the several biotechnological benefits associated
with it (Holker and Hofer, 2004). Immobilized cell culture also has special advantages over solid
state and typical submerged fermentation techniques, so is also getting consideration for lipase
production along with other enzymes (Elibol and Ozer, 2000).
2.3.1.1: Submerged fermentation
Submerged fermentation is most common fermentation technique for the production of
industrial enzymes. Hence microbial lipases have also been mostly produced by submerged
fermentation technique as clear from the Table 2.1. The yield of lipase during submerged
fermentation depends on the microorganism used, nutritional components, physical conditions
such as pH, temperature, aeration, agitation rate etc. Lipase is an extracellular and inducible
enzyme; hence the selection of inducer might also play an important role. Many reports on the
lipase production using submerged fermentation with significant yield are described in literature.
As already discussed that bacteria are cultivated preferably using liquid state culture conditions
because they require higher water activity (>0.9). Among 57 heterotrophic bacterial strains
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isolated from marine sponge, Pseudomanas MS 1057 was observed to be the best producer with
maximum lipase yield 750U/mL (Kiran et al., 2008). A bacillus strain, Bacillus
stearothermophilis isolated from air showed a maximum lipase activity 1585 U/mL, under
optimized submerged fermentation (Abada et al., 2008). In contradiction to these reports a low
lipase yield was obtained that is 3.9 U/mL by Burkholdaria sp. C 20 under the optimal conditions
(Liu et al., 2006). While highest lipase yield i.e. 0.42 U/mL by Bacillus sphaericus was observed
at optimized conditions in submerged fermentation among 131 isolates (Hun et al., 2003). The
enzyme activities of 6,230 and 9,600 U mL−1 were obtained by Candida sp. 99-125 under
optimized condition in shaken flasks and 5L bioreactor respectively, while with the same species
in a 30L bioreactor 8300 U/ mL activity was achieved (Tan et al., 2003). Yarrowia lypolitica
lipase expressed in Pichia pastoris showed a very high lipase yield i.e. 12500 U/mL in a fed
batch culture (Yu et al., 2007). 104 U/mL of lipase was obtained by Trichosporon asahii MSR54 (Kumar and Gupta, 2008). However in contradiction with the high activities of Candida sp.
reported by Tan et al. (2003), 3.8U/mL lipase activity was reported by Rajendran et al. (2008).
While 5.8 U/mL and 8.02 U/mL lipases were produced by Candida rugosa (Glu and Erkmen,
2002) and Aureobasidium pullulans HN2.3 respectively (Liu et al., 2008).
Teng and Xu (2008) achieved a maximum lipase activity of 14 U/mL by Rhizopus
chinensis using liquid state fermentation, at optimized experimental conditions. Bapiraju et al.
(2005) obtained optimum lipase activity 29 U mL−1 from a mutant Rhizopus sp.; while Kaushik
et al. (2006) found a maximum activity i.e., 13 U/ml from Aspergillus carneus. Maximum lipase
yields, 16 U/mL, 41 U/mL, 12.7 U/mL and 17 U/mL by Fusarium oxysporum, Aspergillus niger
NCIM 1207 and Aspergillus oryzae and Geotrichum sp. were observed under optimized liquid
state fermentation conditions (Rifaat et al., 2010; Mahadik et al., 2002; Shukla et al., 2007;
Burket et al., 2007).
2.3.1.2: Solid state fermentation
In recent years, much attention is being paid by the researchers to the solid state fermentation for
the production of enzymes and other metabolites. It has been reported to have several advantages
which includes higher productivity, concentrated end product with higher stability, low catabolic
repression, along with the unique advantage of processing (recycling) the agro-industrial residues
(Holker and Hofer, 2004). Solid state fermentation is most suitable for growth of fungi, because
there hyphae can not only grow at the surface but are able to penetrate into the spaces present
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between the particle, hence can fully exploit the growth medium for metabolite production
(Santos et al., 2004).
Bacteria are mostly grown under submerged conditions but there are some reports which
show that once being adapted to the condition they can produce normally in solid state
fermentation. Mahanta et al. (2008) achieved lipase yields of 1084 U/gds by Pseudomonas
.aeruginosa PseA strain. While studies conducted by Alkan et al. (2007) and Fernandas et al.
(2007) show a maximum lipase activities 149 and 108 U/gds by Bacillus coagulans and Bacillus
cepacia respectively.
There are very few reports on the production of yeast lipases employing the solid state
fermentation. Benjamen and Pandey (2001) and Dominguez et al. (2003) cultivated Yarrowia
lipolytica and Candida rugosa under the solid state fermentation conditions. Being most adaptive
to solid state fermentation, there are many reports for lipase production by fungi under solid state
fermentation conditions. Using solid state fermentation, Kempka et al., (2008) observed the
maximum lipase yield 40 U gram of dry substrate−1 (gds). Vargas et al. (2008) investigated the
lipase production by Penicillium simplicissimum and achieved an activity of 30 U/gds. For the
same species 20 U/gds 26.4 U/gds was the maximum lipase yield in tray type, packed bed and
fix bed rectors respectively (Gutarra et al., 2005; Clavacanti et al., 2005). Mahadik et al. (2002)
observed a maximum 630 U/gds for Aspergillus niger NCIM 1207 under optimized solid state
fermentation conditions. A comparison (although it is difficult) between solid state and
submerged fermentation for the production of lipase by Rhizopus homothallicus and Penicillium
restrictum was done. Results from the studies (1500 U/gds and 17 U/gds; 50 U/mL and 12
U/mL) illustrated SSF to be superior to SmF (Diaz et al., 2006; Azeredo et al., 2007).
2.3.1.3: Immobilized cell culture:
The immobilized cell culture technique has the advantage of high cell concentration and easy
separation of biomass from the product while the disadvantage of low yield is also associated
with it. This technique involves the use of biomass of whole cell micro-organism (filamentous
fungi). Wolski et al. (2008) immobilized the Penicillium sp. for the lipase production and got the
higher optimal activity 21 U/mL than the un-immobilized. The same lipase yield (4 U/mL) was
observed for the immobilized and free cultivations of Aspergillus niger (Ellaiah et al., 2004).
Lipase production by the immobilized mycelia of Rhizopus arrhizus in the repeated batch
submerged fermentation, the enhancement in the lipase yield 3-18 U/mL/hr was observed from
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batch to repeated batch approach (Yang et al., 2005). For the same species the lipase production
was observed to be constant during several repeated batch experiments (Elibol and Ozer, 2000).
Table 2.1 summarizes the recently used micro-organisms and fermentation techniques for lipase
production in recent years.

2.3.2: Media Development and Optimization of Fermentation Media for
Lipase Production
The composition of the growth medium, cultivation conditions, pH, temperature, aeration and the
kind of carbon and nitrogen sources greatly affect the production of lipase. Lipase production
also varies according to the microbial strain (Cihangir and Sarikaya, 2004). Carbon source has
always been reported as the major factor for the expression of lipase activity, since lipases are
inducible enzymes. These enzymes are generally produced in the presence of a lipid such as oil
or any other inducer, such as triacylglycerols, fatty acids, hydrolysable esters, Tweens, bile salts,
and glycerol (Ghosh et al., 1996; Dharmsthiti et al., 1998; Shirazi et al., 1998; Bradoo et al.,
1999; Rathi et al., 2001; Gupta et al., 2004). Lipid based carbon sources are generally essential
to attain a high lipase yield and growth. In addition to this, essential micronutrients and nitrogen
sources should also be carefully taken into account. These nutritional requirements for the
growth of microbes are satisfied by various alternative media which are based on defined
composition (synthetic medium) such as sugars, oils, and complex constituent such as peptone,
yeast extract, malt extract, and also agro-industrial leftovers containing all the components
required for the development of microorganism. A mixture of these two types of media can be
purposely used for the production of lipase (Treichel et al., 2010).
To achieve the high productivity of enzyme, usually optimization of growth medium is
employed. Optimization of each component that make up a growth medium, and other physical
parameters such as pH, temperature, aeration etc. is usually a time-consuming and critical
process. For this purpose, a no of statistical approaches have been used, including the
conventional practice of changing one variable at a time, while keeping others constant (Haaland
1989; Khuri and Cornell 1987; Rodrigues and Iemma 2005), Plackett–Burman (PB) designs and
response surface methodology (Rodrigues and Iemma 2005, Teng and Xu, 2008).
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Table 2.1: Micro-organisms and fermentation techniques for lipase production presented in recent literature
Microorganism

Source

Submerged Fermentation

Rhizopus arrhizus

Fungal

Tan and Yin (2005)

Rhizopus chinensis

Fungal

Aspergillus sp.

Fungal

Aspergillus niger

Fungal

Aspergillus oryzae

Fungal

Shukla et al. (2007)

Rhizopus homothallicus

Fungal

Diaz et al. (2006)

Penicillium sp.

Fungal

Penicillium citrinum

Fungal

Annibale et al. (2006b)

Penicillium restrictum

Fungal

Azeredo et al. (2007)

Penicillium
simplicissimum

Solid State fermentation

Yang et al. (2005), Elibol and
Ozer, ( 2000)

Teng et al. (2009), Wang et al. Teng
(2008),

Immobilized Cell Culture

and

Xu,

(2008),

Sun and Xu, (2008)

Cihangir and Sarikaya (2004)
Ellaiah et al. (2004)
Diaz et al. (2006)
Wolski et al. (2008)

Fungal

Azeredo

et

al.

(2007),

Palma et al. (2000)
Vargas (2008)

Penicillium verrucosum

Fungal

Pinheiro et al. (2008)

Geotrichum sp.

Fungal

Geotrichum candidum

Fungal

Burkert et al. (2005)

Aspergillus carneus

Fungal

Kaushik et al. (2006)

Rhizopus sp.

Fungal

Bapiraju et al. (2005)

Kempka et al. (2008)

Yan and Yan (2008), Burkert et
al. (2004)

Ruiz et al. (2008)
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Dutra et al. (2008), Mala et
Aspergillus niger

Fungal

al. (2007), Falony et al.
(2006)

Rhizopus oryzae
Colletotrichum
gloesporioides
Rhodotorula
mucilaginosa

Fungal

Cos et al. (2005) ; Surribas et al.
(2007)

Fungal

Colen et al.(2006)

Yeast

Potumarthi et al. (2008)
Lopes et al. (2009), Alonso et al.

Yarrowia lipolytica

Yeast

(2005), Kar et al. (2008), Fickers Dominguez et al. (2003)
et al. (2006), Amaral et al. (2007)

Candida utilis

Yeast

Grbavcic et al., (2007)
Rajendran et al. (2008), Boareto et

Candida rugosa

Yeast

al. (2007), Puthli et al. (2006),
Zhao et al. (2008),

Candida cylindracea

Yeast

Candida sp.

Yeast

Aureobasidium pullulans Yeast
Saccharomyces
cerevisiae

Yeast

Benjamin
(2001)

and

Pandey

Benjamin and Pandey (1997)

Kim and Hou (2006), D’Annibale
et al. (2006b)
He and Tan (2006), Falony et al.
(2009)
Liu et al. (2008)
Ciafardini et al. (2006)
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Williopsis californica
Acinetobacter
radioresistens
Pseudomonas sp.
Pseudomonas
aeruginosa
Staphylococcus
caseolyticus
‘Biopetro-4’
Bacillus
stearothermophilus
Burkholderia cepacia
Burkholderia
multivorans
Serratia rubidaea

Yeast

Ciafardini et al. (2006)

Bacteria

Li et al. (2005)

Bacteria

Kiran et al. (2008)

Bacteria

Ruchi et al. (2008)

Bacteria

Volpato et al. (2008)

Bacteria

Carvalho et al. (2008)

Bacteria

Abada (2008)

Bacteria

Mahanta et al. (2008)

Fernandes et al. (2007)

Bacteria

Gupta et al. (2007)

Bacteria

Immanuel et al. (2008)
Ertugrul et al. (2007), Shariff et

Bacillus sp.

Bacteria

al. (2007), Nawani and Kaur,
(2007)

Bacillus coagulans

Bacteria

Bacillus subtilis

Bacteria

Alkan et al. 2007
Takaç and Marul (2008)
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2.3.2.1: Optimization of synthetic media:
2.3.2.1.1: Optimization of synthetic media for bacterial strains:
There are many reports in literature which show that by the optimization of the conditions for
growth media significant enhancement in the lipid production can be achieved. Lin et al.
(1996) produced an alkaline lipase from Pseudomonas pseudoalcaligenes F-111 in a medium
that contained both olive oil (0.4 %) and Triton X-100 (0.2 %). Lipase production by
Pseudomonas pseudoalcaligenes F-111 was enhanced when a phosphate containing medium
was provided with Mg2 +, while the addition of Triton X-100 improved the alkaline lipase
production by 50-folds. Hun et al. (2003) isolated and screened 131 isolates for the
production of organic solvent tolerant lipase, among these Bacillus sphaericus was found to
produce the highest yield of lipase. They tested different growth media for the best
production yield. The growth medium consisting of nutrient broth 0.325 %, CaCl2·2H2O 0.0
5%, Tween 80 1 % (v/v), gum arabic 1 %, olive oil 1 % (v/v) and triolein 1 % (v/v), at pH 7,
yielded the highest lipase activity of 0.42 Uml−1 min−1 at 36 h incubation time. A twelve fold
increase in the production of lipase from Bacillus multivorans was accomplished by the
optimizing the nine factors namely, dextran, olive oil, concentrations of glucose, NH4Cl,
trace metals, MgCl2, CaCl2 and K2HPO4 and inoculum density, in the culture medium
employing Plackett–Burman experimental design (Gupta et al., 2007). Immanuel et al.
(2008) investigated. Effect of different carbon (sucrose, fructose, lactose, galactose, and
starch), nitrogen sources (yeast extract, skim milk power, casein, protease, peptone, beef
extract, and urea), surfactants (Tween 20, Tween 80, polyethylene glycol 300, and Triton
100) and triglycerides (coconut oil, tributyrin, olive oil, gingelly oil, and cod olive oil) was
determined on the production of lipase by Serratia rubidaea. Starch, Casein, Tween 20, and
gingelly oil were the most appropriate carbon source, nitrogen source, surfactant, and lipids,
respectively.
2.3.2.1.2: Optimization of synthetic media for yeast strains:
Among different carbon and nitrogen sources used for the production of lipase by Candida
rugosa, the optimal enzyme yield (5.58 U mL

−1

) was obtained with olive oil, yeast extract

and proteose-peptone in the medium (Glu and Osman, 2001). He and Tan (2006) used the
response surface methodology to optimize the cultivation medium for lipase production by
Candida sp. The effect of soybean meal, Soybean oil, and K2HPO4 concentrations was more
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significant among the medium components (soybean meal, soybean oil, KH2PO4, (NH4)2SO4,
K2HPO4, MgSO4, and Spam 60) evaluated by Plackett– Burman design. The obtained results
were optimized using central composite designs and response surface analysis and under the
optimized conditions lipase production reached from 5,000 to 6,230 U mL−1 and 9,600 U
mL−1 in 5 L fermentor. Olive oil, glucose, peptone and FeCl3.6H2O were observed to effect
the lipase production by Candida rugosa most significantly using the Plackett–Burman
statistical experimental approach (Rajendran et al., 2008).
2.3.2.1.3: Optimization of synthetic media for fungal strains:
Essamri et al. (1998) optimized various kinds of oils as carbon source and different nitrogen
sources in the growth medium for the production of lipase by Rhizopus oryzae. Three folds
increase in the lipase activity and cell growth was observed upon addition of oils. Rapeseed
and corn oil at 2% were the most suitable substrates, while corn steep liquor (7 %) was
nitrogen source for optimal lipase production. Costa and Peralta (1999) explored 56 strains of
mold for the production of lipase, amongst them Penicillium wortmanii was the best lipase
producer, with maximum lipase production after 7 day culture using 5% olive oil (W/V) as
the carbon source. The maximal lipase production by Rhizopus sp. BTNT-2 (mutant strain)
was attained with olive oil, corn steep liquor and potato starch in the growth medium as lipid,
nitrogen and carbon source (Bapiraju et al., 2005). 1.1 g/L and 3.3 g/L, of glucose and corn
oil were determined to be the optimized initial glucose and corn oil concentrations for the
production of lipase by freely suspended Rhizopus arrhizus (Elibol and Ozer, 2002). The
maximum lipase activity from Geotrichum sp., (20U/mL), was achieved at nitrogen and
carbon source concentrations optimized by response surface methodology (Burkert et al.,
2004). 1.8-fold increase in production by Aspergillus carneus was achieved by optimizing
the growth conditions using the response surface approach (Kaushik et al., 2006) 5 %
glycerol, 0.5 % sodium nitrate, and 0.1 % thiamine were found to provide the best results (54
U mL−1) after 17 days of incubation, among different culture conditions, temperature, pH,
nitrogen, carbon, vitamins and mineral sources on the production of lipase by Antrodia
cinnamomea (Lin et al., 2006). By using orthogonal test and response surface methodology,
Wang et al. (2008) optimized the fermentation medium for lipase production by Rhizopus
chinensis, the optimized medium consisted of olive oil, peptone, maltose, MgSO4 7H2O and
K2HPO4. Yan and Yan (2008) tested a combination of different experimental designs to
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optimize the production conditions of cell-bound lipase from Geotrichum sp. olive oil and
citric acid and a mixture of corn steep liquor and NH4NO3 were observed to be the most
suitable carbon and nitrogen source respectively. Penicillium verrucosum was observed to
produce lipase in submerged fermentation using two media one consisting of peptone, yeast
extract, NaCl, and olive oil and the 2nd one consisting of corn steep liquor, yeast hydrolysate,
NaCl, and olive oil. The former was proved to be better for the production of lipase (Pinheiro
et al., 2008).
2.3.2.2: Optimization of media based on agro-industrial residues
For the last few years, the choice of suitable substrates for fermentative processes especially
agro-industrial residues has become focus for the researchers. This is due to the potential
advantages associated with these residues. The major benefits linked with utilization of agroindustrial wastes is that they provide alternative substrates which can assist in solving
pollution problems, which could be caused due to their disposal. Fermentative processes are
usually affected significantly by the nature of the substrates. The selection of the substrate is
another issue which depends upon several factors, predominantly related to cost and
availability. Thus, the screening of numerous agro-industrial leftovers can be done by process
optimization. Therefore, over the recent years, for the production of metabolites such as
enzymes and fine chemicals application of agricultural by-products has been emphasized and
resulted in the publication of many reports on the solid state fermentation using these by
products.
There are few reports for the cultivation of bacterial strains on agro-industrial
residues for lipase production. Alkan et al. (2007) used several agro-industrial byproducts
(wheat bran, rice husk, lentil husk, banana waste, melon waste and watermelon waste) for the
production of lipase by Bacillus coagulans. Melon waste supplemented with NH4NO3 and 1
% olive oil was reported to be the best growth medium. Jatropha cake seed supplemented
with different carbon and nitrogen was used for the production of lipase by Pseudomonas
aeruginosa, cake supplemented with maltose and NaNO3 gave better lipase yield i.e. 976
U/gds when compared with the non supplemented medium which gave 625 U/gds of lipase
(Mahanta et al., 2008).
Babassu cake supplemented with sugar cane molasses was reported to be the best
medium for lipase production in fixed bed reactor by Penicillium simplicissimum (Clavacanti
17

et al., 2005). After optimization by response surface methodology, it was illustrated that the
Penicillium simplicissimum lipase yield increased by 30 % in tray type reactor as compared
to fixed batch rector (Gutarra et al., 2005). The same research group reported 1.5 times
higher lipase yield by introducing a new inoculation technique consisting of fungal pellets
grown on small pieces of cake or so called fermented cake (Gutarra et al., 2007). Lipase
yield 90 U/g after 72 hours of incubation by Penicillium simplicissimum was obtained using
babassu oil cake as fermentation substrate (Gutarra et al., 2009). Olive oil supplemented
Babassu cake with a C/N ratio 13.3 gave the best growth and lipase production by
Penicillium restrictum, C/N ratio was crucial for the optimum lipase production (Gombert et
al.,1999; Azeredo et al., 2007). Mala et al. (2007) used wheat bran and gingelly oil cake as
substrate for solid state fermentation for lipase production by Aspergillus niger MTCC 2594,
an increase in the lipase yield by 36 % with the final activity 384 U gds−1, upon the addition
of gingelly oil cake to wheat bran. 2 % castor oil supplemented wheat bran (0.91 %
ammonium sulfate) was proved to be the optimal growth medium for the production of lipase
by Aspergillus niger (Dutra et al., 2008). In another study, wheat bran combined with wheat
flour appeared to be the best substrate for maximum biomass and lipase production by
Rhizopus chinensis (Sun and Xu, 2008). Falony et al. (2006) also reported the wheat bran
supplemented with synthetic medium to be a good cultivation medium for lipase production
by Aspergillus niger. The synthetic medium consisted of glucose, Na2HPO4, KH2PO4,
MgSO4 7H2O, CaCl2, (NH4)2SO4, NH2CONH2, and olive oil. Soybean meal and soy bran
byproducts of soybean oil industry, when used for the lipase production by Penicillium
simplicissimum and Penicillium verrucosum was proved to be the best medium when
compared with the same but supplemented with wastewater from a slaughterhouse, yeast
hydrolyzed, soybean oil and corn steep liquor for the former, while soybean oil, castor oil,
corn oil, olive oil, sugar cane molasses, yeast hydrolyzed, yeast extract, corn steep liquor,
sodium chloride and peptone for the later species (Luccio et al., 2004; Vargas et al., 2008;
Kempka et al., 2008). Penicillium simplicissimum was also able to grow for the lipase
production on castor bean residue of castor oil processing, it is a significant pollutant and
useless being toxic, highly alkaline and allergenic hence a significant pollutant. The fungus
was not only successfully grown on this substrate, but also produced 44.8 U/gds of lipase at
pH 7.0 and 30 °C, which is much better for the same strain grown on babassu cake (Godoy et
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al., 2009). Molasses obtained from sugar cane were employed as the only carbon source for
lipase production by Rhizopus mucilaginosa MTCC 8737. 1 % molasses gave the maximum
yield of lipase (Potumarthi et al., 2008). Olive waste mill was used as a cultivation medium
for the production of lipase in submerged fermentation using Penicillium citrinum NRRL
1841. Lipase production by Penicillium citrinum was significantly enhanced by the olive mill
waste based media supplemented by ammonium chloride while vegetable oils addition (olive,
corn, and soybean oil) did not affect lipase production significantly (Annibale et al., 2006b).
Comparison of solid state fermentation consisting of agro-industrial residue
(sugarcane bagasse, supplemented with olive oil, lactose, urea, MgSO4, and K2HPO4) and
liquid state fermentation consisting of synthetic medium (corn steep liquor, peptone,
K2HPO4, KH2PO4, and MgSO4). Lipase yields i.e. 50 U/mL and 1,500 U gds−1 were obtained
by submerged and solid state fermentation after 22 and 12 hr incubation period respectively
(Diaz et al., 2006). Azeredo, (2007) optimized the effect of carbon sources for the production
of lipase by Penicillium restrictum in Submerged and solid state fermentation. Shorter
fermentation time (24 h) in SSF with babassu cake as growth medium was observed to give
higher lipase yields as compared to submerged fermentation.

2.4: Purification of microbial lipases
Lipases are the enzyme of great industrial importance; many of the industrial applications of
these novel enzymes do not require purification up to homogeneity level however few
industries like cosmetics, pharmaceuticals and fine chemicals require the purified enzyme.
Extent of purification is always dependent on the final application. Moreover the three
dimensional structure of enzymes along with their structural function relation can be well
understood, if they are well purified (Saxena et al., 2003; Gupta et al., 2004).
Low yields and long time taken for the purification are the main issues related to the
conventional purification techniques. Inexpensive, fast, high yielding and applicable for large
scale operations, purification strategies are need of industry now a days. Many reviews on the
purification strategies used for lipase purification emphasize on designing the optimal
purification plan for lipases from different microbial sources (Antonian, 1988; Taipa et al.,
1992; Aires-Barros et al., 1994; Palekar et al. 2000; Saxena et al., 2003).
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2.4.1: Purification techniques
As the microbial lipases are mostly extracellular, after completion of fermentation process
the first step is the separation of cells from fermentation broth by filtration or centrifugation.
When the cell free enzyme extract is obtained it is subjected to different steps for
purification. These steps include concentration, several chromatographic steps, membrane
processes, and immuno-purification etc.
2.4.1.1: Concentration of enzyme extract
Precipitation of enzyme using organic solvents or ammonium sulphate and ultra-filtration are
used to concentrate the cell free enzyme extract. Among the strategies used for the
purification of lipases, 80 % involve the use of precipitation. Out of these 60 % used
ammonium sulphate while the other 35 % made use of acetone, ethanol or acid for the
purpose of precipitation. Extent of precipitation and lipase activity depends on the
ammonium sulphate concentration. Precipitation is used for the crude purification of enzyme
and it is usually used as initial purification step usually followed by the purification stages
such as chromatographic separations. Precipitation of enzyme is very useful in handling the
large quantities of enzyme and it involves less non protein interferences. Precipitation
methods are usually accompanied with high yield as compared to other techniques used to
concentrate the sample (Aires-Barros et al., 1994).
2.4.1.2: Chromatographic steps
To achieve the required level of purity usually more than one chromatographic steps are
requisite. Combination of different chromatography such as ion exchange, hydrophobic
interaction, gel exclusion and affinity is usually employed for the purification. Choice of
scheme and combination of chromatographic techniques depends on the initial lipase
preparation and extent of purification required.
Among the different types of chromatographic techniques the most frequently used
for lipase purification is anion exchange chromatography. Ion exchangers which have been
used frequently for lipase purification are carboxy-methyl, CM as cationic exchanger (20 %)
diethylaminoethyl, DEAE, anion exchanger (58 %) and those based on triethylaminoethyl
and Q- sepharose (Veeraragavan et al., 1990; Saxena et al., 2003). The second most
frequently employed method for purification of lipase is gel filtration chromatography.
Affinity and Hydrophobic interaction chromatography is third and fourth most frequently
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used chromatographies respectively. Octyl and phenyl functional groups are usually used as
hydrophobic adsorbents. After the precipitation, the most preferred chromatographic step is
ion exchange followed by gel filtration. While the costly affinity chromatographic technique
including HIC, with purification factor 2-10 is usually used as the last step of purification
(Saxena et al., 2003).
2.4.1.3: Membrane Processes
For the downstream processing of lipases, separation of cells and to concentrate the
supernatants containing lipases, cross-flow membrane filtration has been used. For this
purpose poly-sulphone (PS), poly-acrylonitrile (PAN) and regenerated cellulose membranes
with different cut size ranging from 1 to 1000 kDa are usually employed.
2.4.1.4: Two phase aqueous systems
The two phase aqueous system is composed of two polymers dissolved in water or one
polymer and concentrated salt solution such as poly ethylene glycol (PEG)/dextran, poly
ethylene glycol (PEG)/magnesium sulphate and poly ethylene glycol (PEG)/potassium
phosphate etc (Saxena et al., 2003; Gupta et al., 2004). Physico-chemical characteristics such
as charge, size and hydrophobicity of proteins affect their partition in two phase aqueous
system. Partitioning also depends on the pH, mass of polymer, changing polymers, addition
of detergent or salt. The technique can be used for the enzyme extract with cells and cell
debris, and is accompanied with the advantages like high speed, volume reduction, high
capacity and mildness (Gupta et al. 1999; Gupta et al., 2004). There are many reports in the
literature using the two phase aqueous system for the lipase purification (Gupta et al., 2004).
2.4.1.5: Hydrophobic interaction chromatography with modified columns
Hydrophobic interaction chromatography modified by immobilized polyethylene glycol,
polypropylene glycol, epoxy-activated spacer arm and cross-linked polyvinyl alcohol
esterified with dodecanoic acid as a ligand has been reported to give better purification with
high yield (Queiroz et al., 2001; Diogo et al., 1999; Battinelli et al., 1996).
2.4.1.6: Immunopurification
Immunopurification is a type of affinity techniques, with very high selectivity and use to
purify protein 1000-10000 folds in a single step (Harlow and Lane, 1988). This technique
employs the use of antibodies which are highly specific and can differentiate the similar
antigens, hence can resolve the problems related protein purifications. The drawback
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associated with this technique is its cost, which makes it among the most expensive affinity
techniques. Use of this technique for lipase purification is not common. Cutinase lipase from
Escherichia coli was purified by IgG-affinity chromatography (Bandmann et al., 2000).

2.4.2: Microbial lipases purification
Using the above mentioned techniques, many microbial lipases have been purified. Lipases
have been purified to homogeneity and the molecular weight determination and
crystallization for 3D structural analysis has also been done for many cases. Purification
factor and % recovery are the two important factors which determine the success of a
purification strategy.
2.4.2.1: Purification of bacterial lipases
Purification and characterization of a number of bacterial lipases from different strains such
as Pseudomonas, Bacillus, Staphylococcus and Acinetobacter etc using different purification
strategies have been reported.
Lin et al. (1996) purified an alkaline lipase from Pseudomonas pseudoalcaligenes to
homogeneity by using acetone precipitation, Sephadex G-100, Fractogel phenyl and
Sephadex G-100 chromatography. The molecular weight of lipase was found to be 32 kDa on
SDS-PAGE. A lipase from Pseudomonas aeruginosa KKA-5 was purified by ammonium
sulphate precipitation followed by separations using chromatography on hydroxyl appetite.
By following this method 516 fold pure enzyme was achieved, and its molecular weight was
observed to be 30 kDa (Sharon et al., 1998). Bio-gel P-10 and Superose 12B chromatography
were used to purify Pseudomonas sp. lipase to achieve 37 folds purified lipase with a
molecular weight of 60 kDa on SDS-PAGE (Dong et al., 1999). Sakiyama et al. (2001)
purified Pseudomonas sp. LP7315 by (NH4)2SO4 precipitation, DEAE-Toyopearl
chromatography, and preparative electrophoresis. By using this strategy, they were able to
purify to enzyme by 64 folds with 12 % recovery. Kim et al. (2005) used a combination of
gel filtration and ion exchange fast protein liquid chromatography (FPLC) to purify lipase
obtained from Pseudomonas Xuorescens. The molecular mass of the purified lipase was
estimated to be approximately 50 kDa by gel filtration. Gaur et al. (2008) employed gel
exclusion chromatography to purify lipase from Pseudomonas aeruginosa to homogeneity
level. The strategy led to purification up to 8.6-fold with 51.6% recovery and the molecular
weight was observed to be 60kD on SDS-PAGE. Ramani et al. (2010) purified a lipase
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produced by Pseudomonas gessardii isolated from the beef tallow acclimatized soil.
Ammonium sulphate precipitation, DEAE–Cellulose column and Sephadex G-25 column
chromatography were used to purify the enzyme and led to 7.59 fold pure enzyme with a
molecular weight of 92 kDa.
Lee et al. (1999) purified thermophilic Bacillus thermoleovorans lipase to
homogeneity by using three step purification procedure including ammonium sulfate
precipitation, DEAE Sephacel ion exchange chromatography, and Sephacryl S-200 gel
filtration chromatography. By following this method 223 fold protein purification was
achieved. The purified lipase had molecular mass of 34 kDa. Two distinct lipases from
Bacillus thermoleovorans ID-1 lipase A and B was purified up to 300 and 108 folds by five
step purification including ammonium sulfate fractionation, DEAE-Sepharose CL6B,
Superdex 200, Resource PHE, and Mono Q column chromatography, and three step
purification including heat precipitation, DEAE-Sepharose CL6B, Sephacryl S-200
chromatography. The molecular mass of lipase A and B were 18 and 43 kDa respectively
(Lee et al., 2001). A thermophilic Bacillus stearothermophilus MC7 lipase was purified by a
four step purification strategy including ultra-filtration, Sephadex G-200 gel-chromatography
and ion-exchange chromatography on DEAE Cellulose. The purification factor was 19.25fold with 10.2 % recovery. The purified enzyme had molecular weight equal to 62.5 kDa as
determined by SDS-PAGE (Kambourova et al., 2003). Another lipase from Bacillus
coagulans with molecular mass 31kDa was purified up to 40 folds and 2.5 % yield by
ammonium sulphate fractionation and ion exchange chromatography (Kumar et al., 2005).
A lipase from Acinetobacter was extracted and then purified by Mono Q and butyl
Sepharose columns. 10 folds purification factor with 22 % recovery yield was achieved. The
purified lipase had a molecular mass 33KDa (Snellman et al., 2002). Another lipase from
Acinetobacter sp. ES-1 was purified by ultra filtration and hydrophobic interaction
chromatography. Nine folds purification with 21 % yield was obtained while the molecular
mass was determined to be 32 kDa (Lee, 2006). Streptomyces coelicolor A3 (2) lipase was
purified up to homogeneity by Cationic CM Sepharose Fast Flow column, anionic Q
sepharose columns and SepPakC18 Plus column chromatography. Two isozymes were
separated with the molecular masses 29 and 32 kDa respectively (Cote and Shareck, 2008).
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Demir and Tukel (2010) isolated a lipase from photosynthetic cyanobacterium
Spirulina platensis (Arthrospira) and purified by sequential operation of ammonium sulphate
precipitation, dialysis, DEAE-Sepharose anion exchange chromatography, and Sepharose-6B
gel filtration chromatography for the first time, resulting in 375-fold purification of lipase
with 29.35 % final yield. The purified lipase showed single band on SDS-PAGE. It is a
monomeric protein of 45 kDa molecular weight.
2.4.2.2: Purification of yeast lipases
A three-step purification procedure consisting of ethanol precipitation, butylToyopearl 650 M chromatography, and Sephacryl S-100 HR gel filtration was adapted for
the purification of recombinant lipase from Saccharomyces cerevisiae, to get a single band
by native PAGE. By SDS-PAGE results it was illustrated that this protein band consists of
two polypeptides of masses 35 and 46 kDa (Takahashi et al., 1998).
Two forms of lipases isolated from Candida rugosa were purified by anion exchange
chromatography using Mono-P-HR5/5 column. 28 % and 7 % yield of lipase A and B was
obtained respectively (Lopez et al., 2000). Purification of three isoforms i.e. lipase A, B and
C from Candida rugosa were purified by four step purification procedure including
(NH4)2SO4, dialysis, ultra filtration and Saphadex-200 gel filtration chromatography,
resulting in 43 folds purification. The molecular masses of three isoforms were 64, 62 and 60
kDa (Benjamin and Pandey, 2001). Four isoforms of the same molecular mass (38kDa on
SDS-PAGE) isolated from Candida sp. 99-125 were purified and separated by two step anion
exchange chromatography with purification factor 21.8, 18.2, 15.4, 21.4 and % yield 4.0,
9.27, 19.4 and 9.0 for isoform A, B, C and D respectively (Fu et al., 2009). Yu et al. (2007)
purified an extra cellular lipase from Yarrowia lipolytica by ion exchange and hydrophobic
interaction chromatography using Q sepharose and butyl sapherose columns respectively.
The molecular mass of purified lipase was determined to be 38kDa by SDS-PAGE. A three
step purification strategy was employed to purify the yeast Aureobasidium pullulans HN2.3
lipase. It was purified to homogeneity with a 3.4-fold increase in specific activity and the
molecular mass was estimated to be 63.5 kDa (Liu et al., 2008).
2.4.2.3: Purification of fungal lipases
A combination of hydrophobic interaction ion exchange chromatography on octyl sepharose
and on Q sepharose fast flow columns respectively resulted in a purification of 1000 fold for
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purification of fungus O. piliferlipase. Two lipase isoforms were identified on SDS-PAGE
having molecular masses 60 and 5 kDa respectively (Brush et al., 1999). Hiol et al. (2000)
achieved 1200 fold purified Rhizopus oryzae lipase by using four step purification strategies.
This procedure included ammonium sulfate fractionation, sulfopropyl Sepharose, Sephadex
G-75 gel filtration, and a second sulfopropyl Sepharose chromatography step. The purified
enzyme was run on SDS-PAGE and gel filtration for molecular weight determination, which
was found to be 32 kDa. Rhizopus chinensis lipase was purified up to 55 folds, 2.4 %
recovery and 60 kDa molecular mass, by ammonium sulfate fractionation, HIC and gel
filtration (Sun and Xu, 2008). Ferrer et al. (2000) purified the Penicillium chrysogenum
lipase isolated from wastes of industrial cultures being used in antibiotics production.
Enzyme was purified by hydrophobic interaction and anion exchange chromatography. The
molecular mass of the purified lipase was estimated to be 40 kDa on SDS-PAGE. Ruiz et al.
(2001) achieved a 37- folds purified Penicillium candidum lipase with 0.8 % yield, by using
Octyl-Sepharose CL-4B and DEAE-Sephadex columns. The molecular wt of the said lipase
was observed to be 29KDa. Tan et al. (2004) used precipitation, ethanol precipitation by
Thom PG-3 pH and Ammonium sulphate and DEAE-Cellulose chromatography to purify
lipase obtained from Penicillium camembertii and achieved a purification factor 22-foldwith
8.7 % recovery of the purified lipase.
Tang et al. (2007) purified lipase from Penicillium expansum by using DEAE
Sepharose and Sephacryl S-200, 81.8 times with 19.8 % recovery. The molecular weight was
observed to be 28 kDa. Two cold-adapted lipases (Lipase-A and Lipase-B in the paper) of
mesophilic Geotrichum sp. SYBC WU-3 were purified by using (NH4)2SO4 fractionation,
chromatography separation on a DEAE-cellulose-32 column and a Sephadex G100 column.
The molecular mass of Lipase-A and Lipase-B were determined to be approximately 41.1
and 35.8 kDa, respectively by SDS-PAGE (Cai et al., 2009). Liu et al. (2009) reported
Fusarium solani lipase with the molecular mass 31.6 kDa as determined by SDS-PAGE after
purification using acetone fractionation and Q-sepharose ion exchange technique. Mehtras et
al. (2009) purified Aspergillus niger NCIM 1207 lipase to homogeneity using ammonium
sulfate precipitation followed by phenyl sepharose and Sephacryl-100 gel chromatography.
This protocol resulted in 149 fold purification with 54 % final recovery. The purified enzyme
showed a prominent single band of 32.2 kDa molecular weight on SDS–PAGE. By using a
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five step purification strategy consisting of DEAE-cellulose, 0-70 % Ammonium sulfate
precipitation, Sephacryl® 100-HR–I, Q Sepharose® HP and Sephacryl® 100-HR–II,
Dheeman et al., 2011 achieved 129 fold pure Penicillium DS-23 enzyme with 8.82 % yield
and 43 kDa molecular weight.

2.5: Characterization of microbial lipases
Due to their great potential to be used for commercial applications and hence their
employment on the industrial level in accordance with their characteristics, microbial lipases
have been comprehensively characterized in terms of activity and stability profiles
comparative to pH, temperature, effects of metal ions, chelating agents, surfactants and
inhibitors etc. The overview of these properties is presented in the following sections.

2.5.1: pH and temperature optima
Optimum pH and temperature play a crucial role to decide the application of lipases. For
example if the lipase has alkaline nature it is suitable for detergent formulations while acidic
lipase is preferable for dairy industry. The enzymes show maximum efficiency at optimal
temperature; if an enzyme has high optimum temperature can be applied in the processes
needing high temperatures, while the enzyme with low optimal temperature are suitable for
low temperature operations for example detergent formulations (Sharma et al., 2001; Hassan
et al. 2010).
Neutral to alkaline pH with a few exceptions of acidic optimal pH and a wide
optimum temperature range has been observed to be optimum for lipases obtained from
bacterial source. Lin et al. (1996) observed an optimum pH for Pseudomonas
pseudoalcaligenes in the range of 6.0 to 10, and optimum temperature was 40 °C. The same
optimum temperature and a slightly different optimum pH i.e., 8.0 were reported for
Pseudomonas aeruginosa lipase (Gaor et al., 2008). Optimum temperature and pH for lipase
from Pseudomonas sp were 45–60 °C and 7.0–9.0 respectively (Dong et al., 1999). Similar
optimum pH (8.0) and a higher optimum temperature (65 0C) were observed for Pseudomonas
sp. LP7315 lipase (Sakiyama et al. 2001). Ramani et al. (2010) reported Pseudomonas
gessardii lipase to show maximum activity at pH 5 and 30 °C.
For Acinetobacter and Acinetobacter sp. ES-1 lipase, the optimum pH and
temperature was observed to be 9.0, 7.0, 55 and 40 °C respectively (Snellman 2002; Lee,
2006). Thermophilic Bacillus thermoleovorans and Bacillus stearothermophilus MC7 lipase
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had pH and temperature optima at 7.5 and 70-75 and 75-80 °C respectively (Lee et al., 1999;
Kambourova et al., 2003). Bacillus thermoleovorans ID-1 lipase A and B were optimally
active at 60-65 0C and pH 9.0 (Lee et al., 2001). Bacillus coagulans had an optimum activity
at pH 8.5 and 55 °C (Kumar et al., 2005). Two isoforms of lipase isolated from Streptomyces
coelicolor A3 (2) show a maximum activity at pH 7.5-9 and 8.5-10 and 20-30 and 45-55 °C
respectively (Cote and Shareck, 2008).
The pH and temperature optima of different yeast lipases range from neutral to
slightly alkaline and from 20-45 °C. The pH and temperature optima for three isoforms of
Candida rugosa lipase were 7-8 and 35-40 respectively (Benjmin and Pandey, 2001). The
optimum pH and temperature for Aureobasidium pullulans HN2.3 lipase were 8.0 and 35 °C
respectively (Liu et al., 2008). The four isoforms of Candida sp. lipase show same optimum
pH (8.0) while slight different temperature optima ranging from 20-35 °C (Fu et al., 2009).
pH 8.0 and 40 °C were the optimum pH and temperature for Yarrowa liplytica lipase (Yu et
al., 2007). Another lipase from the same strain was reported to have optimal pH and
temperature of 7.0 and 37 0C respectively (Destain et al., 1997). Yarrowa liplytica lipase 7
and 8 when expressed in Pichia pastoris showed optimal activities at 40 and 45 °C
respectively (Song et al., 2006).
Fungal lipases usually show the optimal activity at temperature of 30–45 °C and pH
6.0–9.0 with some exception of highly alkaline and acidic pH optima. Penicillium
chrysogenum lipase show optimal activity at pH 7.9-8.1 and 45 °C (Ferrer et al., 2000) while
Penicillium candidum, Penicillium caseicolum, Penicillium expansum PED-03, Penicillium
cyclopium PG37, which have pH optima 9.0, 9.0, 9.5 and 10.0 respectively and acidic for
Penicillium DS-23 and Penicillium simplicsiccum i.e. 4-5 (Dheeman et al., 2011; Gutarra et
al., 2009). Whereas the temperature optima for these strains were 35, 35, 35, 25 and 50 °C
respectively (Ruiz et al., 2001, Alhir et al., 1990; Dai and Xia, 2005; Tang et al., 2007;
Gutarra et al., 2009). Lipases from Aspergillus source usually show pH optima in the acidic
to neutral range except Aspergillus carneus with alkaline optimum pH (9.0) (Saxena et al.,
2003). Mehtras et al. (2009) observed maximum Aspergillus niger lipase activity at pH 2.5
and 50 °C. For Aspergillus niger NCIM 1207 lipase the pH and temperature optima were
observed at pH 2.5 and 45 0C (Mahadik et al., 2002). Two isoforms of lipase from
Geotrichum sp. had a maximum activity at pH 9.5, 20 and 15 °C respectively (Cai et al.,
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2009). pH 9 and 30 °C were the optimized conditions for the Fusarium solani lipase (Liu et
al., 2009).

2.5.2: pH and thermal stability
With an increase of 10 °C in temperature, the rate of a reaction approximately
doubles. Assuming the enzyme is stable at elevated temperatures. Hence, the efficiency of
the reaction can be improved greatly by carrying it out at relatively high temperature. Hence
for the employment in harsh conditions of environmental processes the enzyme should be
stable at higher temperatures and in the wide pH ranges (Sharma et al., 2001). For this
purpose, microbial lipases have been characterized extensively in terms of thermal and pH
stability.
Lipase A and B from Bacillus thermoleovorans were stable in the pH range 6-8.
Lipase A retained 75 % activity at 60 °C, half life of lipase B at 60 and 70 °C was 2hr and 30
minutes respectively (Lee et al., 2001). Half life of Bacillus stearothermophilus MC 7 lipase
was 30 minutes at 70 °C, and the maximum stability was achieved at pH 7.5-9.0
(Kambourova et al., 2003). Bacillus coagulans lipase was stable at pH range 8.0 and 10.5
with the half-life of 2h and 30 min at 55 and 60 °C respectively (Kumar et al., 2005). Lipase
from Acinetobacter was stable at pH 6.0-8.0 and 40-50 °C (Lee et al., 2006). Pseudomonas
aeruginosa lipase reatained its 100 % activity at pH 6.5 – 8.5 and 40 °C (when incubated for
four hrs) (Gaor et al., 2008). Pseudomonas gessardii lipase remained 100 and 98 % active
when incubated at 30 and 40 °C for five hour, while 75 % activity was retained when it was
exposed to 80 °C. The lipase was stable in the pH range 4.0-6.0 (Ramani et al., 2010).
Pseudomonas sp lipase showed the optimal stability in pH range 7.0 – 9.5 and was stable at
extreme temperature (Dong et al., 1999). Lipase from Acinetobacter sp. RAG-1 was quite
stable in the pH range 5.8-9.0 (Snellman et al., 2002). Streptomyces coelicolor lipase showed
the maximum stability at 40 °C and pH 7.0-9.0 (Cote and Shareck, 2008).
Yeast lipases have been reported to be stable in the pH range 5-8 and temperatures
30-50 °C with few exceptions (Liu et al., 2008). Aurobasidium pullulans lipase was stable at
20-30 °C and pH ranging from 4.0 to 8.5 (Liu et al., 2008). Yarrowa lipolytica lipase was
stable at 25 °C where it retained 100 % activity after incubation of 15 hrs and pH 5.0 – 8.0
(Yu et al., 2007). The four isoforms of lipase obtained from Candida sp were most stale at
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25-30 °C and pH 8.0. Deviation from these conditions resulted in denaturation of enzyme (Fu
et al., 2009). Yarrowa lipolytica lipases 7 and 8 expressed in Pichia pastoris were quite
stable at high temperatures, when incubated at 65 °C for three hours the enzyme retained
more than 85 % of original activity (Song et al., 2006).
Fungal lipases are mostly stable at 25-40 °C and pH range 6-10 with few exceptions.
Mhetras et al. (2009) reported a lipase from Aspergillus niger, which was extremely stable
even after 5 days of incubation at pH 8-11.The lipase was quite stable at 40 °C while lost of
activity i.e., 52 % was observed after incubation f 1 hr at 50 °C. 100 % and 40 % residual
activity was observed after incubating the Aspergillus carneus and from Aspergillus niger
lipase at 70 °C for five minutes ((Saxena et al., 2003). Aspergillus niger NCIM 1207 lipase
was observed to be quite stable over a broad pH range i.e., 2.5 to 9.0 after 24 hrs incubation
at room temperature. This lipase was highly stable at 60 °C; however 60 % activity loss took
place at 75 °C with 4 hr incubation (Mahadik et al., 2002). Penicillium chrysogenum lipase
show the best stability at 25 °C (Ferer et al., 2000). Lipases from Penicillium expansum
PED-03, Penicillium expansum DSM, Penicillium sp. and Penicillium sp. DS-39 have been
reported to be stable in pH range 7-10, 6-10, 7-8.5 and 5-6 respectively (Dai and Xia, 2005;
Tang et al., 2007; Wolski et al., 2009; Dheeman et al., 2011). Mhetras et al. (2009) reported
a lipase from Aspergillus niger NCIM 1207, which was extremely stable even after 5 days of
incubation at pH 8-11. Penicillium simplicissimum lipase was reported to have a half life of
five hour at 50 °C (Gutarra et al., 2009). Penicillum candidum lipase retained 100 % and 70
% residual activity after 10 min at 25 and 35 °C. Penicillium caseicolum retained 98 % of its
initial activity residual activity for 72 h at 25 °C (Ruiz et al., 2001, Alhir et al., 1990).
2.5.3: Effect of substrate concentration
Lipases catalyze the reactions at the lipid/water interface. Many models in addition to
Michaelis–Menten kinetics have been established to study the kinetics of lipase catalyzed
reactions (2006). Verger–De Haas' model is also a version of Michaelis–Menten–Henri
kinetics. Lipases have been reported to obey Michaelis–Menten kinetics in many cases (Guit,
1991; Malcata, 1992a), which is characterized by two parameters, Km and Vmax. Vmax
represents the maximum rate of reaction and the value of Km quantifies the affinity of an
enzyme for a specific substrate. A high value of Km illustrates the low enzyme substrate
affinity and vice versa. For industrial enzymes, the value of Km usually ranges between 10 -1
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and 10 -5 M (Fullbrook, 1996). However, as the lipases are versatile enzymes and can act on a
variety of substrates, their affinities for different substrates are different and hence the Km
values are also different.
There are many reports on the Mechalis Menton kinetic for bacterial lipases but very
few for lipases from yeast and fungal origin. For the hydrolysis of para-nitro phenyl
palmitate, Michaelis–Menten parameters Km and Vmax of purified lipases from Pseudomonas
fragi CRDA 323 and Pseudomonas cepacia were reported to be 0.7 mg/mL, 12 mM and
0.97x10-3 U/min and 30 mol/min, respectively (Pabai et al., 1995; Pencreach and Baratti,
1996). For the hydrolysis of para nitro phenyl butyrate and laurate the Km values of a lipase
from Rho. Glutinis were 2.7 and 0.7 mM respectively (Hatzinikolaou et al., 1999). Gaur et al.
(2008) reported The Km and Vmax values for Pseudomonas aureginosa lipase to be 70.4 mM
and Vmax of 2.24 mmol/(min mg) for pNPP hydrolysis. The Km and Vmax value for
Pseudomonas gessardii lipase were 0.474 mM and higher Vmax value 0.344 mM/min using
olive oil as substrate, representing the high efficiency of the enzyme (Ramani et al., 2010).
For the hydrolysis of tricaprylin the Km and Vmax values of Bacillus thermoleovorans ID-1
lipase A and B were described to be 1.82 and 6.24 mM and 12.8 and 63.3 μmol min_1 mg_1,
respectively (Lee et al., 2001). Kambourova et al. (2003) reported Km and Vmax thermophilic
Bacillus stearothermophilusMC7 to be 0.33 and 188 Mmin−1 mg−1 for the hydrolysis of pnitrophenyl palmitate (pNPP). For the same substrate, 0.02 mM and 38.9 μmol min−1 mg−1
were the values of Km and Vmax respectively for a lipase from Spirulina platensis, the
catalytic efficiency was observed to be 1.5×106M−1 s−1 (Demir and Tukel, 2010).
Aureobasidium pullulans lipase showed Km and Vmax values 0.608 and 0.039
mM/min, respectively for the hydrolysis of para nitro phenyl laurate (Liu et al., 2008).
2.5.4: Effect of metal ions on lipase activity
No cofactor is usually required for the activity of lipases. Still, the effects of metal ions either
stimulatory or inhibitory, on the lipase activities have been well established. These effects of
metals on lipase activities are related to their sources.
Pseudomonas pseudoalcaligenes F-111 lipase was inhibited by Fe3+ (1 mM), up to 60
%, Ca2+, Zn2+, Mn2+, Hg2+, Cu2+, Co2+, Cd2+, Mg2+and Pb2+ as enzyme activators. However
EDTA and O-phenanthrolin did not affect the lipase activity significantly (Lin et al., 1996).
Lipase of Pseudomonas aeruginosa KKA-5 maintained its activity in presence of Mg2+ and
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Ca2+ but was slightly and strongly inhibited by Mn2+, Cd2+ and Cu2+ and Fe2+, Zn2+, Hg2+,
Fe2+ (Sharon et al., 1998). In many cases Ca2+ has been reported to enhance the lipase
activity from Bacillus thermoleovorans ID-1 (Lee et al. 1999), Acinetobacter sp. RAG-1
(Snellman et al., 2002), Pseudomonas aeruginosa PseA (Gaur et al., 2008) and Pseudomonas
gessardii (Ramani et al., 2010) except Pseudomonas aeruginosa 10145 lipase which was
inhibited by Ca2+ ((Finkelstein et al., 1970). The enhanced activity might be related to the
formation of calcium salts of fatty acids (Gupta et al., 2004). Heavy metals such as Hg, Co
and Ni strongly inhibit the lipase activity, while Zn and Mg act as slight inhibitors (Gupta et
al., 2004). The only report illustrating the role of Hg as lipase activator was for Pseudomonas
fluorescence SIK W1 (Kim et al., 2005). Fe2+ acted as inhibitor for lipases from many
bacterial species such as Bcillus stearothermophilus MC 7, Pseudomonas gessardii (Ramani
et al., 2010) except Acineto calcoaceticus LP009 ((Dharmsthiti et al. 1998) and
Pseudomonas fluorescence SIK (Kim et al., 2005) lipase whose activity was enhanced by
Fe2+. EDTA in many cases had no effect on the lipases activity except some reports in which
it had inhibitory effect (Gupta et al., 2004).
The activity of three isoforms of lipase isolated from Candida rugosa DM 2031 was
enhanced by Ca2+ and Mg2+ ions while strongly inhibited by Hg2+ and Ag+ ions (Benjamin
and Pandey, 2001). Fe2+, Zn2+, Co2+ and Hg2+ inhibited the activity of Aurobasidium
pullulans lipase while the other ions such as Ca, Mg etc had no significant effect (Liu et al.,
2008). Ca2+, Fe2+ and Mg2+ acted as moderate inhibitor for Candida sp. 99-125 lipase while
EDTA was a strong inhibitor (Fu et al., 2009).
Rhizopus oryzae lipase was strongly inhibited by Fe2+, Fe3+, Hg2+, and Cu2+ ions
while Benzamidine and PMSF did effect the enzyme activity significantly (Hiol, 2000).
Mg2+, Mo2+, Ba2+, Fe2+, Ca2+, Co2+, and Zn2+ decreased the Penicillium abeanum lipase
activity by 10 % while Hg2+ acted as strong inhibitor (Sugihara et al., 1996). Lipase from
Penicillium candidum was significantly activated by only Ca2+ ions. The activity of
Fusarium solani was significantly stimulated by Al3+, Mg2+, Cu2+, Ca2+and Mn2+ , Na+ and
K+ had no effect, while Hg2+, Ba2+and Zn2+ had an inhibitory effect (Liu et al., 2009). Instead
of general stimulatory behavior of Ca Penicillium aurantiogriseum activity was decreased in
its presence while Mg2+, Zn2+, Co2+ and Mn2+ acted as activators (Lima et al., 2004).
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2.6: Immobilization of lipases
A main limiting factor in the way of employment of enzymes at industrial scale is the
difficult recovery, reuse of the enzyme and lack of operational stability. These limitations
have been the focus of researchers and have resulted in the evolution of techniques like
genetic engineering, chemical modifications of enzymes and enzyme immobilization. The
preparation of enzyme derivatives that are insoluble is referred to enzyme immobilization.
Enzyme immobilization is an efficient technique, which not only helps to overcome the
stated problems but also lead to the new dimensions of biocatalysis such as chemoenzymatic
and multi-enzyme cascade systems (Bruggink et al., 2003; Veum and Hanefeld, 2006).
The immobilization of lipases depends upon their applications. For laundry detergents
lipases are not used in immobilized form while synthesis of fine chemicals, pharmaceuticals
etc in non aqueous media and sometimes for detergent formulations for slow release of
enzyme need immobilized lipase. There are three main methods which have been used
traditionally for immobilizing enzymes (lipases) i.e. entrapment, binding to a carrier or
support and cross linking.
2.6.1: Binding to a carrier
The enzyme can be bound to a carrier by covalent, ionic or physical interactions.
Physical interactions (adsorption) are weak and enzyme can easily leach out under the
industrial conditions. However the ionic and covalent binding are quiet strong, hence if do
not denature the enzyme are more suitable for industrial employment. The support used for
this purpose can be inorganic solid, bio or organic polymer. Inorganic supports include silica,
alumina (Petri et al., 2005), zeolites (Diaz and Balkus, 1996; Yan et al., 2002; Yagiz et al.,
2008), nano or granulated silica and mesoporous silica ((Takahashi et al., 2001; Moelans et
al., 2005, Borole et al., 2004).
Aspergillus oryzae lipase was immobilized on celite and successfully used for
synthesis of esters of N-protected amino acids and secondary alcohols (Shin et al., 1997).
Arroyo et al., (1999) Candida antarctica lipase B was covalently attached to Sepharose,
alumina, and silica. Candida antarctica lipase B was first immobilized on granulated silica.
These granules could be used for detergent formulations as well as direct ester synthesis
(Kirk and Christensen, 2002). Biopolymers include starch, agarose, cellulose, chitosin and
glutin etc. The first immobilized enzyme preparation was formed by ionic adsorption on
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DEAE-Sephadex (Chibata, 1992).Acrylic resins such as Amberlite XAD-7 and EupergitR C
are commonly used organic polymers, Candida antarctica lipase B immobilized on
Amberlite XAD-7 vi absorption, commercially available as Novozyme 435. This enzyme
preparation along with Rhizomucor miehei and Humicola lanuginose lipases on the same
support have been successfully employed for ester synthesis (Kirk and Christensen, 2002).
Hiol et al. (2000) reported Amberlite IRC 50 to be the most suitable carrier for
immobilization of Rhizopus oryzae lipase. The immobilisates remained stable and show a
high hydrolytic and moderate esterification activity.
Hydrogels and smart polymers such as polyvinyl alcohol hydrogels and poly-Nisopropylacrylamide (polyNIPAM) are also gaining attention as carriers for immobilization
(Sheldon, 2007).

Fig 2.1: Lipase immobilization on silica nanoparticle (Sheldon, 2007)
2.6.2: Entrapment
Incorporation of the enzyme into a polymer network e.g. silica sol gel, during their
synthesis is known to be entrapment. Polydimethylsiloxane membranes, silicone elastomers,
micro emulsion based organo gels and sol gel matrices are usually employed for entrapment
of enzymes (Sheldon, 2007; Raghavendra et al., 2010). Entrapment of enzymes in silica sol
gels during synthesis of polymer was established by Avnir and co-workers (1994). This
method involved the synthesis of sol gel by tetraethoxysilane polymerization (hydrolytic).
33

The morphology of sol gels depend on the process of drying. Polymer drying by simple
evaporation results in the formation of xerogels; while drying under supercritical CO2 results
in the formation of aerogels with maintained pore structure and extremely low density (Pierre
and Pajonk, 2002). To achieve more hydrophobic surface the ambigels can be prepared by
addition of alkyl tri alkoxy silane to tetra alkoxy silane followed by drying by simple
evaporation.
Sol gels have been extensively used for the lipase immobilization. It was found that
lipases immobilized in the sol gels originating from tetraethoxysilane can non work well in
ester synthesis and might be too much hydrophilic, however when the immobilization was
done in tetra methoxysilane and alkyl tetra methoxysilane resulted in interfacial activation of
lipase and 2-8 folds higher ester synthesis was achieved (Reetz et al., 1995; Reetz, 1997).
Use of secondary sol gels or the sol gels incorporated with celite resulted in high activities
and thermal stabilities of lipases (Reetz et al., 1996). High alkyl sol gels with surfactants,
alcohols, ethers and KCl etc. were proved to contain high lipase loadings with very high
activities (Reetz et al., 2003). Entrapment of Burkholderia cepacia lipase in hydrophobic
silica sol gel resulted in increase in the values of Vmax for ester synthesis by factor 10 (Maury
et al., 2005). Entrapment of Candida antarctica and Burkholderia cepacia lipase in
MeSi(OMe)3 and Si(OMe)4 aero gels with better mechanical properties due to addition of
quartz fibers, resulted in the biocatalyst with the activities similar to Novozyme 435 (OrAire
et al., 2006). Encapsulation of Candida rugosa lipase in the presence of poly ethylene glycol
resulted in the most active immobilisates for olive oil hydrolysis (Soares et al., 2006).
Candida antarctica lipase B was immobilized in polystyrene polymer. The resulting
immobilisates could be use more than five times without any activity loss for chiral
resolution of alcohols (Kobayashi et al., 2006). Candida cylindracea lipase was immobilized
on methyl acrylate divinyl benzene copolymer and its derivatives resulting in high thermo
stability compared to the native enzyme (Xu et al., 1995).
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Fig 2.2: lipase immobilization by entrapment
2.6.3: Crosslinking (Carrier free immobilization)
The third type of immobilization i.e., cross linking is also known as carrier free
immobilization. It involves the use of bi functional compound such as glutradehyde to
crosslink the enzyme protein and result in the formation of crystal or aggregates. There are
two types of carrier free or cross linked enzyme; Cross linked enzyme crystals and cross
linked enzyme aggregates. Cross linking of enzyme crystals or aqueous enzyme was
developed in 1960s, with the retention of enzyme activity (Quiocho and Richards, 1964;
Quiocho and Richards, 1966). The enzyme can be cross linked to a polymer for
improved mechanical properties. In such cases the enzyme is first adsorbed on some support,
e.g. membranes followed by the crosslinking to form support based crosslinked enzyme (Cao
et al., 2003) or the entrapment of crosslinked enzyme in gel matrix (Braun, 1999).
2.6.3.1: Cross linked enzyme crystals (CLECs)
Cross linked enzyme crystals are achieved by the crossliking of enzyme crystals by
using some bi-functional compound. CLECs exhibit superior thermal, pH and mechanical
stability as compared to simple amorphous cross linked enzyme.CLECs also show better
stability against organic solvents (Cao et al., 2003). However the activity retention for
CLECs is dependent on the size and structure of the crystal (Lalonde, 1997). In 1964,
Quiocho and Richards used glutaraldehyde for crosslinking a crystalline enzyme for XRD
analysis. In early 1990s Vertex Pharmaceuticals scientists established the industrial use of
CLECs and then Altus Biologics commercialized them for the synthesis of aspartame.
Controlled particle size (1-100 μm), resistance to heat and organic solvents and high
activities have made CLECs popular biocatalysts for chromatography or controlled release
protein drugs and chiral biocatalysts for asymmetric syntheses (Haring and Schreier,1999).
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2.6.3.2: Cross linked enzyme aggregates (CLEAs)
Disadvantage associated with the CLECs is the high purity of enzyme for crystal preparation.
Addition of salts and organic solvents result in the precipitation of protein as aggregated
linked by hydrophobic attractions without any denaturation (Brown and Glatz, 1966).
Crosslinking of these aggregates leads to highly stable and active biocatalyst (CLEAs). Many
lipases have been immobilized using this technique (Hobbs et al., 2006; Toral et al., 2006;
Yu et al., 2006; Shah et al., 2006). The maximum activities of CLEAs have been associated
with the amount of protein precipitated out of the aqueous solution, higher the protein
precipitation greater is the activity. Crosslinking of aggregates is also easier as compared to
the aqueous solutions. Catalytic properties of CLEAs have also been observed to be related
to the nature of precipitants (Cao et al., 2003). CLEAs from several lipases (commercial)
have been prepared. Hyperactive lipases CLEAs with up to 12 folds higher activities have
been achieved (Serrano et al., 2002) by using different precipitants and additives.
Table 2.2. Hyper activation of lipase CLEAs
Lipase

Precipitant/ additive

Activity(CLEA/ Free Enzyme)

Candida Antarctica lipase A

(NH4)2SO4 /SDS

9

Candida Antarctica lipase B

DME

0.75

Pseudomonas alcaigenes

(NH4)2SO4/Tr

12

Thermomyces lanuginosus

DME

0.8

Rhizomucir miehei

(NH4)2SO4 /SDS

2.5

Aspergillus niger

(NH4)2SO4 /SDS

2.0

Candida rugosa

(NH4)2SO4/Tr

4.2

SDS= Sodium Dodecyl Sulphate, Tr =Triton X-100, DME= Dimethoxy ethane

Fig 2.3 (a): Crosslinking of enzyme
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Fig 2.3 (b): Preparation of CLEAs (Sheldon, 2007)
The particle size of aggregates is very important in determining their catalytic
behavior. Optimum activity of Candida rugosa lipase was achieved at 40-50 nm (Yu et al.,
2006). For low enzyme concentrations use of some additional protein such as Bovine serum
albumin can facilitate CLEAs preparation (Sharma et al., 2006). CLEAs show high stabilities
in terms of storage and operations agains heat, pH and organic solvents and are easy to
recover recycle. Coimmobilization of two or more enzyme can result in the formation of
CLEAs which can be utilized in multiple biotransformations or in sequence cascade process.
The CLEAs have many advantages and applications in industrial biotranformations and
continuous production processes. CLEAs will be applied in industrial transformations
requiring the immobilized enzyme due to their ease of production, handling, stabilities in
harsh conditions and easy recovery (Sheldon, 2011).
Lipases are versatile enzymes and have large number of applications on commercial
scale. Their use as biocatalyst is escalating in the production of fine chemicals and oleochemical industry. Being capable of catalyzing regio and stereo-selective biochemical
transformations hence are used for the resolution of racemic mixtures. By using protein and
genetic engineering, properties of lipases are being improved to enhance their efficacy. At
the same time, in the area of bioreactor and reaction technologies improvements are being
carried out for the successful usage of this novel biocatalyst. From the above discussion it is
clear that production of lipases at low cost along with lipase mediated processes and
technology improvement such as lipase immobilization, to utilize the benefits associated with
this unique enzyme have been the focus of researchers worldwide. Hence lipase-based
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processing has a bright future; however, the rate of progress is slow and it needs to be
accelerated.
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Chapter 3

Materials and Methods
All the experimental work during this study was conducted in the Industrial Research
Laboratory of the Department of Chemistry and Biochemistry, University of Agriculture,
Faisalabad, National Institute of Biotechnology and Genetic Engineering, Faisalabad, Nano
Biotechnology Lab, Institute of Biotechnology, University of Minnesota, USA.

3.1: Reagents
All the chemicals used were of analytical grade, and mainly purchased from the SigmaAldrich Company USA. Sylgard 184 silicone elastomer base, Sylgard 184 silicone elastomer
curing agent and BYK 333 were a gift from Down Crowning Inc USA. The cross-linking
agents used in the study except glutaraldehyde were purchased from Thermoscientific USA.
3.2: Preparation of substrates
Six different agro-industrial wastes including, canola oilseed cake, cotton oilseed cake,
sesame oilseed cake, flax oilseed cake, wheat bran and rice bran were collected from the
local market of Faisalabad Pakistan. All the substrates were dried until a constant weight was
achieved. The samples were ground in an electric mill and then sieved to obtained
homogenous particle size by using Octagon Sieve (OCT-Digital 4527-01). The substrates
were then stored in air tight jars to be used in further study.

3.3: Collection of the fungal strains
Fungal strains used during the study were obtained from the Department of Plant Pathalogy,
University of Agriculture, Faisalabad. The six strains were Penicillium notatum, Fusarium
solani, Alternaria solani, Ganoderma lucidum, Pleurotus ostreatus and Pleurotus sajukaju
respectively. The strains were maintained on potato dextrose agar (PDA) slants. They were
revived every week and stored at 4 ºC in refrigerator for further use.

3.4: Slant preparation
Spores of fungi were maintained on PDA slants. Potato dextrose agar (PDA) medium
(sporulation medium) was prepared by taking 39 g of PDA in 1000 mL of distilled water.
The solution was boiled for about 5 minutes with constant stirring. The cooled PDA solution
was equally distributed in sterilized test tubes and perti-plates. The test tubes were first
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cotton plugged and then with aluminium foil, autoclaved at 121 ºC for 15 minutes. These
slants and petri-plates were inoculated with the spores of the fungus under aseptic conditions
in laminar air flow. Then inoculated slants and petri-plates were incubated at 30 ºC till
sporulation and stored at 4 ºC for further use.

3.5: Inoculum preparation
Erlenmeyer flaks (250 mL) containing 100 mL medium consisting of (g/L): KH2PO4, 5;
NH4NO3, 2; (NH4)2SO4, 4; MgSO4.7H2O, 0.2g/L; trisodium citrate, 2.5 g/L; peptone, 2 and
yeast extract 0.1, were used as inoculum medium. Chromic acid washed small gravels (5-6)
were added to obtain the homogenous suspension of spores by breaking the mycelia of the
fungi. The medium was then autoclaved at 121 ºC for 15 minutes.
Seed culture (inoculum) was prepared by inoculating a loop full of three days old stock
culture from the slants to the autoclaved medium under sterilized conditions, followed by
incubation at 30 °C and agitation at 120 rpm. The 72 hr old culture with spore count of 1×108
spores/mL was used as inoculum.

3.6: Lipase production by solid state fermentation
Ten grams of substrates was transferred in a series of 250 mL Erlenmeyer flasks, moistened
with water (50 %), and sterilized at 15 lbs/in at 120 °C for 20 minutes. After sterilization the
flasks were cooled and inoculated with 2 mL of spore suspension. After inoculation, the
flasks were cotton plugged and incubated at 30 °C for 72 hours.
3.7: Optimization studies
Media optimization for maximum lipase production was carried out following the classical
statistical approach, by varying one factor at a time, while keeping others as constant. The
fundamental factors influencing the lipases production studied were: moisture (40 – 90 %),
pH (3 – 9), temperature (25 – 40 °C), time of incubation (24 – 96 h), supplementary carbon
sources (glucose, maltose, fructose, lactose), olive oil concentration (1-5 %) and nitrogen
sources (NH4NO3, (NH4)2SO4, yeast extract, urea and peptone). Effect of different
concentrations of selected carbon and nitrogen sources were also determined.

3.8: Harvesting of the growth media
At the end of fermentation, crude enzyme was extracted by mixing the fermented substrate
with 70 mL of 0.1 M phosphate buffer (pH 7) and then shaking the mixture in an orbital
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shaker at 150 rpm. The extract was taken and 30 mL of the buffer was mixed in the residue
again and shaken at 150 rpm. The obtained extract was filtered and the supernatants were
used for lipase assay.

3.9: Enzyme assay
Lipase activity was determined by following the method of Yagiz et al., (2007), using para
nitrophenylpalmitate (PNPP) as substrate. Crude enzyme extract (100 µL) was mixed with
0.9 mL (900 µL) of solution containing: 3 mg PNPP dissolved in 1 mL of propane-2-ol
diluted in 9 mL of the 50 mM Tris-HCl (pH=8) containing 40 mg triton X-100 and 10 mg of
Gum Arabic. The above mixture was incubated at 37 ºC for 30 min. The liberated para
nitrophenol was immediately recorded at 410 nm.
Activity units were determined by the following formula
Lipase activity =

Abs. of sample * standard factor
Time of reaction* enzyme extract in mL

“One unit of lipase activity is defined as the amount of enzyme liberating 1µmol of
para-nitrophenol/min under standard assay conditions”.

3.10: Protein estimation
Total protein was estimated by using Bradford method (Bradford, 1976). Bovine serum
albumin (BSA) was used as standard.
In a test tube containing appropriate amount of enzyme i.e. 100 µL, 0.9 mL of Bradford
reagent was added and absorbance was recorded at 595nm on spectrophotometer after 10 to
15 minutes of incubation at room temperature. Control blank was made using equal volume
of distilled water as took for the enzyme.
3.10.1: Standard curve for protein estimation
Bovine serum albumin (25 mg) was dissolved in 25 mL of distilled water. The standard stock
solution that is (0.1 mg/mL) was prepared by ten times dilution of the above BSA solution.
Different dilutions e.g. 0.02 mg/mL, 0.03, 0.04, 0.05, 0.06, 0.07, 0.08, 0.09 and 0.1 mg/mL
were prepared. Then from each solution 100 µL was added in a test tube containing 900 µL
of Bradford reagent. 100 µL of distilled water was added into a further test tube containing
0.9 mL of Bradford reagent, for the blank. The absorbance of all the samples was recorded at
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595 nm after 10-15 minutes of incubation at room temperature. Standard curve was plotted
between absorbance and concentration of protein and standard factor was found to be 0.175.

y = 4.2749x + 0.0654
R2 = 0.9868
0.6
0.5
Abs 0.4
0.3
0.2
0.1
0
0

0.02

0.04

0.06

0.08

0.1

0.12

Conc. (mg/mL)

Fig. 3.1 Standard curve for protein estimation

3.11: Purification of lipases
Purification of lipases was carried out by subjecting the crude enzyme solution to the
following techniques:
 Ammonium sulphate precipitation
 Ion-Exchange chromatography
 Hydrophobic interaction chromatography
 Anion exchange chromatography

3.11.1: Ammonium sulphate precipitation
Different amounts of solid ammonium sulphate were added separately to the 10 mL of the
crude enzyme in numbered test tubes to get 25 % to 90 % saturation at 4 ºC. Test tubes
were kept overnight at 4 ºC. The residue was collected by centrifugation at 10,000 rpm at 4
ºC for 10 minutes. The supernatant and residue both were assayed for lipase activity. After
optimization 80% lipase was added to the crude lipase solution bit by bit at 0oC, with gentle
shaking. The solution was left overnight at 0oC and then centrifuged at 25,900×g at 4oC for
15 minutes. The supernatants were discarded and the residue in the form of palette was
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dissolved in 50mM phosphate buffer (pH=7) and dialyzed overnight against distilled water
(Bhatti et al., 2006).
3.11.2: Three step purification using fast protein liquid chromatography
The lipase after ammonium sulfate precipitation was loaded on a Hiload anion exchange (QSepharose) column of Fast Protein Liquid Chromatography (FPLC) system, using a
superloop of 50 ml at a flow rate of 2 ml min-1. A linear gradient of NaCl (0-1M) in 20 mM
Tris-HCl, pH 7.5 was used as elution buffer. The active fractions containing lipase were
pooled. Solid ammonium sulfate was added to the dialyzed sample from the Hiload column
to a final concentration of 2 M. The enzyme solution was filtered through 0.22 mm filter
paper and was applied to a hydrophobic interaction (Phenyl Superose) column using a
superloop of 50 ml at a flow rate of 1.0 ml min-1. The elution was carried out with a linear
gradient of ammonium sulphate (2-0 M) in 50 mM sodium phosphate buffer pH 7. Active
fractions were collected. The dialyzed sample after HIC was loaded on a Mono Q column,
using a superloop of 50 ml at a flow rate of 1.0 ml min-1. A linear gradient of NaCl (0-1 M)
in 20 mM Tris-HCl, pH 7.5 was used as an elution buffer. The fractions containing lipase
were pooled. The pooled fractions after each purification step were dialyzed extensively
against distilled water at 4 °C and total enzyme activity and proteins were estimated in the
pools.

3.12: Determination of molar mass
The subunit molecular weight of lipase was determined by subjecting the lipase to 10%
Sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE), according to the
method described by Laemmli and Favre, (1973). The relative molecular mass of the lipase
protein was determined using molecular weight markers (Benchmark, USA). Protein bands
were visualized by Coomassie Blue R-250 staining the gel.

3.13: Characterization of lipase
Purified lipase was characterized in terms of activity and stability profiles comparative to pH,
temperature, effects of metal ions, chelating agents, surfactants and inhibitors etc. (Bhatti et
al., 2007).
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3.13.1: Effect of pH on lipase activity
The optimum pH of lipase preparation was established by incubating the purified enzyme
between pH 4.0–12.0 using the standard assay conditions (Bhatti et al., 2006). Following
buffers were used for the said purpose: Na-acetate/acetic acid (pH 4-5.5), MES/KOH (pH
5.5-6.5), MOPS/KOH (pH 6.6-7.5), HEPES/KOH (pH 7.6-8.5), Glycine/NaOH (pH 8.6-10)
and CAPSO/NaOH (pH 10.1-12.0).
3.13.2: Effect of temperature on lipase activity
The effect of temperature on Para Nitrophenyl Palmitate hydrolysis was determined by
incubating the enzyme, substrate mixture at various temperatures (25-55oC) under standard
assay conditions. Activation energy (Ea) was calculated by Arrhenious plot.
Where,
E = Ea = Activation Energy of PNPP hydrolysis
3.13.3: Kinetic study of substrate hydrolysis
The kinetic constants (km, Vmax) were determined by incubating fixed amount of lipase
with varied concentration of Para Nitro Phenyl Palmitate. Lipase activity was determined in
each PNPP concentration keeping enzyme concentration constant. Line-Weaver Burk plot
was plotted between inverse of substrate concentration in mM and inverse of velocity, taking
1/[S] along x-axis and 1/V along y-axis. From the graph the values of Vmax and km
(Michealis-Menton constant) were calculated.
3.13.4: Effect of pH on lipase stability
The enzyme stability at various pH was determined by measuring the residual lipase activity
after incubating with buffers of different pH ranging from 4-12 for twenty four hours.
3.13.5: Thermal stability
Thermal stability was determined by incubating the enzyme at different temperatures in the
absence of substrate. Aliquots were withdrawn at periodic intervals and cooled in an ice bath
prior to assay.
From a semi-logarithmic plot of residual activity vs. time, the inactivation rate constants (kd)
were calculated and apparent half-lives were estimated. The temperature dependence of kd
was analysed from the Arrhenius plot (Fig. 6); the activation energy (Ea) was obtained from
the slope of the plot as described earlier (Bhatti et al., 2006). Activation enthalpy (∆H*) was
calculated according to the following equation:
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∆H*= Ea* - RT
Where R = 8.314 J K-1 mol-1is the universal gas constant and T the absolute temperature.
The values for free energy of inactivation (∆G*) at different temperatures were obtained
from the following equation:
∆G*= -RTln (kdh/kT)
Where h is the Planck’s constant and k the Boltzmann’s constant.
Activation entropy (∆S*) was calculated using the following equation:
∆S*= (∆H*-∆G*)/T
All the experiments were conducted in triplicate and results are expressed as mean ± SD.
3.13.6: Effect of different metal ions on lipase activity
For the effect of metal on activity of lipase enzyme different metal solutions were prepared
i.e. Pb2+, Ca2+, Mg2+, Cd2+, Co2+, Fe3+, Cu2+, Mn2+ and Ni2+. In a cuvette containing buffered
substrate solution, metal solution was added and above mixture (with final concentration of
metal=2mM) was assayed as described earlier.
3.13.7: Effect of different enzyme inhibitors
The effects of enzyme inhibitors i.e. urea and proteases on the lipase activity were measured
by incubating the enzyme was with the respective compound for 1 h at 35±1 ºC. Aliquots
were withdrawn at different time intervals and immediately assayed using the standard
method as described above (Amin et al., 2007).
3.13.8: Effect of organic solvents on lipase stability
Different organic solvents like acetone, hexanol, acetic acid, benzene, ethanol, spirit,
petroleum spirit, propanol, ether, petroleum ether and hexane were used to study the effect.
Purified lipases in suitable amount of organic solvent (10%) were assayed for its activity at
410 nm using Tris-HCl buffer as blank for residual activity.

3.14: Esterification activity assay
Lipase activity was determined for the esterification of 30mM caprylic acid and 30mM noctanol in n-hexane by using the method reported by Buthe et al. (2005) with some
modifications. Briefly, equi-molar concentrations of reactants were taken in screw capped
glass vials. 20mM of n-decane was added as internal standard. The reaction vessels were
incubated under vigorous shaking (120 rpm) at room temperature. After separation from the
biocatalysts, sample aliquots 100 uL were withdrawn from the organic phase and analyzed by
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gas chromatograph with flame ionization detector GC/FID (Varian 3900). Conditions for
analysis were as under:
Injector: setpoint 260 OC, split ratio 50, oven: initial 100 OC, rate 10mL/min to 170mL,
25mL/min to 220 OC total 11min; column pneumatics: column flow 2.5ml/min; column:
shimadzu RTX-5 length 15m, 0.25mmID, 0.25umdf; detector: setpoint 300 OC, nitrogen flow
25ml/min, H2 FLOW 30Ml/min air flow 300ml/min.
Activity of all enzyme preparations was determined from initial rates of esterification under
exactly identical conditions.

3.15: Immobilization of lipase
Two methods were used for immobilization of lipase i.e. entrapment of enzyme and
crosslinking of enzyme for CLEAs preparation
3.15.1: Entrapment of Penicillium notatum lipase
Immobilization of lipase by entrapment was done by method reported by Buthe et al. (2005)
with modifications. Silicone polymers (rubbers) were prepared by mixing 2 g of Sylgard 184
Silicone Elastomer base (α,o_-divinyl terminated polydimethylsiloxan), 0.2 g of Sylgard 184
Silicone Elastomer curing agent (copolymer of methylhydrosiloxane and dimethylsiloxane)
and 100 uL of BYK (17% w/v) in Butyl acetate and 750 uL of Butyl acetate. In this mixture
500mL of enzyme solution containing 2mg Penicillium notatum lipase was added. All the
above components were mixed for 1 minute overhead stirrer followed by the addition of 40
uL of Syl- Off®4000 (bis (1, 3-divinyl-1, 1, 3, 3-tetradisiloxane) platin (0)).
The mixture was completely homogenized by stirring with an over head stirrer. The sponges
were soaked in the above mixture to coat the matrix on the n etwork of fibers in the sponges
(3M paint and varnish hand sanding stripping pad). The sponges with thin polymer films,
were then cured by placing at 40 oC for one hour and then at room temperature for overnight
on a slow rotating shaker. After curing the pieces of sponge were washed, dried and then
used for the determination of lipase activity. Effect of different enzyme concentrations on the
immobilization efficiency was determined.
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Fig. 3.2: Reaction mechanism of silicon polymerization.
3.15.2: Cross-linked enzyme aggregates
The second method used for immobilization of lipase involved the cross linking of lipase to
produce cross linked enzyme aggregates. Two crosslinking agents i.e. glutaraldehyde and
Ethylene glycol bis[succinimidylsuccinate].
3.15.2.1: Cross-linking of enzymes using EG-NHS ester
EG-NHS attacks on the amino groups of with primary amines to yield stable amide bonds as
described by the following reaction. This mechanism of reaction was used to prepare the EGNHS cross-linked enzyme aggregates which have not been yet reported.
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Fig. 3.3: General mechanism of crosslinking of protein by using EG-NHS
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Preparation of CLEAs using EGS was done by following the under lying procedure. The
EG-NHS was dissolved in DMSO (91.2 mg/mL i.e. 200mM stock solution). The cross-linker
solution was immediately added to Penicillium notatum lipase solution (0.1- 0.5 mM in 20
mM phosphate saline buffer, pH 7.2). Different concentrations of cross-linker were used to
achieve cross-linker to enzyme ratio in the range of 200-600. The reaction mixture was
incubated at room temperature for two and a half hours, with continuous shaking at 100 rpm.
The entire mixture was centrifuged at 12000rpm for three minutes to collect the aggregates.
Aggregates were suspended in the buffer, vortexed for 5 minutes and centrifuged again. Similarly the
aggregates were washed three to four times until the concentration of protein leached into the
supernatants became zero along with the removal of un reacted cross-linker. After washing
aggregates were suspended in the buffer and activity was determined using standard protocols.

3.15.2.2: Cross-linking of enzymes using glutaraldehyde
Glutaraldehyde is the most commonly used cross-linking agent used for the preparation of
CLEAs as well as CLECs. It specifically reacts with amino groups of protein and crosslink
the proteins via formation of Schiff base as shown by the following reaction.
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N
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Fig. 3.4: General mechanism of crosslinking of protein by using glutaraldehyde
Varying amounts of glutaraldehyde were added to the Penicillium notatum lipase (0.1 -0.5
mM in 20 mM phosphate saline buffer, pH 7.2). The reaction mixture was kept at room
temperature for two and half hours with continuous shaking at 100 rpm. The reaction mixture was
centrifuged in order to recover cross-linked enzyme aggregates. The aggregates were suspended in
buffer, vortexed for five minutes and centrifuged again. The aggregates were washed again, in the
same way until the protein concentration became zero in the supernatants along with the removal of
un-reacted cross-linker. After washing aggregates were suspended in the buffer and activity was
determined using standard protocols.
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3.15.3: Immobilization efficiency
The efficiency of immobilization was evaluated in terms of immobilized lipase, specific activity,
relative activity (%).
Enzyme loading or amount of enzyme immobilized as compared to the enzyme introduced
illustrates the efficiency of immobilization technique in terms of its ability to hold the enzyme. This
parameter was determined by the subtracting the amount of protein leached (by Bradford method)
from the initial amount of protein used.

Enzyme (protein) immobilized = Enzyme introduced for immobilization – Enzyme
leached
Immobilization efficiency = Protein immobilized* 100
Protein loaded
Relative activity is another parameter determining the efficiency of immobilization
technique in terms of loss or gain in the enzyme activity. It was determined by comparing the
specific activities of free and immobilized enzyme.
Relative activity = Specific Activity of immobilized enzyme
Specific Activity of free enzyme
3.15.4: Characterization of immobilized enzyme:
The immobilized lipase preparations were typically used for the esterfication of actanol and
caprylic acid. Effect of temperature on the activities and stabilities of immobilized enzyme
preparations were determined in comparison to the free enzyme. Kinetic and thermodynamic
parameters for thermal denaturation were determined as described above.
3.15.5: Reusability of immobilized lipase preparations

The immobilized lipase preparations were reused many times for repeated cycles. At the end
of each cycle the immobilized enzyme was removed from the reaction medium and then washed
with n-hexane to remove any residual product or substrate in the immobilisates, followed by
drying at room temperature. Fresh aliquots of substrates were added to the immobilized again for
a new reaction cycle.

3.15.6: Morphological analysis of immobilisates
Morphological analysis of immobilized lipase preparations was done by scanning electron
microscopy and fluorescence microscopy.
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3.16: Statistical analysis
All experiments were performed in triplicate and the results were discussed by reporting
means along with standard deviations. Data were subjected to statistical analysis using
regression techniques and analysis of variance main points were highlighted through
appropriate graphs as described by Steel et al. (1997). All the data analysis was done by
using Microsoft Excel.
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Chapter 4

Results and Discussion
The main objective of this study was to investigate the potential of indigenous fungal strains
and suitability of the locally available agro residues for potential lipase production.
Optimization of the growth conditions for the enhanced lipase yield was done by classical
approach varying one factor at a time and by applying proper statistical analysis. Purification
of crude lipase up to homogeneity and its characterization to determine the catalytic and
stability attributes under different conditions was the next step. Immobilization of lipase was
done with the aim to achieve high thermal and operational stabilities.

4.1: Screening of fungi for lipase production
The solid state fermentation of agriculture and food residues has been well used for the
production of enzymes (Mahanta et al., 2008). In the light of several advantages related to
the solid state fermentation, lipase production was done using locally available agro residues.
Six fungal strains Penicillium notatum, Fusarium solani, Alternaria solani,
Ganoderma lucidum, Pleurotus ostreatus and Pleurotus sajukaju, which were obtained from,
Department of Plant Pathology, University of Agriculture, Faisalabad; were grown on canola
oilseed cake to check their potential for lipase production. All the fungi showed considerable
production of lipase, with Penicillum notatum being the best producer with 2693 U/gds.
Ganoderma lucidum and Pleurotus ostreatus were the next to Penicillium notatum in high
productivity of lipase with 2086 and 2013 U/gds respectively. Alternaria solani was the
worst lipase producer among the fungal species used with 969U/gds. While Fusarium solani
and Pleurotus sajukaju had activities 1736 U/gds and 1334 U/gds respectively (Fig. 4.1). Due
to their high lipase productivity, Penicillum notatum and Pleurotus ostreatus were selected
for further study. Among all the above fungal species except Fusarium solani have not been
reported for the production of lipase up to our knowledge.
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Fig. 4.1: Screening of different fungal strains for lipase production by solid state
fermentation on canola oilseed cake. Initial moisture contents were 50 %, pH 5.0,
temperature 30 oC and incubation period 72 hrs. Experiments were done in triplicates and the
error bars represent the standard deviation.

4.2: Selection of substrate
Six agro industrial wastes from local industry named canola oilseed cake, cotton oilseed
cake; sesame oilseed cake, flax/linseed cake, wheat bran and rice bran were used, to check
their ability as substrate for growth of Penicillum notatum and Pleurotus ostreatus and
production for lipase, since all of the above mentioned substrates are obtained as byproducts
of local oil and food processing industries. The result show that variation in substrate has a
significant effect on the lipase yield by both the strains (P<0.05, Table 4.1 and 4.2) and this
effect was more pronounced for Penicillum notatum. Among the different residues tested for
lipase production, both canola oilseed cake and linseed cake were the best suitable substrates
with an insignificant difference for lipase production by both strains (Fig. 4.2). However
canola oil seed cake, being cheaper and easily available compared to linseed cake was
selected for lipase production in SSF. Best growth of Penicillium notatum and Pleurotus
ostreatus along with decent lipase production was observed on canola oilseed cake as
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substrate. All the necessary nutrients for the growth of fungus were provided by the substrate.
At moisture level 50 %, pH 7 and 72 h of incubation canola oilseed cake produced 2693U/g.
There is no previous report for lipase production by using canola oilseed cake as
substrate of solid state fermentation. However other commonly exploited agro-industrial
wastes such as babassu cake, wheat bran, gingelly oil cake, jatropha seed cake, castor bean
residues have been reported to produce lipase in SSF 26.4 U/gds (Gutarra et al., 2005),
630U/gds (Mahadik et al., 2002), 363.6 and 384 U /gds ((Kamini et al., 1998; Mala et al.,
2007), 976U/gds (Mahanta et al., 2008), 44.8U/gds (Godoy et al., 2009), from Penicillium
simplicissimum, Aspergillus niger NCIM 1207, Aspergillus niger MTCC 2594, Psudomonas
aeruginosa and Penicillium simplicissimum respectively which is much lower than our
observations.

Fig. 4.2: Effect of different substrates on lipase production by different fungal strains
in SSF. Initial moisture content was 50 %, pH 5.0, temperature 30 oC and incubation period
72 hrs. Experiments were done in triplicates and the error bars represent the standard
deviation.
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4.3: Optimization of lipase production by Penicillum notatum and Pleurotus
ostreatus in SSF
As due to their high lipase yield, Penicillum notatum and Pleurotus ostreatus were selected,
different physicochemical parameters were optimized for the enhanced production of lipase
by these fungi, employing the solid state fermentation. In this section effect of these
parameters on the lipase yield by two fungi will be discussed.
4.3.1: Effect of incubation period
Time course for lipase production was varied from 24 to 120 hours (one to five days).
Incubation period was the most significant factor affecting the lipase production by both
fungal strains (P<<< 0.05, Table 4.1 and 4.2). Apparently maximum lipase activity for
Penicillum notatum was achieved after 96 hours of incubation, while for Pleurotus ostreatus
the highest enzyme production was obtained after 72 hours (Fig. 4.3). However to determine
the accurate optimal points the data was subjected to regression analysis. The optimum times
of incubation for both strains were 81 and 79 hours respectively. Beyond these incubation
periods, prolonged incubation did not help any further increase in the lipase yield, which
might be related to the depletion of the nutrients or denaturation of the enzyme caused by the
interaction with other components in the medium or change in pH of the medium (Mahanta
et al., 2008). The results obtained are consistent with Kamini et al. (1998) and Guttara et al.
(2009), who obtained maximum lipase yield from Aspergillus niger and Penicillium
simplicissimum after an incubation period of seventy two hours. Mahadik et al. (2002)
observed maximum lipase yield from Aspergillus niger after a five days period of incubation.
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Fig. 4.3: Effect of incubation time on lipase production by Penicillium notatum and
Pleurotus ostreatus. Initial moisture content was 50 %, pH 5.0 and temperature 30oC.
Experiments were done in triplicates and the error bars represent the standard deviation.
4.3.2: Effect of moisture content
Appropriate moisture content is crucial for microbial growth in solid state fermentation. To
determine the effect of moisture during the solid state fermentation, canola oilseed cake was
moistened with different amounts of distilled water (40 %, 50 %, 60 %, 70 %, 80 % and 90
%) prior to fermentation. From the result it was clear that initial moisture contents play
significant role in the lipase production (Table 4.1 and 4.2). Results summarized in Fig. 4.4
show that 60 % and 50 % moisture levels were optimal for maximum lipase production by
Penicillum notatum and Pleurotus ostreatus. However, statistically the optimized initial
moisture levels were 60.8 and 60.35 for both fungal strains respectively. The enzyme
production was significantly affected by an increase and decrease in moisture contents.
It has been suggested that moisture level has great impact on the physical
properties of substrate. An increase in moisture content alter substrate particle structure,
decreases the substrate porosity, reduce gas exchange and volume, promote development of
stickiness, while lower moisture contents results in high water tension and improper swelling
due to decreased nutrients solubility present in solid substrate (Sun and Xu, 2008; Mahanta et
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al., 2008). So the low enzyme production by both strains at very high or low moisture levels
during this study might be related to the low diffusion of nutrients and metabolites in lower
moisture contents whereas compaction of substrate at higher moisture contents. The results
obtained during this study are in agreement with the previous reports. Earlier reports
indicated the requirement of 71 % and 60 % initial moisture content for maximal lipase
production by Aspergillus niger with wheat bran and gingelly oilseed cake respectively
(Mahadik et al., 2002; Kamini et al., 1998). Gutarra et al., (2005) reported the requirement of
70 % initial moisture content for maximum lipase production by Penicillium simplicissimum
on babassu cake while 70 % moisture was required by Rhizopus chinensis, for maximum
lipase production (Sun and Xu, 2008). A moisture content of 50 % was optimal for lipase
production by Candida rugosa (Rao et al., 1993).

Fig. 4.4: Effect of initial moisture content on the lipase production by Penicillium
notatum and Pleurotus ostreatus. Initial pH was 5.0, temperature 30 oC and incubation
period for Penicillium notatum and Pleurotus ostreatus was 85 and 75 hours respectively.
Experiments were done in triplicates and the error bars represent the standard deviation.
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4.3.3: Effect of pH
pH of the growth medium is an imperative factor, which greatly affects the microbial growth
and enzyme production during solid state fermentation. Each microorganism possesses a
unique optimum pH and pH range for its growth and activity. Filamentous fungi are
supposed to thrive over a broad range of pH under solid state culture, because the solid
substrate holds a better buffering capacity (Sun and Xu, 2008). pH of the canola seed cake
was adjusted to different levels to determine the influence of pH on lipase production by
Penicillum notatum and Pleurotus ostreatus. It was illustrated that Penicillum notatum had
the capability of producing lipase in the range of pH 4 - 7, with maximum enzyme yield at
pH 5.43 (regression analysis). While Pleurotus ostreatus was observed to be active in
producing lipase with maximal activity at pH 4.67 (regression analysis). pH values above and
below the optimum pH resulted in a significant inhibition of lipase production by both fungal
strains (P<0.05). Similar results were reported by Lin et al. (2006), who observed pH 5.5 to
be optimal for lipase production by Antrodia cinnamomea, But these optimum pH values are
lower than other lipase-producing organisms: Rhizopus glutinis (pH 8.0) (Dimitris et al.,
1992), Candida rugosa (pH 7.0), marine bacterial lipase (pH 10.0) (Morais et al., 1998) and
Pseudomonas aeruginosa (pH 7.0) (Mahanta et al., 2008).

Fig. 4.5: Effect of initial pH on the lipase production by Penicillium notatum and
Pleurotus ostreatus. Initial moisture content was 60%, temperature 30oC and incubation
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period for Penicillium notatum and Pleurotus ostreatus was 85 and 75 hours respectively.
Experiments were done in triplicates and the error bars represent the standard deviation.
4.3.4: Effect of incubation temperature on the lipase production
In this study we determined the influence of different incubation temperatures on the lipase
production. Different temperatures ranging from 25 to 45 ºC were used for the experiment.
Temperature change was one of the most significant factors significantly affecting the
enzyme yield (P<<<0.05, Table 4.1 and 4.2). The statistical analysis of the resulted data
demonstrated that Penicillum notatum gave maximal lipase yield at 34.25 ºC, while Pleurotus
ostreatus had optimum enzyme yield at 33.5 ºC. Temperature levels below the optimum
caused a slight decrease in the lipase activity, whereas temperatures above the optimum
levels resulted in steep drops in enzyme production (Fig. 4.6).
This negative effect of high temperature on the lipase production, using canola
oilseed cake might be due to the enhanced production of proteases at higher temperatures as
Gutarra et al. (2003) found high levels of proteases when fermentation was carried out at
higher temperatures for the production of lipase by Penicillium simplicissimum cultivated in
babassu cake medium. Other than proteolysis, enzyme deactivation could be a factor
contributing to lipase activity decrease at higher temperatures. The results are similar to that
reported for Fusarium oxysporum (Rifaat et al., 2010) and Rhizopus glutinis (Dimitris et al.,
1992) and Penicillium requefortii (Eitenmiller et al., 1968) (28, 30 and 28 °C respectively).
However the results are significantly different from Penicillium citrinium (Maliszewska and
Mastalerz, 1992), Colletotrichum gloeosporioides (Balaji and Ebenezer, 2008) and Rhizopus
arrhizus (Yang et al., 2000). The optimal temperatures for maximum lipase production for
these fungi were 22, 25 and 26.5 °C respectively.
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Fig. 4.6: Effect of incubation temperature on the lipase production by Penicillium
notatum and Pleurotus ostreatus. Initial moisture content was 60%. Initial pH and
incubation period for Penicillium notatum and Pleurotus ostreatus was 5.5 and 4.5, and 85
and 75 hours respectively. Experiments were done in triplicates and the error bars represent
the standard deviation.
4.3.5: Effect of additional carbon sources on lipase production
Considering the presence of only 7–8 % of carbohydrate in seed cake, it was believed
suitable to supplement the substrate with ready sugar for better growth and enzyme
production. Different carbon sources i.e. glucose, lactose, maltose and fructose were added to
canola oil cake at concentration of 2 % to investigate their effect on lipase production. The
affect of supplemented carbon had a stimulatory affect however this effect was not very
highly significant (P=0.05, Table 4.1 and 4.2). Maltose and glucose were the major
supplements which resulted in the highest lipase production by Penicillium notatum and
Pleurotus ostreatus respectively. Mahanta et al. (2008) and Rao et al. (1993) reported the
presence of maltose in the growth media for enhanced lipase production Pseudomonas
aeruginosa and Candida rugosa respectively. Wheat bran supplemented with glucose as
carbon source was observed to be a good cultivation medium for lipase production by
Aspergillus niger (Falony et al., 2006).
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Fig. 4.7: Effect of additional carbon source on the lipase production by Penicillium
notatum and Pleurotus ostreatus. Initial moisture content was 60 %, incubation temperature
was 35oC while initial pH and incubation period for Penicillium notatum and Pleurotus
ostreatus was 5.5 and 4.5, and 85 and 75 hours respectively. Experiments were done in
triplicates and the error bars represent the standard deviation.
4.3.6: Effect of olive oil concentration on lipase production
Olive oil is a well known inducer for the lipase production by many bacterial and fungal
strains. Effect of olive oil was investigated by supplementing the growth medium with 1-5 %
olive oil concentrations. Olive oil was observed to affect the lipase production quite
significantly specially in the case of Penicillium notatum (P<<0.05, Table 4.1 and 4.2). The
optimal concentration of olive oil for the best production yield of lipase for Penicillium
notatum was obtained at 2.3 % olive oil for Penicillium notatum and 2.8% for Pleurotus
ostreatus. The results are consistent with Glu and Erkmen, (2002), Benjamin and Pandey,
(1997), Rajendran et al. (2008) who also observed olive oil to be the most influential factor
for lipase production. Teng and Xu (2008) observed 2.367 % olive oil to be optimum for
lipase production by Rhizopus chinensis. Olive oil supplemented Babassu cake with a C/N
ratio 13.3 gave the best growth and lipase production by Penicillium restrictum (Gombert et
al., 1999; Azeredo et al., 2007).
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Fig. 4.8: Effect of olive oil on the lipase production by Penicillium notatum and
Pleurotus ostreatus. Initial moisture content was 60, incubation temperature was 30 oC
Initial moisture content was 60 %, incubation temperature was 35oC while initial pH and
incubation period for Penicillium notatum and Pleurotus ostreatus was 5.5 and 4.5, and 85
and 75 hours respectively. Experiments were done in triplicates and the error bars represent
the standard deviation.
4.3.7: Effect of additional nitrogen source
The growth medium consisting of canola oilseed cake was supplemented with different
organic and inorganic nitrogen sources to determine the effect of nitrogen on lipase
production. Ammonium sulphate, ammonium nitrate, urea, peptone and yeast extracts were
used for this purpose. Supplementary nitrogen did not affect the lipase production by both the
strains significantly (P>0.05, Table 4.1 and 4.2). However maximum lipase activity was
achieved in the presence of peptone for Penicillum notatum and urea for Pleurotus ostreatus.
The results obtained are similar to those reported by Montesinos et al. (1995), Kamini et al.
(1998) and Gutarra et al., (2005), who observed no effect of nitrogen source on lipase
production, but are in contradiction to those reported by Glu and Erkmen (2002), who
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observed significant enhancement of lipase production by Candida rugosa in the presence of
supplemented nitrogen source i.e. yeast extract and peptone. Mahanta et al. (2008) also
observed enhanced lipase production by Pseudomonas aeruginosa in the presence of
peptone.

Fig. 4.9: Effect of supplemented nitrogen on the lipase production by Penicillium
notatum and Pleurotus ostreatus. Initial moisture content was 60 %, incubation temperature
was 35oC while initial pH and incubation period for Penicillium notatum and Pleurotus
ostreatus was 5.5 and 4.5, and 85 and 75 hours respectively.Experiments were done in
triplicates and the error bars represent the standard deviation
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Table 4.1: Analysis of variance for the factors affecting the lipase production by Penicillium
notatum
Sources of Variation

SS

df

MS

F

P-value

F crit

Substrates

1339283

5

267856.6

6.572

0.0201

4.387

Time of incubation

6380502

4

1595126

40.900

0.0005

5.192

Moisture

3326439

5

665287.7

19.564

0.0012

4.39

pH

5669429

5

1133886

33.0212

0.0003

4.39

Temperature

4943753

4

1235938

14.555

0.0058

5.19

Carbon sources

2384579

4

596144.7

4.737

0.0593

5.19

olive oil

4352224

5

870444.8

9.756

0.0075

4.39

Nitrogen source

336626.7

5

67325.34

0.605

0.7013

4.39

Table 4.2: Analysis of variance for the factors affecting the lipase production by Pleurotus
ostreatus
Sources of Variation

SS

df

MS

F

P-value

F crit

Substrate

689290.1

5

137858

4.326

0.0515

4.39

Time of incubation

2077905

4

519476.3

15.253

0.0052

5.19

Moisture contents

901770.1

5

180354

5.185

0.0347

4.39

pH

846276.7

5

169255.3

8.271

0.0115

4.39

Temperature

2055201

4

513800.2

27.123

0.0014

5.19

Carbon sources

363430.2

4

90857.56

5.013

0.0534

5.19

Olive oil

738776.3

5

147755.3

5.065

0.0365

4.39

Nitrogen sources

3.05E+08

5 61084437

1.019

0.4811

4.39

During the first step of the study, Penicillium notatum followed by Pleurotus
ostreatus was proved to be the best lipase producing specie and canola oil seed cake as best
substrate. The amount of lipase in initial experiments without optimization is promising. So,
optimization of the growth conditions was done for the enhanced production of lipase by
Penicillium notatum and Pleurotus ostreatus in solid state fermentation using canola oilseed
cake was investigated. Optimization of different physicochemical factors led to 2 folds and
1.6 folds enhancement in lipase production respectively. Under these conditions the enzyme
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activity was observed to be 5335 U/gds and 3118 U/gds respectively. It was illustrated that
Canola oilseed cake provided necessary nutrients for the fungus to grow and produce enzyme
and it could be a good source for lipase production by SSF. Lipases from the Penicillium
notatum and Pleurotus ostreatus have not been reported yet, the study show that these
species have potential for the production of lipase and can be employed on commercial scale.
As it is clear from the results described in this section, Penicillium notatum has higher lipase
yield as compared to Pleurotus ostreatus, therefore Penicillium notatum lipase was
preferably selected for further study.

4.4: Purification of Penicillium notatum lipase
The dialyzed crude Penicillium notatum lipase was purified by a four step procedure up to
homogeneity level by using the following techniques.
 The Ion-Exchange chromatography
 Hydrophobic Interaction Chromatography
 Ion-Exchange chromatography
4.4.1: Precipitation of lipase
Upon addition of solid ammonium sulphate to the crude enzyme extract at 0 ºC, maximum
lipase activity in the residues was achieved at 80 % saturation, while the activity in the
supernatants became zero. Therefore at this saturation condition pallets of residue obtained
after centrifugation were collected and dissolved in small quantity of phosphate buffer
(50Mm, pH 7). The obtained solution was dialyzed extensively against distilled water to
remove the salts. The enzyme was partially purified using ammonium sulphate precipitation.
The specific activity was increased to 2731.7 U/mg protein and 2.95 fold purification was
obtained. Lipase recovery after ammonium sulphate precipitation was 75.9 %.
4.4.2: Ion-Exchange chromatography
The partially purified lipase obtained after ammonium sulphate precipitation was further
purified by the Hiload anion exchange (Q-Sepharose) column of Fast Protein Liquid
Chromatography (FPLC) system. Lipase was eluted at 0.3-0.8 M NaCI concentration with
maximum at 0.6 M NaCI. Specific activity increased to 5344.6 U/mg with a purification
factor 5.764. The recovery of lipase was 44.15 %. The enzyme containing active fraction
were pooled and lyophilized and used for further purification.
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Fig. 4.10: Fast protein liquid chromatography: Hiload anion exchange chromatography on
a Q-Sepharose column using a 0-1 M NaCl gradient
4.4.3 Hydrophobic interaction chromatography
The partially purified Penicillium notatum lipase obtained from the anion exchange
chromatography was then subjected to Hydrophobic Interaction Chromatography. Solid
ammonium sulfate was added to the dialyzed sample from the Hiload column to a final
concentration of 2 M. The enzyme solution was filtered through 0.22 mm filter paper and
was applied to a hydrophobic interaction (Phenyl Superose) column. The elution was carried
out with a linear gradient of ammonium sulphate (2-0 M) in 50 mM sodium phosphate buffer
pH 7 with the elution rate of 1.0 mL/min. A single broad peak of lipase was observed at 800
mM ammonium sulphate as shown in following Fig.ure. The purification factor and enzyme
recovery was increased to 18.25 and 17.52 % respectively. The active fractions were pooled,
dialyzed and lyophilized, to be used for further purification.
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Fig. 4.11: Hydrophobic interaction chromatography on a Phenyl Superose column using
a 2-0 M (NH4)2SO4 gradient
4.4.4: Ion-Exchange chromatography
The purified enzyme from HIC was further purified Mono Q anion exchange Fast protein
liquid chromatography using a linear gradient of 0-1 M NaCl. Lipase was eluted at 540 mM
NaCl. At this stage crude enzyme was purified 28.88 folds with 13.9 % recovery and the
specific activity of purified lipase was 26779U/mg.
The purification strategy over all led to high purification with considerable recovery
of Penicillim notatum lipase (Table 4.3). Ruiz et al. (2001) achieved a 37- folds purified
Penicillium candidum lipase with 0.8 % yield, by using Octyl-Sepharose CL-4B and DEAESephadex columns. Ferrer et al. (2000) purified the Penicillium chrysogenum lipase 30.3
folds with recovery of 44 %, by hydrophobic interaction and anion exchange
chromatography using phenyl-Sepharose CL-4B, Mono-Q HR 5/5, PD-10 (Saphadex G25M). Tan et al. (2004) achieved a purification factor 22-foldwith 8.7 % recovery of the
purified Penicillium camembertii by using ethanol precipitation by Thom PG-3 and
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Ammonium sulphate and DEAE-Cellulose chromatography. Tang et al. (2007) purified
lipase from Penicillium expansum by using DEAE Sepharose and Sephacryl S-200, 81.8
times with 19.8 % recovery. By using a five step purification strategy consisting of DEAEcellulose, 0-70 % Ammonium sulfate precipitation, Sephacryl® 100-HR–I, Q Sepharose®
HP and Sephacryl® 100-HR–II, achieved 129 fold pure Penicillium DS-23 enzyme with 8.82
% yield (Dheeman et al., 2011).
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Fig. 4.12: Mono-Q anion exchange chromatography using a 0-1 M NaCl gradient.
Table 4.3: Summary of the purification of lipase from Penicillum notatum
Treatment

Total

Total

Specific

Units

Proteins (mg) Activity

Purification

%

factor

Recovery

(U/mg)
Extract

92730

100

927.3

1

100

Ammonium Sulphate

70450

25.79

2731.7

2.95

75.9

Hiload

40940

7.66

5344.6

5.764

44.15

HIC

16243

0.96

16919

18.25

17.52

Mono Q

12854

0.48

26779

28.88

13.9

precipitation
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4.4.5: Molecular weight of lipase
The purity of lipase was further checked by10 % SDS-PAGE. The purity of lipase was near
to homogeneity level. Because when purified lipase was stained by coomassie brilliant blue,
a single band was obtained (Fig. 4.13). The molecular weight determination was carried out
by the comparing the value of the band with the standard obtained by SDS-PAGE.
The molecular weight of lipase was found to be 46 kDa (Fig. 4.13). Most of the
known lipases from the genus Penicillium have been reported to have molecular mass in the
range of 25-40 kDa (Li and Zong, 2010) with a few reports on higher molecular masses of 43
and 93 kDa (Dheeman et al., 2011; Druet et al., 1992). The Penicillium notatum lipase can
be regarded amongst the higher molecular mass lipases. The obtained molecular wt of lipase
was almost similar to previously reported lipases from Penicillium chrysogenum and
Penicillium DS-23 (40 and 40-43 respectively) (Ferrer et al., 2000; Dheeman et al., 2011).
However the molecular mass was quite different from the other Penicillium lipases such as
Penicillium candidum and Penicillium expansum (29 and 28kDa) (Ruiz et al., 2001; Tang et
al., 2007).

Fig. 4.13: 10 % SDS-PAGE of purified Penicillium notatum lipase. Lane-1and 4: Bench
mark protein ladder Lane-2: purified lipase. Lane-3: Partially purified enzyme
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In the second step of this study i.e. purification of enzyme, we used four step
purification strategy. This strategy was quite successful and we were able to purify the
enzyme up to homogeneity level. Single purified band (46 kDa) of Penicillium notatum
lipase was observed on SDS-PAGE. The purified enzyme was used for further study.

4.5: Characterization of lipase
4.5.1 Optimum pH
Lipases which have been isolated from Penicillium genus have been observed to have
different pH optima for different species ranging from 4.0 to 10.0, mostly having optima
close to neutral pH. The lipase from Penicillium notatum was active within the pH range of
7.0 – 11, however maximum activity was observed at pH 9.5. This optimum pH showed that
lipase is alkaline in nature. Similar results have been reported for lipases produced by
Penicillium candidum, Penicillium caseicolum, Penicillium expansum PED-03, Penicillium
cyclopium PG37, which have pH optima 9.0, 9.0, 9.5 and 10.0 respectively (Ruiz et al.,
2001, Alhir et al.,1990; Dai and Xia, 2005; Tang and Xia, 2007; Wu et al., 1999). However
the results contrast with other lipolytic enzymes Penicillium strains e.g. from Penicllium
simplicissimum, Penicllium verrucosum, Penicllium chrysogenum, Penicllium wortmanii and
Penicllium DS-39 which have pH optima in neutral or acidic range. (Gutarra et al., 2009;
Kempka et al., 2008; Bancerz et al., 2005; Costa and Peralta 1999; Dheeman et al., 2011).
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Fig. 4.14: Effect of pH on Penicillium notatum lipase activity. Incubation temperature for
the experiment was 30 oC. Data presented are average values ± SD of n = 3 experiments.
4.5.2: Effect of temperature and activation energy
The optimum temperature for the hydrolysis of para nitrophenyl palmitate by Penicillium
notatum lipase was 40°C at optimum pH. A significant loss of catalytic activity took place at
temperatures higher than 50°C; this is probably due to low stability of the lipase at higher
temperatures during the assay. Lipases from different Penicillium species have different
temperature optima ranging from 25-60 ºC (Li and Zong, 2010). Penicillium notatum lipase
has a significantly higher temperature optimum than Penicillium abeanum, Penicillium
chrysogenum 9, Penicillium cyclopium PG37 lipases which have been reported to have
temperature optima 25-30, 30 and 25 ºC respectively (Sugihara et al., 1996; Bancerz et al.,
2005; Wu et al., 1999).This temperature optimum is close to that of Penicillium verrucosum,
Penicillium sp., Penicillium cyclopium lipase II having temperature optima 42, 37-42 and 40
º

C respectively (Menoncin et al., 2010; Wolski et al., 2009; Chahinian et al., 2000), while

significantly lower than Penicllium simplicissimum and Penicllium aurantiogriseum (Gutarra
et al., 2009; Lima et al., 2004).
The activation energy for pNPP hydrolysis by Penicillium notatum was determined
by Arrhenius plot, which was 12.80 kJmol-1. The activation energy for pNPP hydrolysis by
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Penicillium notatum is lower than the activation energy for the hydrolysis of same substrate
by lipase Burkholderia multivorans V2 (BMV2), which was found to be 7.778 calories (32.5
kJ/mol) (Dandavate et al., 2009). This indicates that lower energy is required for the
formation of enzyme substrate complex.

Fig. 4.15: Effect of temperature on Penicillium notatum lipase activity. pH for the
experiment was adjusted to the optimal level i.e.9.5. Data presented are average values ± SD
of n = 3 experiments.
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Fig. 4.16: Arrhenius plot for the activation energy of substrate hydrolysis
4.5.3: Determination of kinetics for substrate (PNPP) hydrolysis (Vmax, km)
Michaelis–Menten kinetics is characterized by two parameters, Km and Vmax. Km is a
measure of the affinity of an enzyme for a particular substrate and Vmax is the maximum
rate of reaction and. A low Km value represents a high affinity. Michaelis-Menten kinetic
constants for lipases might be different according to reaction being catalysed.
The Michaelis Menten constants (Km) and Vmax of lipase from Penicillium notatum
for para nitrophenyl palmitate hydrolysis at optimum temperature were determined by
Lineweaver Burk plot (Fig. 4.17). The value of km was 3.33 mM and Vmax was 232.6
mol/mL min-1. This Km value for PNPP hydrolysis is less than Pseudomonas cepacia and
Pseudomonas fragi CRDA 323 lipase (12 mM, 7mg/mL respectively) (Pencreach and
Baratti, 1996; Pabai et al., 1995), while greater than Burkholderia multivorans V2 (1.56 mM)
and Bacillus stearothermophilusMC7 (0.33mM) (Dandavate et al., 2009; Kambourova et al.,
2003).This indicated that the lipase produced by Penicillium notatum has higher affinity for
pNPP than that of Pseudomonas cepacia and P. fragi CRDA 323, while has lower affinity
than that of Burkholderia multivorans V2 (1.56 mM) and Bacillus stearothermophilusMC7.
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Fig. 4.17: Lineweaver-Burk plot for the determination of kinetic constants (Vmax, Km)
for pNPP hydrolysis at 40°C, pH 9.5 by Penicillium notatum lipase. Data presented are
average values ± SD of n = 3 experiments.
4.5.4: pH stability
The pH stability of purified Penicillium notatum lipase was tested by 24 hours pre-incubation
of the purified enzyme in appropriate buffers at different pH values ranging from 4.0 to 10.0
at 4 °C. The purified lipase was stable in the pH range of 5.5-12, with maximum stability in
the range of 8.5-11.0. Lipases which are active and stable in alkaline media have great
potential for application in the detergent industry, and therefore very attractive.
Lipases from Penicillium expansum PED-03 and Penicillium expansum DSM 1994
have been reported to be stable in pH range 7-10 and 6-10 respectively (Dai and Xia, 2005;
Tang and Xia, 2007; Stocklein et al., 1993). Aspergillus niger NCIM 1207 lipase was
observed to be quite stable after 24 hrs incubation at room temperature over a broad pH range
i.e. 2.5 to 9.0 (Mahadik et al., 2002). Mhetras et al. (2009) reported a lipase from Aspergillus
niger NCIM 1207, which was extremely stable even after 5 days of incubation at pH 8-11.
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Fig. 4.18: Effect of pH on the stability of Penicillium notatum lipase. For the activity
assay the pH and temperature was 9.5 and 40°C. Data presented are average values ± SD
of n = 3 experiments.
4.5.5. Thermal stability and thermodynamics of irreversible thermal denaturation
Thermostability is the ability of enzyme molecule to resist against thermal unfolding in the
absence of substrate, while thermophilicity is the capability of enzymes to work at elevated
temperatures in the presence of substrate. An increase of 10 °C in temperature leads to
enhanced (almost double) reaction rates. Therefore, enzyme stability at higher temperatures
may lead to high productivity making thermal stability a preferred characteristic of lipases
for industrial applications. In some cases, thermal denaturation appears to arise through
intermediate states of unfolding of the polypeptide.
The rate of irreversible thermal denaturation was determined at 40, 50, 60 and 70 ºC.
Lipase from Penicillium notatum was incubated at different temperatures (40 - 70 °C) for
different time intervals and pseudo first order plots were applied to determine the extent of
thermal inactivation (Fig. 4.19). In order to determine the thermodynamic parameters for
irreversible thermal stability, the energy of activation for thermal denaturation was
determined by applying Arrheniuos plot (Fig. 4.20). The kinetic and thermodynamic
parameters for thermostability of Penicillium notatum lipase were calculated by rearranging
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the Eyring absolute rate equation derived from transition state theory (Eyring and Steam,
1939) as described by Siddique et al. (1997).
Two steps as shown below are involved in thermal denaturation of enzymes:
N

U

I

Where “N” is native enzyme, “U” is the unfolded inactive enzyme which could be reversibly
refolded upon cooling and “I” is the inactivated enzyme formed after prolong exposure to
heat and therefore cannot be recovered upon cooling. Thermal denaturation of enzyme is
accompanied by the disruption of non-covalent linkages, including hydrophobic interactions,
with concomitant increase in the enthalpy of activation (Daniel, 1996). The opening up of
enzyme structure is accompanied by an increase in disorder or entropy of activation (Vielli
and Zeikus, 1996).
The results (Table 4.4) illustrated the high stability of Penicillium notatum lipase at
40°C and exhibited a half life of 495 minutes (8.25 hrs). The half life decreased sharply at
higher temperatures i.e. 192 minutes (3.2 hrs) at 50, 67 min (1.12 hrs) at 60 and 35 minutes
(0.58 hrs) at 70°C. The Gibbs free energy (G*) for the denaturation of native enzyme at 40
°C was 104.54 kJ/mol. With an increase in temperature, a decrease in free energy was
observed. The enthalpy of thermal unfolding (H*) of the transition state was 78.48 kJ/mol at
40 °C. Its value remained almost same up to 70 °C. However the entropy of thermal
unfolding (S*) of the enzyme that was -0.083Jmol-l K-l at 40 °C show an increasing trend
with increasing temperature above 40 °C. The Maximum increase in entropy of thermal
unfolding was observed at 70 °C. The increase in S* values showed that at high
temperatures unfolding or opening of the enzyme structure took place. Thermodynamically
the enzyme molecule with high Gibbs free energy to resist against thermal unfolding is
considered to be more stable. Most of the fungal lipases are stable in the range of 25 to 40 ºC
(Li and Zong, 2010). According to the results from kinetic and thermodynamic study of
irreversible thermal denaturation (Table 4.4), it is revealed that Penicillium notatum lipase is
quite stable at elevated temperatures. When compared to the previous reports it is illustrated
that the Penicillium notatum lipase has better stability than other lipases reported from genus
Penicillium (Wolski et al., 2009; Lima et al., 2004; Dheeman et al., 2011) except Penicillium
simplicissimum lipase which has been reported to have a half life of five hour at 50 ºC
(Gutarra et al., 2009).
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Fig. 4.19: Pseudo first order plots for irreversible thermal inactivation of Penicillium
notatum lipase. The enzyme solution was incubated at various temperatures (40 to 70 °C).
For the activity assay the pH and temperature was 9.5 and 40°C.Data presented are average
values ± SD of n = 3 experiments.

Fig. 4.20: Arhennius Plot for the determination of Ea for irreversible thermal
denaturation.
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Table 4.4: Kinetic and thermodynamic parameters for irreversible thermal
denaturation of lipase from Penicillium notatum
Temp. (K) Kd (min-1)

t½(min)

H*(kJmol-1)

G* (kJ/mol)

S* (Jmol-1K-1)

313
323

0.0014
0.0036

495
192.5

78.48
78.40

104.54
102.16

-0.083
-0.073

333

0.0103

67.28

78.31

99.50

-0.063

343
0.0203
34.15
78.24
Ea = 81.1 kJ/mol (for thermal denaturation)

97.82

-0.057

4.5.6: Effect of metals
The effect of EDTA and different metals on the activity of purified lipase was examined by
adding each metal to the standard reaction mixture (containing enzyme and buffer), then
enzyme activity was determined. Results revealed that Ca2+ and Mg2+ enhanced the enzyme
activity, with Ca2+ being superior activator as it enhanced the activity up to 30 ± 7.84 %. The
role of Ca2+ as stimulator effect for the lipase (Penicillia) is well established. EDTA, Cu2+,
Mn2+and Ni2+ did not effected the enzyme activity significantly while Co2+, Cd2+, Pb2+ and
Fe3+ significantly inhibited the enzyme activity. The results are consistent with the previous
reports ((Sugihara et al., 1996; Ruiz et al., 2001; Liu et al., 2009; Dheeman et al., 2011) who
observed the enhancement in lipase activity in the presence of Ca2+ of Penicillium abeanum,
Penicillium candidum, Fusarium solani and Penicillium sp. DS-39. However Instead of
general stimulatory behavior of Ca2+ Penicillium aurantiogriseum lipase activity was
decreased in its presence while Mg2+, Zn2+, Co2+ and Mn2+ acted as activators (Lima et al.,
2004).
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Fig. 4.21: Effect of metals on the activity of Penicillium notatum lipase. The enzyme was
incubated with 2mM metal solutions. Control was incubated with deionized water. For the
activity assay the pH and temperature was 9.5 and 40°C. Data presented are average values ±
SD of n = 3 experiments.
4.5.7: Effect of Inhibitors
4.5.7.1: Effect of Protease
Protease hydrolyzes the peptide bonds of enzymes, so enzymes are very sensitive to the level
and the time of incubation of protease with lipase. In this study effect of protease on enzyme
activity was determined by incubating Penicillium notatum lipase with protease for different
time intervals. The results represented in the Fig. (4.22 b) revealed that protease significantly
decreased the lipase activity. We can conclude that Penicillium notatum will not be able to
show high stability and activity in the protease containing environment for a long time.
4.5.7.2: Effect of Urea
Urea usually denatures the enzymes by destroying the hydrophilic sites, but if the
hydrophobic amino acid residues of enzyme are greater than hydrophilic amino acid residues
then it enhances the enzyme activity as it usually destroys the hydrophilic sites of the
enzyme. The results revealed a slight decrease in enzyme activity, when lipase was incubated
with urea for different time intervals. However, this decrease was not significant, and it also
did not follow first order kinetics. From these results, it can be deduced that the lipase from
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Penicillium notatum has more hydrophobic sites as it is resistant to denaturation by urea and
therefore, lipase from Penicillium notatum can be used in hydrophobic environment.
We were unable to find any report on the effect of the above mentioned inhibitors i.e.
protease and urea on microbial lipases.

Fig. 4.22 a: Effect of urea on the stability of Penicillium notatum lipase. For the activity
assay the pH and temperature was 9.5 and 40°C. Data presented are average values ± SD of n
= 3 experiments.
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Fig. 4.22 b: Effect of protease on the stability of Penicillium notatum lipase. For the
activity assay the pH and temperature was 9.5 and 40°C. Data presented are average values ±
SD of n = 3 experiments.
4.5.8: Effect of organic solvents on the lipase stability
Lipases are very important enzymes with respect to their applications for organic synthesis.
Hence the stability of lipase in organic solvents offers great advantages to make them
available for such vital applications. The stability of lipase in the organic solvents was
determined by incubating the enzyme with organic solvents for 30 minutes. Results
illustrated the good stability of lipase in the water immiscible organic solvents ether, benzene
and spirit and hexane. While it increased with the increase in the chain length (non polar
character) of alcohols (Fig. 4.23). The stability of lipase in the organic solvent might be
related to the open conformation of enzyme; the lid of the enzyme does not cover the active
site crevice, thus keeping a flexible conformation (Hiol et al., 1999). Similar trends were
observed for Penicillium aurantiogriseum (Lima et al., 2004).
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Fig. 4.23: Effect of organic solvents on the stability of Penicillium notatum lipase. For the
activity assay the pH and temperature was 9.5 and 40°C.Data presented are average values ±
SD of n = 3 experiments.
In this section, the Penicillium notatum lipase was observed to have a high hydrolytic
activity for the hydrolysis of PNPP with reasonable esterification activity for the synthesis of
octyloctanoate from octanol and octanoic acid. The Penicillium notatum lipase showed an
optimum activity (hydrolysis of PNPP) at 40oC and pH 9.5, with high stability in neutral to
alkaline pH range. This lipase exhibited a high thermo-stability which is uncommon in the
lipases from filamentous fungi. The value of Km shows the high affinity of lipase for the
para nitrophenyl palmitate. Furthermore the stability in hydrophobic environment in the
presence of urea and organic solvents, render Penicillium notatum lipase suitable for
potential application in aqueous or non aqueous media such for the hydrolysis of fats in food
and detergent industry, ester synthesis, trans-esterification and bioremediation of oil spills in
the environment.
Keeping in view the high lipase yield with interesting physico-chemical
characteristics Penicillium notatum lipase was immobilized for enhanced stability and
reusability using two conventional techniques i.e. entrapment and cross linking.
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4.6: Immobilization of Penicillium notatum lipase
In this section, experimental results about the immobilization of Penicillium notatum lipase
via carrier bound and carrier free immobilization techniques. Entrapment in silicon polymers,
cross-linking and combination of both techniques i.e. entrapment CLEAs in the silicon
polymer coatings are presented with emphasis on the enzyme activity with respect to
esterification of 1- octanol and caprylic acid to form octyl octanoate.

4.6.1: Lipase Immobilization by entrapment in silicon polymers
Penicillium notatum was immobilized by entrapment in thin coatings of silicon polymers
which were generated by vulcanization of a mixture of siloxane prepolymers and coating the
matrix on the network of fibers in the sponges (3M paint and varnish hand sanding stripping
pad). Performance of the Silicon coatings was determined in terms of entrapment efficiency,
apparent activity and relative activity of immobilized enzyme. Immobilization of enzyme is
usually accompanied with problems like leaching of entrapped enzyme and lower relative
activity values due to reduce mass transfer and enzyme denaturation. However, the results
from this study are very interesting and useful in this regard. The results indicate that 95.5 %
of the used enzyme remained entrapped in the silicon coatings without being lost after
several washings. Apparent activity was observed to be 0.9U/g of polymer, with a relative
activity of 105 %, representing that immobilization via entrapment in silicon polymers did
not result in the deactivation of enzyme instead the hydrophobic environment might have
exposed the active sites of lipase (Table 4.5).
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Table: 4.5: Immobilization efficiency of silicon polymer entrapment
Protein

Enzyme

Enzyme

Entrapment

Apparent activity

Specific activity

Specific activity

Relative

loaded on

immobilized

immobilized

efficiency

of polymer (U/g)

of free enzyme

of immobilized

activity (%)

the sponge

in sponges

in polymer

(%)

(U/mg)

enzyme (U/mg)

(2 cm2)

(mg/2 cm2 )

(mg/g)

1.652

1.566±0.054

2.1

0.53

0.56±0.04

95.56±5.2

1.19±0.05

105.3±6.4

Relative Activity = Specific Activity of immobilized Enzyme/Specific Activity of free enzyme*100
Entrapment Efficiency = Protein immobilized/ Protein loaded * 100
Where immobilized protein = Protein loaded – protein leached
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The entrapment efficiency (95.5 %) obtained of silicon coatings is much better than
the calcium alginate, k-carrageenan (63.41 %), polyacrylamide (48.93 %) and 4 % agar (82.5
%) reported by Shafi and Allam, (2010) and Adham et al., (2009). However the results are
consistent with those obtained for silicon spheres used for Candida antartica lipase A and
Thermomyces lanuginose immobilization and hybrid organic–inorganic sol-gel powder
prepared by tetramethoxysilane (TMOS) and alkyltrimethoxysilanes for immobilization of
Candida rugosa lipase (entrapment efficiency = 92.5 % and 95 % respectively) (Buthe et al.,
2005; Chen and Lin, 2003).
Relative activity of Penicillium notatum lipase was 105 %. These results are
contradictory to Buthe et al. (2005), Reetz et al. (2003) and Chen and Li, (2003) who
reported 31, 250 folds and 259 folds increase in the relative activity of immobilized Candida
antartica lipase A and Thermomyces lanuginose in silicon spheres and Candida antartica
lipase entrapped in sol gel.
The above mentioned results illustrate the good performance of silicon coatings with
regard to the activity of Penicillium notatum lipase might have been arisen as a result of the
importunate two-phases and large water-organic interfaces present in the immobilisates. It is
well documented that from a kinetic point of view esterification with lipases is more effective
in liquid-liquid biphasic systems than in microaqueous systems (Tweddell et al., 1998;
Louwrier et al., 1996). This effect is due to the extraction of the reaction product by the
surrounding organic phase and probably to a favorable conformation of the enzyme at waterorganic interfaces (Buthe et al., 2005). Additionally, the interaction with the interface can
lead to an enrichment of lipases and thus more enzyme molecules contribute to the overall
activity in biphasic systems (Hailing, 1998; Wang et al., 2003).

4.6.1.1: Effect of different enzyme loading:
Effect of enzyme loading on immobilization of Penicillium notatum lipase was determined
by using different initial concentrations of enzyme. Fig. 5.24 illustrates the result obtained
from the analysis carried out at 30 ºC. Maximum apparent activity of 0.95 U/gImmob was
achieved at 2.3mg of enzyme loading. The relationship between the apparent activity of
lipase and protein content of the immobilisates is linear. This trend designates that for
Penicillium notatum lipase, an increase of apparent activity can still be achieved by
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increasing the amount of entrapped enzyme. In contrast, maximum loading of immobilisates
with Penicillium notatum lipase was obtained at protein content between 2.84 and 3.6
mg/gImmob. , which is obvious from the apparent activity of Penicillium notatum, which is
almost constant at protein loadings of 2.84−3.6 mg/gImmob. Higher concentrations of
Penicillium notatum lipase may have been worked, but at these high concentrations, viscosity
increases and solubility of lipase decreases and working at these concentrations is very
difficult.

Fig. 4.24: Effect of different enzyme loadings on the apparent activity of immobilized
enzyme. Temperature for the reaction was 35oC. Data presented are average values ± SD of
n = 3 experiments for the synthesis of octyl-octanoate.

4.6.1.2: Effect of temperature on immobilized enzyme
Effect of temperature on the esterification activities of free and immobilized lipase was
determined by measuring the activities at various temperatures. The results shown in Fig.
4.25 revealed that immobilized Penicillium notatum lipase exhibited higher temperature
optimum 42 ºC as compared to the free enzyme 37 ºC (Fig. 4.25). Comparing the enzyme
activities at the higher temperatures with the maximum activity, it can be concluded that
immobilization in the silicon polymers enhanced the thermal stability of Penicillium notatum
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lipase, which might be caused by the hydrophobic interactions between lipase and the silicon
polymers (Lee et al., 2009; Ting et al., 2006).
A 10 ºC shift in temperature optima has been reported for Talaromyces thermophilus
lipase immobilized on chitosin, Candida rugosa lipase immobilized on styrene
divinylbenzene copolymer and poly(acrylonitrile-co-maleic acid) membrane surface
(Romdhane et al., 2010; Oliveria et al., 2000; Ye et al., 2007). Oh et al. (2007) also reported
an improvement in optimal temperature of the immobilized lipases. Jegannathan et al. (2009)
and Maury et al. (2005) reported the same temperature optima for both free and immobilized
Burkholderia cepacia lipase immobilized in k-carrageenan and silica aerogels respectively.

Fig. 4.25: Effect of temperature on the activity of free and immobilized lipases.
Temperature for the reaction was 35oC. Data presented are average values ± SD of n = 3
experiments for the synthesis of octyl-octanoate.

4.6.1.3: Thermal Stability of Immobilized Enzyme
All the proteins, including enzymes are vulnerable biological molecules which get denatured
under harsh physical and chemical environments excluding a few belonging to
extremophiles. High temperatures may result in alteration of structure of many proteins
rendering denaturation and as a result loss of their activity. On the other hand, high
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temperature may also induce minor structural changes resulting in super activity of the
enzyme. So the thermal stability of enzymes at high temperatures is worthwhile in
determining their perspective applications.
Thermo stability of immobilized enzyme in comparison to native enzyme was
determined by incubating the enzymes for different time intervals at 40-70 ºC. Fig. 4.26 (a, b,
c, d) show the pseudo 1st order plots to determine the denaturation of enzyme at different
temperatures. As expected, the thermo stability of immobilized enzyme was significantly
higher than that of native enzyme. The thermodynamic and kinetic parameters for free and
immobilized enzyme were calculated by Arrhenius equation and are shown in table 4.6
Activation energy for immobilized Penicillium notatum lipase is 92kJ/mol as compared to
65.5 kJ/mol for its native form. The half life of immobilized enzyme is almost three folds
higher as compared to free enzyme at almost all the temperatures. The immobilized enzyme
has a half life of seventy two minutes at 70 ºC. The ∆H* for free and immobilized enzyme is
62.5 and 89.5kJ/mol respectively which almost remained constant at different temperatures.
The value of ∆G* free enzyme is 103, while 107.8 for immobilized enzyme. The ∆G* value
show an increase with the increasing temperature. From the results it can be deduced that this
change might be entropy driven and the thermo stabilization of entrapped lipases was due to
increase in Gibbs free energy.
This result clearly demonstrates the efficiency of the immobilization method with
regards to enzyme protecting against heat inactivation. The result signifies that lipase
molecules are not only entrapped in silicon polymer coating but also might form some bonds
with networking molecules, these circumstances stabilize them by restricting their
conformational motions and hence unfolding which result in providing protection against
harsh temperatures. This forms the bases of enzyme application for a variety of processes
which require high temperatures and reduced viscosity (Romdhane et al., 2011). The results
from this study show a better stability trend for immobilized lipase as compared to the
previous reports (Matsumoto and Ohashi, 2003: Ye et al., 2007). Thermal stability of
Burkholderia cepacia lipase immobilized in k-carrageenan was reported to be same as that of
the free enzyme (Jegannathan et al., 2009).
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Fig.: 4.26 a: Pseudo 1st order plots to determine thermal denaturation at 40 oC.
Temperature for the reaction was 35oC. Data presented are average values ± SD of n = 3
experiments for the synthesis of octyl-octanoate.

Fig. 4.26 b: Pseudo 1st order plots to determine thermal denaturation at 50 oC.
Temperature for the reaction was 35oC. Data presented are average values ± SD of n = 3
experiments for the synthesis of octyl-octanoate.
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Fig. 4.26 c: Pseudo 1st order plots to determine thermal denaturation at 60oC.
Temperature for the reaction was 35oC. Data presented are average values ± SD of n = 3
experiments for the synthesis of octyl-octanoate.

Fig. 4.26 d: Pseudo 1st order plots to determine thermal denaturation at 70 oC.
Temperature for the reaction was 35oC. Data presented are average values ± SD of n = 3
experiments for the synthesis of octyl-octanoate.
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Table 4.6: Thermodynamic and kinetic parameters for thermal denaturation of free
and immobilized Penicillium notatum lipase
Temperature

Kd

t 1/2 (min)

∆H*(kJmol-1)

(K)
Free Enzyme

313

G*

S* (Jmol-1K-1)

(kJ/mol)
0.0024

288.75

62.94

103.133

-0.13

323

0.0069

100.43

62.85

103.67

-0.13

333

0.0159

43.58

62.77

104.66

-0.13

343

0.0207

33.48

62.69

107.13

-0.14

Immobilized

313

0.0004

1732.5

89.52

107.80

-0.058

Enzyme

323

0.0031

223.55

89.44

105.82

-0.051

333

0.0062

111.77

89.35

107.27

-0.054

343

0.0096

72.17

89.27

109.33

-0.058

Ea for denaturation of free enzyme= 65.5 kJ/mol
Ea for denaturation of immobilized enzyme= 92kJ/mol

4.6.1.4: Reusability of immobilized enzyme
Repeated uses of enzyme are one of the major concerns in their application on industrial
scale, as the reusing of biocatalyst allows the cost reduction and increase the process
feasibility. Multiple usage of silicon entrapped Penicillium notatum lipase was evaluated for
the synthetic reaction of octyl octanoate at 40 ºC. The results presented in Fig. 4.27 illustrate
that immobilized enzyme retained almost 90 % of its initial activity after ten subsequent
cycles. The results are appreciable and comparable to the previously reported data for lipase
immobilization.
Rhizopus oryzeae lipase immobilized on calcium carbonate and oxidized cellulose
was reported to perform 6 cycles and 3 cycles, respectively, during the synthesis of butyl
oleate (Ghamgui et al., 2004; Karra et al., 2008). Blanco et al. (2004) showed that the lipase
from Candida antarctica B immobilized on the mesoporous silica allowed a quantitative
conversion even after 15 reaction cycles. Rhizopus oryzeae lipase immobilized in silica aerogels by adsorption was reusable for 12 times without significant loss of activity for butyl
oleate synthesis (Kharrat et al., 2011). Oh et al. (2007) reused the immobilized lipase for 10
times and the activity of immobilized lipase was maintained at over 90 % of its initial activity
after being used five times. However, it was reduced by 40 % thereafter.
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Fig. 4.27: Effect of repeated use of immobilized Penicillium notatum on the esterification
activity. Temperature for the reaction was 35oC. Data presented are average values ± SD of n
= 3 experiments for the synthesis of octyl-octanoate.
4.6.1.5: Scanning electron microscopy for morphological analysis
Morphological analysis of lipase containing silicon polymers coatings was done by Scanning
electron microscopy. The micrographs were taken at 100 times magnification. It was
observed that thin coatings of lipase containing silicon polymers with large surface area on
the fibers of sponge were formed. And even after using the sponge for ten cycles the
polymers retained its structure without leaching of enzyme. This observations support the
high efficiency and results from reusability of immobilized enzyme (Fig. 4.28).
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Fig. 4.28: A

Fig. 4.28: B
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Fig. 4.28: C
Fig. 4.28: Scanning electron micrographs of lipase containing silicon polymers coated on
sponge (a) control sponge without coatings (b) sponge with lipase containing silicon
polymers coatings prior to use (c) sponge with lipase containing silicon polymers coatings
after ten cycles.
4.6.2: Enzyme immobilization via cross-linking to form cross linked enzyme aggregates:
Traditionally, glutaraldehyde has been used as the cross-linking agent to prepare CLEAs of
lipases (Cao et al., 2000; Serrano et al., 2002; Mateo et al., 2003). But it is also well
documented that glutaraldehyde tends to inactivate the enzyme in excess concentration. This
problem might be related to its smaller size which makes it possible for it to attack the inner
critical amino acid residues for the enzyme activity. Hence to replace glutaraldehyde crosslinking with some mild agent is needed to overcome the issues related to this traditional
cross-linking technique. In literature, a few reports for the replacement of glutaraldehyde
with long chain polyaldehydes (Mateo et al., 2003). So in this study we used EGNHS .as
cross-linking agent for the formation CLEAs and compared these aggregates with reference
to activity, stability and reusability with those formed by using glutaraldehyde. Penicillium
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notatum lipase was immobilized as carrier free cross-linked aggregates by using
glutaraldehyde and Ethylene glycolbis[succinimidylsuccinate] as cross linking agent. Both
the cross-linkers attack the amino group of protein, whereas Glutaraldehyde cross-link the
proteins by the formation of Schiff base, while EGNHS which is N-hydroxysuccinimide ester
cross-link the protein via the formation of stable amide bonds. The reaction scheme of crosslinking by both the cross-linking agents is given in the Fig. 4.29.
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Fig. 4.29: Cross-linking of Enzymes (A) via Glutaraldehyde (B) via Ethylene
glycolbis[succinimidylsuccinate]

4.6.2.1: Optimization of cross-linker concentration for preparation of
CLEAs
It is well established that glutaraldehyde usually reacts primarily with amino group of amino
acids via Schiff base formation followed by guanidinyl and hydroxyl groups at alkaline or
neutral pH (Chen et al., 2006). So it is worthwhile to define the proper concentrations of the
cross-linker to avoid excessive reaction which might result in enzyme denaturation and
hence activity losses. For the preparation of CLEAs the concentrations of both cross-linkers
as ratio of cross-linker concentration to that of enzyme (protein) were optimized to get best
immobilization efficiency in terms of protein loading as well as the relative activities. The
highest relative activities of CLEAs were observed at lower concentrations of cross-linkers,
but these activities are also associated with low protein cross-linking. For EG-NHS, the
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cross-linker to enzyme molar ratio 400-500 might be considered as the optimized one as
here a good relative activity with significant immobilization yield was obtained. For
glutaraldehyde the molar ratio 200 – 300 were significantly better than the others in terms
high immobilization yields and relative activities. Enzyme to glutaraldehyde molar ratio i.e.
1:263 (0.2% v/v glutaraldehyde) was observed to be optimal for maximum relative activities
of levansucrase CLEAs (Soto et al., 2009). The glutaraldehyde concentration i.e. 100mM
was observed to give best results for Candida antarctica lipase B CLEAs (Schoevaart et al.,
2004).

Fig. 4.30: Optimization of EG-NHS concentrations for best immobilization efficiency
during CLEAs synthesis. Crosslinking reaction was performed at room temperature.
Temperature for the synthesis reaction was 35oC. Data presented are average values ± SD of
n = 3 experiments.
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Fig. 4.31: Optimization of glutaraldehyde concentrations for best immobilization
efficiency during CLEAs synthesis. Crosslinking reaction was performed at room
temperature. Temperature for the synthesis reaction was 35oC. Data presented are average
values ± SD of n = 3 experiments.
4.6.2.2: Immobilization efficiency and comparison of activities of CLEAs
After extensive washing the activity of the aggregates was assayed for hydrolytic and
esterification activity. The washing solution was also assayed for protein contents. The
comparison of the activities of CLEAs formed by Glutaraldehyde, EGNHS and native
enzyme is given in table 4.5. As shown by the results 65 % of the initial protein was
converted into CLEAs by EGNHS while 75.5 % by Glutaraldehyde. For both esterification
and hydrolytic activities of aggregates EGNHS aggregates show superior behavior as
compared to GA aggregates. The result show that EGNHS has tendency to form the cross
linked aggregates without sacrificing the enzyme activity, while glutaraldehyde though give
better cross-linking results but this is accompanied with decrease in the activity of
aggregates. This might be due to the smaller size of glutaraldehyde which allow it to
penetrate into the protein structure and subsequently to react with the amino acids of active
site and hence crucial for the lipase activity (Sheldon, 2007). This trend is in agreement with
the previous reports that excessive cross-linking using glutaraldehyde results in enzyme
inactivation (Broun, 1997; Shah et al., 2006). The use of EGNHS as modifier has been
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observed to have mild effects on the lipase activity (Forde et al., 2010). However its crosslinking attributes for CLEAs preparation have not been studied yet (up to our knowledge).
A low residual activity (0.5 %) was attained for Pseudomonas cepacia lipase CLEAs
formed glutaraldehyde (Shah et al., 2006). 90 – 92 % immobilization yields and 65 %
activity were obtained for Candida antarctica lipase B and Alcaligenes sp. CLEAs obtained
by poly-ethyleneimine (PEI) or PEI-sulfate dextran (Wilson et al., 2007).
Table 4.7: Immobilization efficiency of cross-linked enzyme aggregates
Cross-

Immobilization Hydrolytic

Relative

Esterification

Relative

linker

yield (%)

Activity in

hydrolytic

activity

Esterification

aggregates

activity in

(U/mL)

aggregates (%)

U/mL

activity (%)

NHS

65±2.14

106.5±8.22

52.08±2.52

0.56±0.062

64.42

GA

75.5±1.56

50.177±4.38

23.8± 1.86

0.297±0.036

34.54

Immobilization yield = Amount of protein introduced – Amount of protein leached *100
Amount of protein introduced
Relative activity = Specific activity of aggregates * 100
Specific activity of free enzyme

4.6.2.3: Fluorescence and scanning electron microscopy
Fluorescence and Scanning electron microscopic analysis of CLEAs was done to evaluate the
morphology of aggregates. From the fluorescence micrographs represented in Fig. 4.32 and
4.33 it is clear that the glutaraldehyde aggregates are larger with less surface area as
compared to EGNHS aggregates. The results are supported by the Scanning electron
micrographs taken at 15000 magnifications, represented by Fig. 4.33 and It is clear that the
EGNHS aggregates are smaller in size with larger surface area compared to GA aggregates,
therefore more active sites, which might be responsible for the greater mass transfer hence
resulting in high activities of EGNHS aggregates as compared to GA aggregates.
The morphology of CLEAs is of usually two types a ball like arrangement and a less
organized form (Schoevaart et al., 2004). GA CLEAs were observed to be similar the earlier

97

reports of classical chemical aggregates and might be classified in the second type (Shah et
al., 2006; Dalal et al., 2007). However the EGNHS aggregates are more organized and can
be considered to be in between the two morphological types of CLEAs.

A
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B
Fig. 4.32: Fluorescence micrographs of cross linked enzyme aggregates (A)
Glutaraldehyde CLEAs (B) Ethylene glycolbis[succinimidylsuccinate] CLEAs

A
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B
Fig. 4.33: Scanning electron micrographs of cross linked enzyme aggregates (A)
Glutaraldehyde CLEAs (B) Ethylene glycolbis[succinimidylsuccinate] CLEAs
4.6.2.4: Effect of temperature on the activity of aggregates
Effect of temperature on the activity of cross linked enzyme aggregates was determined to
determine the temperature optima by doing the activity assay at temperatures ranging from
22 - 60 ºC. The temperature optima for both type of CLEAs slightly shifted to higher
temperature as compared to native enzyme. CLEAs also retained activity at higher
temperatures as compared to native form. The shifts in the temperature optima can be arisen
as a result of covalent bond formation between the protein molecules caused by
glutaraldehyde and EGNHS during CLEA preparation. This bond formation may result in the
decrease of conformational flexibility and hence the ability of lipase to bind to the substrate.
Consequently, higher activation energy might be required for the enzyme to attain the
appropriate conformation (Arıca et al., 2000; Aytar and Bakir, 2008). Dalal et al. (2007) did
not observe any change in the temperature optimum of CLEAs in comparison to native
enzyme.
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Fig. 4.34: Effect of temperature on the activity of CLEAs. Data presented are average
values ± SD of n = 3 experiments for the synthesis of octyl-octanoate.

4.6.2.5: Thermo stability of CLEAs
Comparison of thermo stability of Glutaraldehyde and EGNHS CLEAs was done by
incubating the enzymes for different time intervals at 40-70 ºC. Fig. 4.25-4.28 show the
pseudo 1st order plots to determine the denaturation of enzyme at different temperatures.
The first-order thermal denaturation rate constants (Kd) at different temperatures
were calculated from the slope of the pseudo first order plot of the logarithmic form of the
residual activity versus incubation time (Fig. 4.35 and 4.36). The values of thermal
denaturation rate constant (kd) and observed half-life (t1/2) suggest that, thermal stability of
lipase increased considerably (three to six times) after the CLEA formation. The
thermodynamic parameters for denaturation for example activation energies and Gibbs free
energies supports the results and confirm that Penicillium notatum lipase CLEAs have much
better stability at higher temperatures as compared to the native enzyme. Moreover the
kinetic and thermodynamic parameters for thermal denaturation indicate that EG-NHS
CLEAs have comparable stability to that of GA CLEAs at high temperatures (Table 4.6 and
4.7). This enhanced stability of CLEAs might have arisen due to inter- and intra molecular
covalent cross-links and due to additional ionic and hydrophobic contacts between the
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enzyme molecules that prevent conformational changes and unfolding of enzyme
consequently prevents catalyst deactivation (Migneault et al., 2004). The results from the
study are consisted with the previous reports on CLEAs (Dalal et al., 2007; Aytar and Bakir,
2008; Sangeetha and Abraham, 2008).

Fig. 4.35: Pseudo 1st order plots to determine thermal denaturation of EGNHS
CLEAs. Temperature for the synthesis reaction was 35oC. Data presented are average values
± SD of n = 3 experiments.
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Fig. 4.36: Pseudo 1st order plots to determine thermal denaturation of GA CLEAs.
Temperature for the synthesis reaction was 35oC. Data presented are average values ± SD of
n = 3 experiments for the synthesis of octyl-octanoate.
Table 4.8: Kinetic and thermodynamic parameters for irreversible thermal
denaturation of EG-NHS cross-linked lipase aggregates
Temperature

kd (min-1)

(K)

t1/2

∆H*(kJ mol-1)

∆G* (kJ mol-1)

∆S*( J mol-1K-1)

(min)

313

0.0007

990

61.368

106.34

-0.145

323

0.0011

630

61.28

105.16

-0.140

333

0.0027

256.67

61.20

102.82

-0.133

343

0.0057

121.57

61.11

100.88

-0.127

Table 4.9: Kinetic and thermodynamic parameters for irreversible thermal
denaturation of GA cross linked lipase aggregates
kd (min-1)

t1/2 (min)

∆H*(kJ mol-1)

∆G* (kJ mol-1)

∆S*( J mol-1K-1)

313

0.0007

990

57.815

106.339

-0.155

323

0.0017

407.65

57.732

103.88

-0.147

333

0.0037

187.297

57.649

102.006

-0.149

343

0.0052

133.269

57.566

101.121

-0.139

Temperature
(K)
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4.6.2.6: Reusability of CLEAs
The reusability of biocatalysts is a key determinant for their use at industrial scale. CLEAs
can be reused either by filtration or centrifugation (Cao et al., 2003). The activity retention of
EGNHS and GA CLEAs is shown in (Fig. 4.37). GA CLEAs show a superior reusability
trend as compared to the EGNHS aggregates, as former retained about 54 % of the activity
after 5 cycles of repeated use while EGNHS CLEAs retained bout 38 % of the activity after 5
cycles of repeated use. Over all, the loss of activity due to reuse might be related to the
conformational changes which distort the active site. However the smaller aggregate size
might be responsible for the lower reusability attributes of EG-NHS CLEAs.
The reusability of immobilized lipase is essential for cost-effective use of the enzyme
either in repeated batch or in continuous processes. There are very few reports on the
reusability of CLEAs. Lipase CLEAs were able to be reused for four times without any
activity loss while for the 5th time only 50 % of initial activity was retained (Dalal et al.,
2007). 28 % loss of activity was observed in the second cycle for Pseudomonas cepacia
lipase CLEAs (Hara et al., 2008). Sangeetha and Abraham (2008) reported that CLEA
subtilisin, formed by glutaraldehyde as cross linker, could be reused for 11 repeated cycles
with almost 70 % retention of activity.

Fig. 4.37: Reusability of CLEA for the esterification of octanol and octanoic acid.
Crosslinking reaction was performed at room temperature. Temperature for the synthesis
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reaction was 35oC. Data presented are average values ± SD of n = 3 experiments for the
synthesis of octyl-octanoate.
From this part of study it is illustrated that we were able to immobilize the
Penicillium notatum lipase by carrier bound and carrier free technique of immobilization.
Entrapment was more efficient in terms of high relative activity and immobilization
efficiency as compared to cross linking. Both the immobilization techniques greatly
enhanced the thermo stability of enzyme. The reusability of immobilized enzyme is excellent
in case of silicon entrapped enzyme. During this study we were able to find a mild cross
linker (EG-NHS) which can replace the conventionally used glutaraldehyde with retention of
higher activities. The cross linked aggregates of the enzyme have shown very good stability
as compared to free enzyme. However the reusability was not very promising. The high
immobilization efficiency and the characteristics of immobilized lipase such as high relative
activities, thermal stability and reusability makes it very attractive and suitable to be used for
potential application in aqueous or non aqueous media such for the hydrolysis of fats in food
industry, bioremediation of oil spills in the environment, ester synthesis and transesterification reactions with high efficiency.
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Chapter 5

Summary
Lipases (EC 3.1.1.3) belong to the class of serine hydrolases that catalyse the breakdown of
triacylglycerol to diacylglycerol, monoglycerol, free fatty acids and glycerol in the aqueous
medium. However, in the absence of water or micro aqueous conditions, they catalyse the
reverse reaction of synthesis. Due to the versatility of reactions they can carry out, stability in
organic solvents, regio-selectivity and enantio-selectivity have made them focus of research
for last two or three decades. The day by day growing demand of lipases to be employed at
commercial level has rendered the research of finding novel lipases, and their modification
for higher operational stabilities with affordable costs.
This study was aimed to investigate the potential of indigenous fungal strains and
agro-industrial residues for lipase production and also to investigate the immobilization of
the screened fungal lipase for the enhanced thermal and operational stability.
During the study first of all screening of lipase producing fungi and some agroindustrial wastes was done. Penicillium notatum and Pleurotus ostreatus were screened as
the best fungal strains and canola oil cake as best fermentative substrate for the production of
lipase employing solid state fermentation. Optimization of different conditions was carried
out. For the purpose polynomial regression analysis was used. The optimized levels of
different factors for Penicillium notatum were incubation periods 81.3 hours, moisture
60.8%, pH 5.43, incubation temperature 34.25 oC, olive oil 2.3%. Incubation period 79 hours,
initial moisture 60.35 %, pH 4.65, incubation temperature 33.8 oC and olive oil 2.8%, were
the optimized levels of different factors for lipase production by

Pleurotus ostreatus.

Addition of carbon and nitrogen sources did not significantly affect the lipase production
(P=0.05 for additional carbon sources and P>0.05 for additional nitrogen sources). However
the maximum lipase production was observed in the presence of maltose (2%) and peptone in
case of Penicillium notatum while glucose (2%) and urea (0.2%) in case of Pleurotus
ostreatus. Penicillium notatum lipase was selected for further studies on the basis of high
production yield.
Crude Penicillium notatum lipase extract was subjected to purification by a
combination of ammonium sulphate precipitation, anion-exchange chromatography,
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hydrophobic

interaction

chromatography

followed

by

another

anion

exchange

chromatography with 28.88 fold purification with recovery of 13.3%. Molecular weight of
purified lipase was determined by SDS-PAGE, which is 46kDa.
The purified Penicillium notatum lipase was characterized in terms of various
parameters like optimum pH, temperature, pH and thermal stability etc. Effect of different
denaturants i.e. protease and urea and organic solvents on the stability of lipase were
determined. pH and temperature optima were 9.5 and 40 °C respectively with high stability
in neutral to alkaline pH range. Michaelis–Menten constants km and Vmax were estimated to
be 0.74mM and 220µmol/min. Thermal stability experiment illustrated that lipase was stable
at elevated temperatures with half lives of 495 and 34 minutes at 40 and 70 oC respectively.
Lipase exhibited a high thermo-stability which is uncommon in the lipases from filamentous
fungi. Among different metals, the presence of Ca2+ in the reaction medium enhanced the
lipase activity significantly (30%). Enzyme was also observed to be highly stable in the
hydrophobic environment. Although the hydrolytic activity of the lipase was very high, it
showed considerable esterification activity as well.
Immobilization of lipase was carried out by entrapment in silicon polymers and by
the formation of cross linked enzyme aggregates (CLEAs). Protein entrapment efficiency
was 95 % and activity yield was 105 % as compared to free enzyme. Temperature optimum
for the entrapped enzyme shifted five degrees higher than the free enzyme. Thermo-stability
of silicon entrapped enzyme was very high as compared to free enzyme. The entrapped lipase
was reusable for ten times with 90% retention of initial activity. In case of CLEAs, 65% and
75.5% protein was converted into CLEAs by EG-NHS and glutaraldehyde. Temperature
optimum shifted to higher side by five degree for both kinds of CLEAs when compared to
the optimum temperature. In both cases (EG-NHS and glutaraldehyde), crosslinking
significantly enhanced the thermo stability of lipase. However, the reusability of CLEAs was
less than the entrapped enzyme (54 and 38% for EG-NHS and GA after five cycles).
In the light of present findings, we can conclude that lipase from fungus Penicillium
notatum can be employed for transformations on industrial scale, as it has moderate
temperature and alkaline pH optima. Due to its high hydrolytic activities it can be used for
the hydrolysis of waste oil discharged from industries and homes, in detergent industry, food
industry for fat hydrolysis. High stabilities in the hydrophobic environment make it attractive
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for the use in non aqueous reaction media such as ester synthesis, trans-esterification for
biodiesel (fatty acid methyl ester) synthesis.
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