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Abstract 

The present research project was aimed to produce microbial lipases, conduct their partial 

purification, characterization and their prospective use for polyesters degradation. Penicillium 

fellutanum and Aspergillus melleus were used as lipase producing fungal strains and canola seed 

oil cake as best substrate for the production of lipases using solid state fermentation. First of all, 

important parameters were optimized classically for lipase production. Results exposed that the 

optimum conditions for lipase synthesis by P. fellutanum were incubation period 48 h, moisture 

contents 50 %, pH 4, temperature 30 ºC and olive oil 2 %  while by A. melleus, 96 h incubation 

period, 60 %  moisture level, pH 4, 30 ºC temperature and 3 % olive oil were optimal values. 

Addition of different nutritional sources significantly affected lipase production. Response 

surface methodology was also employed for lipase production and an overall 2.05 and 1.92-fold 

increase in lipase production by P. fellutanum and A. melleus respectively, was being achieved. 

Crude lipase extract from both fungal strains was subjected to partial purification and, 2.06 and 

3.84 folds of purification were obtained after dialysis of P. fellutanum and A. melleus lipase 

extracts respectively. The partially purified lipase by both fungal strains was characterized by 

means of optimum pH, temperature, thermal stability etc. Results showed that P. fellutanum 

lipase was alkaline and A. melleus lipase was neutral in nature. Both fungal lipases showed 

moderate stability at elevated temperature. Km and Vmax were estimated to be 0.75 mM & 83.33 

µmol/min for P. fellutanum lipase while 0.29 mM & 142.86 µmol/min for A. melleus lipase 

respectively. The activity of lipases produced in this study was evaluated for degradation of five 

different polyesters. Both the enzymes showed good degradation abilities. Optimization of 

important parameters for biodegradation like incubation time, enzyme concentration, pH and 

temperature was carried out. Different analytical techniques like FT-IR, DSC and SEM were 

applied for the characterization of biodegradation process. FTIR spectra of PVAc, PV-200 and 

PCL depicted significant decrease in ester functional group and many other transformations at 

different regions after degradation which was the evidence of their significant weight losses 

during biodegradation. DSC thermogram data revealed the noticeable reduction in Tg and Tm of 

PVAc, PV-200 and PCL which confirmed the results. SEM exposed the presence of extensive 

cracks on the surface after 4 weeks of incubation with both microbial enzymes. The whole study 

proved that lipases produced in this study could be utilized for the degradation of polyesters for 

solid waste management. 
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Chapter # 1 

            INTRODUCTION 

 

1.1 Background 

A healthy environment plays a key role in a sustainable development context. For the 

betterment of the environment we should seriously think about those factors which affect our 

environment in either positive or negative ways. The fossil reserves should be preserved as 

well as the industries should consume less energy to reduce pollution and find the ways to 

use raw materials as natural resources (Lucas et al., 2008). Plastics serve us in every field of 

our day to day life but meanwhile, non-biodegradable plastics are creating a great threat to 

the environment as there are no waste management facilities. 

  In both aqueous and non-aqueous reaction media, lipases (triacylglycerol 

acylhydrolases, EC 3.1.1.3) are the most imperative biocatalysts conducting innovative 

processes. Lipases ideally catalyze the hydrolysis and transesterification of the lipids (Beuno 

et al., 2014; Prasad, 2014). There are various industrial applications of lipases like synthesis 

of pharmaceuticals, cosmetics, detergents, flavour enhancers in food industry and removal of 

oil in wastewater (Veerapagu et al., 2013; Das et al., 2016). Other than these, bioremediation 

for solid waste disposal is a new avenue and lipases have a key role in the conversion of 

polyester waste into useful products. 

Lipases are worldwide in nature and are synthesized by various plants, animals and 

microorganisms. Microbial lipases do not require cofactors for their action as well as due to 

their faster production and higher yields; they are better choice than those produced from 

plants or animals (Dey et al., 2014). Owing to their stability, selectivity, and extensive 

specification for substrate, they have been the center of interest for special industrial 

applications (Dutra et al., 2008). Fungi are considered as better lipase producers for the 

reason that they produce enzymes which can be simply removed from the media used for 

enzyme production (Maia et al., 1999). Fungi have numerous other advantages in the 

colonization of solid substrates as compared to unicellular microorganisms (Yu et al., 2007; 

Treichel et al., 2010). Filamentous fungi are the most excellent and perfect tailored 

microorganisms for solid state fermentation (Swetha et al., 2014). The production of enzyme 
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can be increased by the selection of effective strains and optimization of their culture 

conditions. The production of fungal lipase is controlled by both nutritional and physico-

chemical parameters and it is compulsory to include various factors such as nutrients 

(sources of carbon and nitrogen), temperature, metal ions, inoculum volume, pH etc. 

(Dayanandan et al., 2013). 

Lipases can be synthesized by solid state fermentation (SSF) as well as submerged 

fermentation (Balaji and Ebenezer, 2008; Barberis et al., 2008). Fungi are ideally cultured in 

SSF for the production of lipases, while submerged fermentation is preferred for yeasts and 

bacteria (Dutra et al., 2008). SSF has several advantages over submerged fermentation, 

including higher yields, concentrated product, simpler extraction techniques, simpler growth 

and production media (Malilas et al., 2013). The final outlay of the enzyme may be 

decreased by the use of by-products as substrates for enzyme production which provide high 

value and low-cost substrates (Rodriguez et al., 2006; Menoncin et al., 2010). The solid 

wastes of vegetable oil processing are extensively used for the production of industrial 

enzymes because they offer wonderful aid for the development of microorganisms as well as 

good sources of nutrients which need no supplementations (Ramachandran et al., 2004). 

Moreover, they are economical and plentiful in the agricultural countries like Pakistan but 

their utilization is limited to animal feed or just as landfills (Graminha et al., 2008). While 

using fungal species for enzyme production, oil cakes have been reported to be better 

substrates (Ramachandran et al., 2007). 

Polyesters are versatile synthetic polymers having ester linkages. There are many 

factors which affect the degradation of the aliphatic polyesters. The chemical bonds and 

repeating units in polyesters are in such order that exhibit different physical properties like 

crystallinity, glass transition temperature (Tg) and melting temperature (Tm) which have 

decisive out-turns on degradation of polyesters. In addition, pH, surface condition, 

temperature and chemical structure of the polyester have also great influence on degradation 

rate (Tokiwa and Calabia, 2007). However, these factors are still not very clear that controls 

the ability of enzymes to break ester bond in one polyester but not in the other. Detailed work 

was carried out to explain the mechanism of enzymatic degradation of polyesters. These 
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efforts were managed not only to design new biodegradable plastics as well as to use new 

enzymes as catalysts to recycle the bulk polyesters (Mueller, 2006). 

Extracellular hydrolytic enzymes like lipases have the ability to decompose films of 

aliphatic polyesters. Enzymatic degradation comprises simple and multiple enzyme systems, 

with the enzymes being produced by microorganisms (Calilet al., 2007). These enzymes 

have the ability to weaken the chemical bonds in the polymers to reduce the activation 

energy of degradation. Reaction mechanism is a very common characteristic of hydrolases 

which uses three amino acid residues i.e., aspartate, histidine and serine (Abou Zeid, 2001; 

Belal, 2003). The specific arrangement of these amino acid residues is termed as a catalytic 

triad which is described below: 

 

Fig. 1.1 Reaction mechanism of hydrolases for biodegradation of polyesters. 

1.2 Problem Statement 

In the past century, the plastic made products have facilitated our day to day life but with the 

passage of time, their harmful effects have also affected our environment in the form of 

amassing plastic waste materials (Papageorgiou et al., 2010). The gross production of 

synthetic polymers per annum that cannot be decomposed has reached 300 million tons and 



 
 

4 

continues to increase, creating a worldwide environmental concern (Thompson et al., 2009). 

Since 1970, microbial degradation has been employed to decompose plastic waste materials, 

but unfortunately, all the conventionally used plastics are unaffected by microbial attack 

(Tokiwa and Calabia, 2007). 

1.3 Hypothesis 

Biodegradable polymers can lessen the solid waste problems as they can be converted into 

monomers like CO2, H2O or biomass and their main chain can easily be broken by the 

process of micro-organisms. These properties have brought forth the attention towards the 

biodegradable polymers which prove themselves environmental friendly (Vidaurre et al., 

2008). If we study in detail then we’ll come to know that most of the degradable polymers 

have various characteristics such as mechanical strength, degradation rate, morphology, etc. 

and also they have hydrolysable and/or oxidizable linkages along the main chain (Sivalingam 

et al., 2003).  

After degradation, biodegradable polymers can easily be included into carbon and 

nitrogen cycles under some specific environmental conditions. This degradation is carried out 

largely by enzymes produced by microorganisms, which can be categorized into hydrolytic 

degradation and enzymatic degradation according to the characteristics of the covalent bond 

where cleavage occurs (Nair and Laurencin, 2007). Collagen/chitosan are natural polymers 

which undergo enzymatic degradation whilst, among other types of polymers, polyesters 

have the chance of being hydrolyzed by lipases or esterases enzymes. Other classes of 

polymers can be disintegrated majorly by non-biological methods such as ultraviolet 

radiation, oxidation etc. (Albertsson and Karlsson, 1992). 

1.4 Aim and objectives 

 Selection of agro-industrial wastes for their prospective use of lipase production by 

indigenous fungal strains. 

 Optimization of different culture conditions of solid state fermentation (SSF) for 

better production of lipases. 

 Partial purification and characterization of lipases. 

 Application of lipases for the degradation of various polyesters. 
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1.5 Contribution of the investigation 

Due to restricted foreign exchange and a small number of substrates for the production of 

lipases, the import of these enzymes in the country is very cost effective leading to the high 

cost of their production (Smaniotto et al., 2012). By 2017, the industrial demand for lipolytic 

enzymes was reported to rise up to 6.2 %, for that reason it is needed to continue to develop 

the enzyme related technology. During industrial processes, most of lipolytic enzymes have 

poor stability; some of them have lost their properties at high temperatures or extreme pH. 

The industrial requirement for lipolytic enzymes that are active at extreme conditions has 

mainly encouraged the search for suitable microorganisms as a source of reliable enzymes 

(Kambourova et al., 2003; Sarkar et al., 2012; Masomian et al., 2013). Various efforts have 

been made for this purpose to discover and identify new lipase producing micro-organisms 

which can synthesize enzymes with enhanced properties for their applications in the catalysis 

of different processes (Shu et al., 2010). 

Keeping in account the importance of lipases, their applications on industrial scale and 

for the degradation of polyesters to overcome the solid waste problem, this project was 

designed. In this regard, lipases were produced from indigenous fungi using industrial waste 

(canola seed oilcake) as solid substrate. These lipases, after their purification and 

characterization, were employed for degradation of polyesters which proved them suitable 

for solid waste management studies.   
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Chapter # 2 

          REVIEW OF LITERATURE 

Over the time, there have been quite a number of methods investigated to conduct 

degradation of polyesters. Lipases play a key role in biodegradation by catalyzing the 

hydrolysis of biomaterials. A comprehensive review of production and characterization of 

lipases, and their use in the degradation of polymers has been given below. 

2.1 Optimization of important parameters for lipase production 

2.1.1 Effect of moisture content 

Moisture content is an imperative parameter as it involves effectively in fermentation process 

because it can differ from one microorganism to another. Kamini et al. (1998) used SSF on 

gingelly oil cake substrate, and standardized experimental conditions for lipase production 

by A. niger MTCC 2594. They found favourable moisture contents as 60 %. 

Mahadik et al. (2002) reported the synthesis of lipase by various microbial sources. 

Among different fungal filters which were separated for lipase production, significant 

enzyme production was resulted from R. arrhizus and A. niger when cultured in submerged 

conditions using synthetic oil medium. In SSF, the maximum lipase was produced with 

synthetic oil based medium at a 1:2.5 ratio (71 %) by A. niger. 

Balaji and Ebenezer (2008) investigated the optimization of lipase production using 

SSF. It was detected that 1:1.5 was suitable measure of moisture content for the maximum 

lipase production.  

Through the process of physical absorption and covalent bonding on sol-gel matrix, 

Santos et al. (2014) estimated immobilization of lipase from A. niger. They also carried out 

bio-chemical characterization of free and immobilized enzyme and, produced maximum 

quantities of lipase when pumpkin seed flour was moistened 30 % and temperature was kept 

at 30 °C for 120 h. 

 Adio et al. (2015) described the impact of moisture level of the substrates on lipase 

production by A. niger F7-02. The level of moisture was varied with 1.0 % inoculums for 72 
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h at 30 ºC. 76.0 U/ml was maximum lipase activity which was recorded at 60 % of moisture 

content. 

2.1.2 Effect of incubation time 

Kamini et al. (1998) used SSF on gingelly oil cake, and standardized the optimization of 

lipase production by A. niger. The maximum activity of lipase was 363.6 U/gds, acquired 

after 72 h under optimal requirements.  

Imandi et al. (2010) employed SSF for lipase synthesis from Yarrowia 

lipolytica NCIM 3589. They described that lipase activity was started increasing after 24 h 

and reached to the maximum scale after 96 h. It was diminished at further longer incubation 

periods. The cause behind this reduction was supposed as the exhaustion of nutrients, 

assemblage of toxic products, or loss of moisture, as well as, any alteration in the medium 

pH. 

Pradeep et al. (2012) investigated the characterization of lipase produced by Serratia 

marcescens MBB05. The optimum time of incubation was determined for lipase production 

by incubating the selected medium for varied time durations and then analyzed it for lipase 

activity. The highest lipase activity (0.5 U/mL) was attained by incubating it for 20 h. But 

further increase in incubation time indicated a sharp decline in lipase activity. 

Selvam and Vishnupriya (2013) cultivated S. variabilis NGP3 for various incubation 

periods (1 to 10 days) at room temperature. Meanwhile, the enzyme production was assessed 

after every incubation period. On seventh day, they observed the maximum growth (20.0 mg 

mycelial dry weight) of the isolate. However, the rate of lipase production reached to its full 

extent (61.2 U/ml) on fifth day. In addition, a gradual decrease was observed in enzyme 

productions after optimum period.   

In vegetable oil processing factories, Veerapagu et al. (2013) separated bacterial 

lipase producers from oil spilled soil. One isolated strain, among twenty others showcased 

comparatively higher lipase activity. After 8 & 16 hours of experimental time, lipase wasn’t 

produced by Pseuduomonas gessardii. Only after 24 hours of incubation, the reasonable 

quantity of lipase was produced but it was declined after 48 hours. 
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2.1.3 Effect of pH 

The production of lipases is also affected by the pH of growth medium being used. Lipase 

production by A. niger was examined by Mahadik et al. (2002) under SSF. Optimal pH for 

lipase production was reported as 2.5. Moreover, it was noted that at quite acidic pH of 1.5, 

the enzyme showed high activity (75 %) as well.  

Anbu et al. (2011) chose a couple of bacterial strains (BK43 and BK44) which were 

quite similar in their attributes to Acinetobacter junii. For lipase production, the optimal pH 

was 6.0 at 30 °C after 24 h of incubation using BK43. At the same time as for BK44 

optimum pH was found to be 6.0 with 12 h of experimental time at 25 °C. The study showed 

that under acidic conditions, the genus Acinetobacter is an effective choice for lipase 

synthesis. 

Padmapriya et al. (2011) conducted some experiments on Lactobacillus sp. with pH 

of the medium ranging from 6-10. Both lipase production as well as microbial growth was 

stopped at pH 10 but maximum quantities of lipase (39.6 U/ml) were produced at pH 9. 

Pradeep et al. (2012) synthesized lipase from Serratia marcescens MBB05 and 

analyzed different levels of pH affecting lipase production. In their experiments they set pH 

range from 5.5 to 8.0. They recorded highest lipase production of 1.3 U/mL at pH 6.0.  

Refinement and bioremediation of waste water by lipase was studied by Selvam and 

Vishnupriya (2013). Lipase was produced from Streptomyces variabilis NGP 3 and, lipase 

production and microbial growth were assessed at pH values from 5.0 to 12.5. The highest 

production (105 U/mL) was attained at pH 9.0 and 9.5 along with maximum growth (26.5 mg 

at dry weight) at pH 9.0. 

Veerapagu et al. (2013) performed experiments on bacterial lipase producers and 

BLP2 Pseudomonas gessardii was discovered as the best lipase producer. It was observed 

that the bacteria can produce lipase in the medium of pH range 4.0-10. Pseudomonas 

gessardii produced highest quantity (114.0 UmL-1) of lipase at pH 7.0. However, it was also 

reported that with the increment in pH from 7.0 to 10.0, lipase production went downwards. 
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Santos et al. (2014) employed SSF on pumpkin seed flour to produce A. niger lipase. 

It was noticed that at acidic pH 4.0, free lipase demonstrated comparatively highest activity. 

The enzyme was found almost inactive at higher acidic pH as the lowest enzyme activity 

around 20 % was observed at pH 2.0, which might be due to the presence of excess H+ ions. 

Adio et al. (2015) assessed lipase activity by A. niger at different initial pH of 

medium (6.0-8.0) with moisture level 60 % (w/v), 72 h incubation period and inoculums 

level 1.0 %. The highest lipase activity was observed with pH 7.0. 

2.1.4 Effect of inoculum size 

Yu et al. (2009) depicted the production and characterization of lipase by Pseudomonas 

Lip35 under different conditions. The highest enzyme production was observed with 6 % 

inoculum concentration of Pseudomonas Lip35.  

Pradeep et al. (2012) evaluated the outcome of varying concentrations (1.5-3.5 %) of 

Serratia marcescens MBB05 inoculum on lipase production. The higher lipase activity (0.67 

U/mL) was resulted by S. marcescens MBB05 at 2.5 %. The lowest activity was obtained at 

1.5 % of S. marcescens MBB05. 

Veerapagu et al. (2013) conducted studies for the optimization of inoculum 

concentration of BLP2 P. gessardii for lipase production. It was observed that lipase 

production was influenced positively when inoculum was increased. The optimum lipase 

activity (108.0 UmL-1) was achieved at 6 % of inoculum size. 

Adio et al. (2015) depicted the production of lipase by A. niger F7-02. The effect of 

diverse inoculum concentrations was observed on lipase activity after 72 hours of incubation. 

The lipase activity was increased by increasing inoculum concentration and was at its 

maximum level (75.4 U/mL) at 1.0 % (w/v) concentration. 

2.1.5 Effect of temperature 

Temperature is a significant factor that must have to be monitored as its optimum value 

varies among different organisms. Balaji and Ebenezer (2008) investigated the optimization 

study of lipase production by C. gloeosporioides under solid state fermentation. They 
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observed that the optimum temperature was different with varied substrates. Results depicted 

that the highest enzyme activity with POC was achieved at 25 ºC while COC yielded 

maximum enzyme units at 35 ºC. 

Anbu et al. (2011) isolated and screened bacteria using Rhodamine-B and spirit blue 

agar media. Two of the isolated strains (BK43 and BK44) showed a better clear zone 

indicating higher lipase activity as compared to others. These selected strains were close in 

identification to Acinetobacter junii. The optimum temperature by BK43 for lipase 

production was observed to be 30 °C while that of BK44 was 25 °C. 

Padmapriya et al. (2011) reported lipase production by Lactobacillus sp. at varied 

temperature levels from 30-70 °C and pH 6-10. Lipase production was increased with an 

increase in temperature up to 40 °C. The maximum lipase activity (39 U/mL) was obtained at 

40 °C and further increase in temperature triggered a sharp decline in lipase activity.  

Pradeep et al. (2012) depicted the effect of temperature on lipase production by 

Serratia marcescens MBB05, incubating the selected medium at varied temperature levels. It 

was conducted at 20 to 30 ºC maintaining all other experimental factors at their optimum 

levels. The lipase production (1 U/mL) was highest at the temperature of 25 ºC. 

Selvam and Vishnupriya (2013) studied the effect of temperature on S. 

variabilis NGP 3 mycelia growth and lipase production between 25-70 ºC. It was reported 

that the growth (30.0 mg) was superior at 30 to 35 °C. The lipase production was observed to 

be the maximum (39.4 U/mL) at 35 °C. 

Veerapagu et al. (2013) conducted the optimization study of different temperature 

levels for lipase production. It was observed that the bacteria P. gessardii produced lipase at 

temperature levels from 20-50 °C. The optimized temperature for lipase production was 37 

°C while its production was decreased by an increase in temperature after 37 °C. 

2.1.6 Effect of inducer 

The lipid contents are one of the most significant features affecting the lipase production in 

SSF. Mahadik et al. (2002) revealed the reports of lipase production under SSF by A. niger. 

Biosynthesis of lipase was happened only when lipid substrate was present there. The highest 
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yields of lipases were attained employing wheat bran as solid substrate combined with olive 

oil. 

Tan et al. (2004) observed the usability of the Tween series for enhanced lipase 

production by P. camembertii. Using pongamia oil cake, Tween-60 produced 1170 U/g DM 

lipase while olive oil synthesized 2560 U/g DM. It was interesting to know that using COC 

as the substrate, none of the lipid substrates improved lipase activity. 

Balaji and Ebenezer (2008) investigated different lipid sources as inducer substrates 

for the production of extracellular lipase. It was observed that Tween 60 was the best lipid 

source among many other substances. 

Anbu et al. (2011) isolated BK43 and BK44 for lipase production. Different inducers 

were taken into account to enhance the enzyme production and among these tested inducers; 

both strains produced a great quantities of extracellular lipase utilizing Tween 80 as lipid 

source. 

Oliveira et al. (2017) conducted the optimization studies of lipase synthesis by A. 

ibericus MUM 03.49 using SSF of olive pomace. It is ascribed that olive pomace holds 

residual olive oil that performs as an inducer for lipase production. To estimate its effect on 

lipase production, a number of mixtures of WB: olive oil and OP: WB was studied. The 

maximum lipase activity was attained with lipids level from 10.2 to 13.7 %.  

2.1.7 Effect of additional nutritional sources 

Kamini et al. (1998) revealed the effect of various carbohydrates, sources of nitrogen and 

inducers on lipase production by A. niger under SSF. It was concluded that all the additional 

sources to the substrate were ineffective to improve the enzyme production.  

Tan et al. (2004) observed the higher lipase yield with peptone as organic nitrogen 

source compared to the control by P. camembertii. 

Balaji and Ebenezer (2008) produced lipase under SSF by C. gloeosporioides. 

Among different nitrogen and carbon sources for lipase production, peptone and xylose with 

POC, have been the best enzyme yielding sources. 
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Anbu et al. (2011) screened two species of bacteria which were close in similarity to 

Acinetobacter junii. Effect of diverse sources of carbon on lipase synthesis by these bacterial 

strains was considered. The production of lipase was increased when the bacterial strains 

were grown in the presence of sucrose (1 %). 

Pradeep et al. (2012) reported the effect of different sources of nitrogen such as 

peptone and yeast extract one by one and then in the form of a mixture (1:1). They were 

supplemented in the medium to final concentration of 5 g/L. Similarly, different carbon 

sources like glucose, olive oil, tween 80 and glycerol were supplemented separately (0.5 % 

final concentration) using the same medium. Both the mycelial growth and lipase activity 

were significantly affected. The lipase activity was low by S. marcescens MBB05 on yeast 

extract but it exhibited the higher activity at peptone alone. In case of carbon source, good 

lipase yield was obtained in the presence of glycerol. 

Selvam and Vishnupriya (2013) tested mannose, galactose, sucrose and lactose (0-3 

%) as carbon sources to enhance the enzyme production. Lactose and peptone exhibited the 

maximum lipase production as carbon and nitrogen source respectively. 

Veerapagu et al. (2013) carried out the studies on the effect of carbon sources for 

enzyme production by BLP2 Pseudomonas gessardii. Maltose, galactose and sucrose 

inhibited the lipase production. It might be due to catabolite suppression by easily accessible 

carbon contents in the culture medium. The effect of additional nitrogen sources (1 %) on 

lipase production was also studied. Among the different tested organic nitrogen sources, 

peptone and protease improved lipase production whereas soy peptone, casein and soyabean 

meal had negative impact on lipase production. 

Oliveira et al. (2017) investigated the effect of urea, NH4Cl, NaNO3 and (NH4)2SO4 

on lipase synthesis. All these sources of nitrogen exhibited a considerable positive effect on 

lipase production. The maximum lipase yield was attained using ammonium salts (2 %). 

2.2 Response surface methodology studies 

The statistical optimization of experimental factors has advantages over classical method of 

considering one experimental factor at a time, such as evaluation of the interaction effects 
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among variables while performing the lower number of experiments. Several researchers 

have reported the use of these techniques for lipase production by microorganisms. A well-

organized and extensively used tactic is the application of response surface methodology. 

Kumari et al. (2009) conducted the experiments on production of lipase by 

Enterobacter aerogenes using response surface methodology (RSM) with central composite 

design (CCD). Optimization of experimental conditions led to 1.4 fold enhancement in lipase 

activity. Those optimum conditions were pH 7, inoculum level 7 %, oil concentration 3 %, 

and incubation time 60 h at 34 °C to achieve the maximum lipase activity. 

Rajendran and Thangavelu (2012) reported the response surface optimization 

approach to improve the lipase activity produced by R. arrhizus MTCC 2233. The 

experimental data depicted that the initial pH, shaking speed, temperature and interactive 

effects of shaking speed and temperature were considerable parameters that affected the 

lipase production significantly. The optimum experimental conditions were pH 6.0 at 32 °C 

and shaking speed of 107 rpm. 

Goncalves et al. (2013) identified Y. lipolytica strain and examined the effects of the 

initial pH of medium as well as the combination of meat and casein peptones on lipase 

production. A22 experimental design was utilized in optimization study. To achieve the 

optimum concentrations, interactive regression analysis was conducted. The experimental 

values were very close to the predicted ones with a correlation coefficient of 0.866. 

Faisal et al. (2014) reported the synthesis of lipase by Pseudomonas sp. using 

response surface methodology with Box-Behnken Design to optimize the experimental 

conditions. Four important parameters were chosen for statistical optimization by using the 

software Minitab 14. Results revealed the 0.7 fold enhancement in enzyme production under 

the optimum experimental conditions i.e., pH 5.9, temperature 28 ºC, incubation time 2 days 

and moisture content 33 %. 

Awad et al. (2015) employed a statistical design to discriminate the culture medium 

conditions that appreciably affect enzyme production from a bacterial isolate, followed by 

Box-Behnken design to study the optimization of the levels of significant parameters. An 
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overall 2.15-fold enhancement in enzyme production was attained due to optimization 

strategy as compared to that obtained by classical approach. 

Sathishkumar et al. (2015) applied response surface methodology to optimize lipase 

synthesis by Halobacillus trueperi with a substrate of marine waste. By using central 

composite design (CCD), optimum medium components for maximum lipase synthesis were 

found to be olive oil (5.05 mL/L), NaCl (72.42 g/L), pH 9.0 and temperature 45 °C. 

Kai and Peisheng (2016) used statistical methods to enhance lipase production by 

optimization of culture medium components. Major ingredients were chosen by Plackett 

Burman design and then central composite design (followed by response surface 

methodology) was employed to optimize the levels of those ingredients. The predicted 

optimum parameters of medium were 5.15 g/L glucose, 6.74 g/L yeast powder, 22.90 g/L 

olive oil emulsifier and 11.74 g/L peptone. 

Vasiee et al. (2016) reported the use of Plackett Burman design and RSM for the 

selection of suitable parameters and optimization of the lipase production by Bacillus cereus 

respectively. Optimal conditions for enzyme production were 16.9 (w/w) coriander seed 

extract/yeast extract ratio, olive oil concentration of 24.23 mM and that of MgCl2 was 

2.37 g/L. Using optimum conditions, the maximum lipase activity (343 U/mL) was obtained 

that was roughly close to the predicted value i.e., 324 U/mL. 1.83 fold increments in LA 

were observed as compared to the non-optimized lipase. 

Thyagarajan et al. (2017) developed a comparative model to produce lipase by 

Bacillus subterraneus TNUS15 employing RSM and Artificial Neural Network (ANN). A 

better lipase production, 57.61 IU/g was obtained by the application of 2nd order polynomial 

model. A close agreement of the experimental value (57.61 IU/g) with that of predicted one 

(56.3 IU/g) depicted that statistically optimized plan can be employed to get better lipase 

production to fulfill the growing demand.  

Bernal et al. (2017) used RSM to assess the experimental conditions that increase the 

mycelia growth of Acidocella facilis and ultimately improve its lipolytic enzyme production. 

RSM results exposed that agitation and yeast extract were main experimental factors which 

enhanced the microbial growth and enzyme production by 4.5-fold. 

https://www.ncbi.nlm.nih.gov/pubmed/?term=Sathishkumar%20R%5BAuthor%5D&cauthor=true&cauthor_uid=28352574
https://www.ncbi.nlm.nih.gov/pubmed/?term=Vasiee%20A%5BAuthor%5D&cauthor=true&cauthor_uid=27816679
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2.3 Purification of lipases 

Uttatree et al. (2010) isolated Acinetobacter baylyi which could produce lipolytic enzymes 

naturally. Lipase was purified effectively (21.89-fold) to uniformity by ammonium sulphate 

precipitation and gel permeable column chromatography having 30 kDa relative molecular 

mass. 

Padmapriya et al. (2011) carried out the purification of lipase produced by 

Lactobacillus sp. 2-fold purification was resulted with 75 % recovery by ammonium sulphate 

precipitation. The crude enzyme after dialysis showed 36.5-folds of purification with 66.6 % 

recovery of lipase from Lactobacillus sp. 

Pradeep et al. (2012) reported the purification of lipase enzyme by Serratia 

marcescens MBB05. The enzyme was purified by ammonium sulphate precipitation and then 

dialyzed against buffer over night. The dialyzed solution having some impurities passed 

through column that equilibrated with Tris-HCl buffer. The lipase loaded fractions were 

collected and kept aside as the purified lipase. 

Tripathi et al. (2014) purified Microbacterium sp. lipase by ammonium sulphate 

precipitation and Sephadex G-100 column chromatography for salting out the proteins. 

Desalting was carried out to increase the enzymatic activity. 2.1-fold of purification was 

resulted with a total yield of 20.8 %. This little enzyme yield might be due to having trouble 

to remove high contents of lipopolysaccharide present in the microbial specie. 

2.4 Characterization of lipases 

2.4.1 Effect of pH on lipase activity 

Uttatree et al. (2010) isolated Acinetobacter baylyi which could produce lipolytic enzymes. 

The enzyme articulated the maximum activity at pH 8.0 using paranitrophenyl palmitate as 

substrate and observed to be stable in pH range of 6.0-9.0. 

Padmapriya et al. (2011) reported the effect of pH on lipase activity with various pH 

range from 6-10. The optimum pH for A. flavus lipase was 9. 
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Pradeep et al. (2012) examined the lipase activity with olive oil as substrate using the 

pH range of 3.5 to 9.0. Olive oil was hydrolyzed by purified lipase considerably over a 

comparatively wide pH range. S. marcescens MBB05 lipase showed maximum activity at 7.0 

pH. At alkaline and acidic pH, the enzyme activity was decreased steadily. Moreover, lipase 

was observed to be stable at pH 7.0 for 40 minutes. 

Selvam and Vishnupriya (2013) determined the optimum pH to obtain maximum 

enzyme activity that was evaluated at different pH levels i.e., 3 to 10 at 30 ºC. The optimum 

pH for lipase from S. variabilis NGP 3 was observed to be 8.5; beyond the pH 8.5 the 

enzyme activity was decreased. However, the enzyme was active in the range of 5 to 8 pH. 

Dey et al. (2014) determined the pH stability of lipase. The pH of the mixture used to 

find enzyme activity was varied with different buffer systems of pH 2-11. Two optima of pH 

for lipase activity were noticed at 3.5 and 8.5 respectively. The pH stability profile made this 

lipase valuable for industrial applications. 

Tripathi et al. (2014) investigated the optimal pH of lipase enzyme that was 

determined in the range of 3 to 11 using PNPP as substrate and spectrophotometric assay 

method was used. The optimum pH was found as 8.5 while it was active the whole time in a 

range of pH 3 to 11. 

Colla et al. (2015) reported that lipases produced from Aspergillus species by 

submerged fermentation showed optimum pH as 7.2 having 80 % stability in acidic range of 

pH. On contrary, lipases obtained by SSF presented optimum pH 6 and had almost 60 % 

stability in alkaline range of pH. 

Iqbal and Rehman (2015) reported that lipase from Bacillus subtilis showed the 

optimum pH as 7.0 for enzyme stability.  

2.4.2 Effect of temperature on lipase activity 

Dharmsthiti et al. (1998) investigated the lipase activity from A. calcoaceticus LP009 for its 

characterization. Lipase showed the optimum activity at 50 °C and was comparatively stable 

at 4, 30, or 37 °C. 

https://www.jstage.jst.go.jp/search/global/_search/-char/en?item=8&word=Saovanee+Dharmsthiti
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Menoncin et al. (2010) evaluated the enzyme extracts from P. verrucosum in terms of 

the optimum temperature and their stability. It was revealed that the optimum experimental 

conditions were established at 37 °C. 

Uttatree et al. (2010) isolated A. baylyi from marine sludge that could synthesize 

lipase. The enzyme showed the maximum activity at 60 ºC with pNPP substrate and observed 

to be stable between 60 to 80 ºC of temperature. 

Padmapriya et al. (2011) determined the thermal properties of Lactobacillus sp. 

lipase. The residual activity was calculated after every hour of incubation at different 

temperature levels from 30-70 °C. The enzyme was observed to be most stable between 30 to 

50 °C of temperature.  

Pradeep et al. (2012) investigated the lipase activity within the temperature range of 

20-80 ºC. The activity of lipase was increased steadily by increasing temperature and was 

reached at its maximum level at 40 ºC. Still, 85 % of activity was achieved at 50 and 60 ºC. 

Selvam and Vishnupriya (2013) determined the optimum temperature for lipase 

activity estimating at various temperature levels (30-70 ºC). Lipase was thermally active in 

the range of 25 to 40 ºC, after that the enzyme activity was decreased. The specific activity 

found at the optimum temperature (45 ºC) was 1757.81 U/mg. 

Dey et al. (2014) characterized the Pseudomonas sp. lipase with respect to 

temperature. To determine the thermal stability, purified lipase was incubated for varied time 

intervals at 20- 70 °C. Optimal lipase activity was achieved at 22 °C. The lipase stability was 

very high at 20 °C but it was started to decrease after 30 °C. It reserved its half activity at 50-

60 °C. The enzyme was found completely inactive at 70 °C after 120 min of incubation.  

Colla et al. (2015) reported that lipases produced from Asperegillus species by 

submerged fermentation showed optimum temperature as 37 °C and those produced by SSF 

presented 35 °C as optimum temperature. Furthermore, the enzymes produced by submerged 

fermentation were more thermo-stable presenting 72 % of residual activity at 90 °C.  

Iqbal and Rehman (2015) reported that lipase from Bacillus subtilis exhibited good 

stability at elevated temperatures as well as showed its optimum activity at 50 °C. 
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2.4.3 Effect of metal ions, inhibitors and organic solvents 

Dharmsthiti et al. (1998) depicted that A. calcoaceticus LP009 lipase was a metallo-enzyme 

as it was observed to be inactivated by EDTA. On contrary, the addition of Fe3+ ions 

enhanced lipase activity. It exhibited higher stability with Triton X-100, Tween-20 or Tween-

80. PMSF and 2-mercaptoethanol did not affect enzyme activity.  

Uttatree et al. (2010) investigated the stability profile of Acinetobacter baylyi lipase 

upon the addition of organic solvents, inhibitors and metal ions. It was depicted that lipase 

was highly resistant to benzene and iso amyl alcohol, but its activity was inhibited (40 %) by 

hexane, decane, acetonitrile, and short-chain alcohols. Metal ions like Mn2+, Fe2+, SDS and 

EDTA completely repressed the lipase activity. On contrary, the activity was enhanced by 

PMSF, Mg2+ and Na+ and no considerable effect was observed in the presence of Ca2+ and 

Li+. 

Kumar et al. (2012) investigated the solvent stability of lipase and the enzyme 

exhibited good stability (>75 %) against petroleum ether, hexane, cyclohexane, chloroform, 

acetone, ethanol, 1-propanol and 2-propanol while the relative activity was 68-10.1 % in the 

presence of ethyl acetate, diethyl ether, methanol, benzene butanol and DMSO. 

Anbu and Hurr (2014) isolated seven lipase‐producing bacterial strains, one of them 

(PAL05) showed significantly greater stability in organic solvents. Crude lipase maintained 

its activity with 25 % and 50 % levels of different organic solvents. Benzene and ethanol 

truly enhanced the enzyme activity. 

Dey et al. (2014) reported that lipase activity was near to that of the control in the 

presence of metal ions while it was observed to be increased a little in the presence of lower 

concentration of Ca2+. Cr3+ was also the lipase activity enhancer to some extent. Lead was 

observed to be the best metal to enhance the lipase activity. 

Tripathi et al. (2014) reported that lipase activity was not affected by Na+ and Ba+ 

salts while Li+, K+, Mg2+ and Zn2+ ions decreased the activity. Ca2+ was found the best 

activator by increasing lipase activity by 50 %. 

https://www.jstage.jst.go.jp/search/global/_search/-char/en?item=8&word=Saovanee+Dharmsthiti


 
 

19 

Das et al. (2016) studied the effect of organic solvents for fungal lipase which 

revealed an extreme reduction in its activity as compared to the control. It might be due to the 

dehydrating action of organic solvents that resulted in precipitating the enzyme which had 

badly affected its activity. 

2.4.4 Determination of kinetic parameters 

Kumar et al. (2012) characterized lipase isolated from Bacillus sp. and Km of the purified 

lipase was observed to be 1.83 mML-1. The Vmax, as the reciprocal of intercept was measured 

as 10.0 mML-1min-1. 

Dey et al. (2014) determined the Km and Vmax of purified extracellular lipase from 

Lineweaver Burk double reciprocal plots by varying the concentration of olive oil. Km and 

Vmax for olive oil were 0.260 mM and 144.93 U/mg/min respectively. 

Santos et al. (2014) calculated the Km and Vmax of free and immobilized lipase. The 

free lipase had Km of 117 mM which showed its higher affinity to the substrate than the 

immobilized enzyme having Km of 170 mM. On contrary Vmax for free and immobilized 

enzyme had similar values i.e., 0.0276 and 0.0216 mMmin.-1 respectively. 

Tripathi et al. (2014) determined the Km and Vmax values using Michaelis-Menten 

plots at optimal values of variables like pH and temperature using several concentrations of 

pNPP substrate. The Km and Vmax were estimated to be 3.2 mM and 50 μM/min/mg 

respectively. 

Das et al. (2016) determined the Vmax and Km of the lipase as 53,690 U/ml/min and 

330.4 mg, respectively. The low value of Km revealed that a little amount of substrate could 

saturate the enzyme. 

Gururaj et al. (2016) investigated the characteristics of lipase from Acinetobacter sp. 

AU07 using 4-nitrophenyl palmitate substrate and reported its kinetic parameters. The Vmax 

and Km of the enzyme were 16.98Â U/mg and 0.51Â mM respectively. 
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Vasiee et al. (2016) identified Bacillus cereus by Rhodamin B agar plate method. The 

kinetic parameters of Km and Vmax for the lipase were estimated to be 5.3 mM and 

0.367 μM/min.mL respectively.  

2.5 Biodegradation of polymers  

Lipases are the enzymes which have the ability to catalyze the ester bonds hydrolysis in 

polyesters in the presence of an aqueous media. Nagata et al. (2008) prepared biodegradable 

poly (ester-carbonate)s through melt poly condensation process to prepare pre and post 

polymers for 40-80 min at 270 °C. Transparent and flexible films were achieved by this 

process. These films were biodegraded by Rhizopus delemar lipase at 37 °C. The weight loss 

in the films of polymers was observed to increase with time. Hydrolysis of the ester linkages 

in the polymers by lipase was confirmed by GPC curves. 

The biodegradation of poly (octamethylene suberate) was reported by Casas and 

Puiggal (2009). Different attack mechanisms by Rhizopus oryzae lipases in degrading 

crystalline sphere were observed. Depending on crystallization conditions like temperature 

fluctuations, the enzyme attacked the lamellar fold surfaces or lateral crystal growth faces. 

Lenglet et al. (2009) synthesized a series of copolymers of 3-caprolactone and DL-

lactide using zinc lactate as catalyst. Pseudomonas lipase was subjected with a phosphate 

buffer of pH 7.6 to degrade these copolymer films prepared by compression mould. Co-

polymers with CL contents lower than 25 % were found to be non-degradable. The results 

depicted that Pseudomonas lipase was able to degrade PCL as well as PCL/PLA copolymers. 

Analysis through ESEM proved the mechanism of surface weathering. 

Mallepally et al. (2009) reported the enzymatic degradation of hyper branched 

polyesters. Pseudomonas cepacia, Cal-B, Novozym 388 and Lipomod 34P lipases were 

employed for degradation. The degree of polymer degradation was carried out by Gas 

chromatography. It was revealed that the rate of degradation was reduced by increasing the 

alkane chain length of the end groups. Reflected electron microscopy was employed to assess 

the surface morphological changes. After degradation, the crystallinity changes in the 

polyesters were determined by DSC.  

https://www.ncbi.nlm.nih.gov/pubmed/?term=Vasiee%20A%5BAuthor%5D&cauthor=true&cauthor_uid=27816679
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Karunanidhi et al. (2010) synthesized a series of aliphatic copolyesters. 

Characterization of the polyesters was conducted by XRD, DSC, viscosity measurements and 

gel permeation chromatography (GPC). The biodegradation of polyesters was studied by 

using the buffer solution with lipases from Mucor miehei and Candida cylindracea. The 

structural morphological changes were determined by using SEM. The biodegradation was 

influenced by crystallinity of polyester and the polyester with little crystallinity index showed 

the highest rate of degradation by both the enzymes. 

Papageorgiou et al. (2010) synthesized Poly (ethylene azelate) and its melting 

behaviour was studied with the help of DSC and Step Scan DSC. Then enzymatic and 

chemical hydrolysis of PEAz was explored. Results depicted that enzymatic hydrolysis 

presented the degradation rates similar to PCL while those of chemical hydrolysis were not 

so prominent. 

Peng et al. (2010) explored the synthesis of copolymers based on PCL. Porcine 

pancreatic lipase was reported for the first time to degrade the PCD electrospun mats up to 92 

% weight loss in 7 days of incubation but no visible effect on PCL Ems was observed. The 

analysis of degradation products revealed that fast rate of degradation was achieved due to 

the presence of higher percentage of amorphous region in PCD. Introducing the PEG 

segment improved the hydrophilicity of PCD but it caused to decrease the degradation rate. 

Tsai et al. (2010) investigated the synthesis of a series of copolyesters (PBSCs). 

Techniques like wide-angle XRD, gel permeation chromatography, TGA, DSC and 1HNMR 

were employed to characterize these copolyesters. Pseudomonas cepacia lipase was 

employed to examine biodegradation of PBSCs. Crystallinity had no significant effect on 

biodegradation while surface hydrophilicity was proved to be a key factor to influence 

enzymatic hydrolysis. 

Jecu et al. (2012) degraded PHB by fungi, bacteria and actinomycetes. Scanning 

Electron Microscopy (SEM) confirmed the attachment of fungal growth on the films 

surfaces, existence of conidiophores and filaments network. FTIR spectra exposed a small 

increase in absorption of C=O band in 1750-1700 cm-1 region, which was more prominent for 

composites incubated for 60 days, representing the degradation of PHB-PVA composites. 
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Boyandin et al. (2013) performed microbial biodegradation of PHA by different 

communities. PHA degradation was affected by specimen shape, polymer chemical 

composition and microbial properties. PHA degradation was also followed by a decline in the 

molecular mass of polymer and, frequently, a rise in the degree of crystallinity, indicating 

favoured degradation of the amorphous region. 

Shah et al. (2013) used enrichment technique to isolate a bacterial strain MZA-75 

having the ability to degrade polyurethane (PU). The PU films degradation process in the 

medium containing mineral salts was evaluated by SEM, FT-IR and gel permeation 

chromatography (GPC). SEM exposed the presence of extensive flaws on the surface. FTIR 

spectrum determined the reduction in the peak intensity of ester functional group.  

In the presence of lipase, effect of enzymatic degradation on fiber morphology and 

mechanical properties of PCL and PGC was studied by Patel et al. (2015). Changes in tensile 

strength were found significant after 1 month of degradation. The cracks in fiber were visibly 

marked by SEM after 4 weeks. 
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Chapter # 3 

             MATERIALS AND METHODS  

3.1 Chemicals 

All the materials employed in this study were of analytical grade, and bought from the Sigma 

Aldrich Company Co. USA and Merck Germany. Polyester samples were provided by 

Physical Chemistry Lab, Cardiff University, UK. 

3.2 Collection and development of substrates 

Five agro-industrial wastes including wheat bran, rice bran, canola oilseed cake, peanut 

shells and sunflower hulls were collected from different areas of Faisalabad, Pakistan. All the 

substrates were desiccated till attaining an invariable weight. The samples were crushed and 

then sifted to achieve similar particle size. 

3.3 Collection of the fungal strains 

Two strains of fungi employed in this study were collected from the Fungal Bank, Punjab 

University, Lahore, Pakistan. Those strains were Penicillium fellutanum and Aspergillus 

melleus. The spores of fungi were preserved on potato dextrose agar slants. They were 

revitalized time by time and set aside in refrigerator for subsequent use. 

3.4 Preparation of slants 

Potato dextrose agar slants were used to preserve spores of fungi. PDA (39 g) was dissolved 

in 1 liter of distilled water to prepare the PDA medium. This solution was heated till boiling 

for at least 5 min with continuous shaking. The cooled PDA solution was poured into test 

tubes and covered with cotton plugs and aluminum foil. They were then autoclaved for 15 

min at 121 ºC. After 24 hours, in laminar air flow under hygienic environment, the spores of 

fungi were added to the prepared petri-plates and slants. Finally, they were cultivated at 30 

ºC till sporulation and then put away at 4 ºC for subsequent use. 
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3.5 Preparation of inoculum  

In order to prepare the inoculums, 100 mL of Kirk Basal medium was transferred in a set of 

conical flasks. 4-5 small gravels were added in the flasks for the breakdown of the mycelia. 

Then inoculum was prepared in autoclaved medium under sanitized conditions by 

inoculating the fungal culture from the slants. Inoculated flasks were incubated in an orbital 

shaker (PA250/25H) at120 rpm and 30 °C for 3 days and then it was used as inoculum. 

3.6 Lipase production by solid state fermentation 

10 g of substrates were added in conical flasks which were moistened with 50 % water and 

sterilized for 20 min at 120 °C. Later on, after cooling these flasks were inoculated with 2 

mL of spore suspension and cultivated for 72 h at 30 °C. 

3.7 Optimization studies by classical approach  

Fundamental factors for highest lipase production were optimized using the conventional 

method in which one factor was varied at a time. The basic factors affecting the lipase 

production considered in this study were: moisture (30-80 %), pH (3-8), incubation 

temperature (25-45 °C), incubation time (24-144 h), amount of substrate (5-25 g) and 

inoculums size (1-6 mL). Effect of supplementary sources of carbon (fructose, glucose, 

lactose, maltose, sucrose, sodium acetate and tri sodium citrate), sources of nitrogen (urea, 

ammonium sulphate, peptone, ammonium nitrate, yeast extract, sodium nitrate and 

diammonium tartarate) and olive oil concentration (1-5 %) was also studied. 

3.8 Harvesting of the growth media 

At the end of fermentation process, 100 mL of 0.1M phosphate buffer was mixed with the 

fermented material and crude enzyme was separated. This mixture was then subjected for 

shaking. The well shaken extract was filtered and lipase assay was done with the obtained 

supernatants.   
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3.9 Enzyme assay 

Enzyme activity was evaluated by following the method of Yagiz et al. (2007), using para 

nitrophenylpalmitate (pNPP) as a substrate.  

Enzyme activity was calculated by the following formula: 

 

𝐿𝑖𝑝𝑎𝑠𝑒 𝑎𝑐𝑡𝑖𝑣𝑖𝑡𝑦 =  
𝐴𝑏𝑠.  𝑜𝑓 𝑠𝑎𝑚𝑝𝑙𝑒 × 𝑆𝑡𝑎𝑛𝑑𝑎𝑟𝑑 𝑓𝑎𝑐𝑡𝑜𝑟

𝑇𝑖𝑚𝑒 𝑜𝑓 𝑟𝑒𝑎𝑐𝑡𝑖𝑜𝑛 × 𝐸𝑛𝑧𝑦𝑚𝑒 𝑒𝑥𝑡𝑟𝑎𝑐𝑡 𝑖𝑛 𝑚𝐿
  (3.1) 

 

One unit of lipase activity is defined as the quantity of enzyme producing 1μmol of para-

nitrophenol per mL/min under standard assay conditions. 

 

3.10 Response surface methodology (RSM)  

Classical method is time taking and involves a lot of experiments to determine the optimum 

levels (Elibol, 2002). The statistical optimization of processes is advantageous over classical 

approach such as the smaller number of experiments and the opportunity of having the 

interaction studies among variables (Colla et al., 2016). 

Statistical experimental design methods such as response surface methodology 

(RSM) can propose a practical and innovative plan for experimentation to reach a certain 

target, so that several control factors are considered at the same time. Design Expert-Version 

7.0 was operated to evaluate the experimental data (Bae and Shoda, 2005). 

3.10.1 Experimental design 

The Central Composite Design (CCD) was employed in this study. Three numerical 

significant variables as pH (A), incubation time (B), temperature (C) and one categorical 

factor as additional nutritional source (D) was chosen. 40 experimental runs were created by 

Design Expert software. 

The second order equation employed to explain the association between dependent and 

independent variables was given below:  
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Y = β˳ + β1A + β2B + β3C + β4D + β12AB + β13AC + β14AD + β23BC + β24BD + β34CD + 

β11A
2 + β22B

2 + β33C
2 + β44D

2       (3.2) 

Where, 

Y    :            The response variable 

β˳    :            Intercept 

β1, β2, β3, β4  :   The coefficients of A, B, C, D 

β12, β13, β14, β23, β24, β34 :   Coefficients of cross products 

β11, β22, β33, β44  :    Coefficients of quadratic terms  

A positive sign in the equation corresponds to a synergistic effect of the variables, 

while a negative sign specifies an opposite effect. 

The higher and lesser limits of process variables for the production of lipase are 

presented in Table 3.1. 

Table 3.1 Experimental ranges of independent variables  

Factors 
Ranges and levels 

-1                0             +1 

A: pH                3                 4               5 

B: Incubation time* (h)               24               48             72 

B: Incubation time** (h)               72               96            120 

C: Temperature (°C)               25               30             35 

D: Nutritional source* Glucose &  Lactose 

D: Nutritional source** Diammonium tartarate & Sodium nitrate 

 

*   Variable range and level for lipase production by P. fellutanum 

**   Variable range and level for lipase production by A. melleus 
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3.10.2 Experimental program 

The experiments designed by the RSM were performed at optimum levels of moisture 

content, substrate and inoculum level to check out the effect of pH, incubation time, 

temperature and nutritional source on the production of lipase by both of the fungal strains. 

The obtained responses were recorded in the form of enzyme activity (U/gds). 

3.10.3 Statistical analysis of experimental designs  

The quality of fit was articulated as the coefficient of determination (R2) using the second-

order equation. Its significance was determined on the basis of an F (Fisher) test, and the 

statistical significance of the coefficients of regression was established by the Student’s t test. 

Analyses of variance (ANOVA) were implemented to evaluate the results obtained using 

CCD and quadratic model of cultures of A. melleus and P. fellutanum to be used for the 

production of lipolytic enzyme. The level of significance was set at 0.05. 

3.10.4 Verification of the model 

The verification report created by the design expert software predicted the maximum lipase 

activities for lipase production under a given set of optimum conditions by P. fellutanum and 

A. melleus. Three sets of repetitive experiments were carried out under these predicted 

optimum conditions and got experimental lipase activities. 

3.11 Protein estimation 

Total protein contents present in the enzyme extracts were found by using Bradford method 

(Bradford, 1976). The standard used in this method was Bovine serum albumin (BSA). Blank 

was prepared without enzyme extract having same measure of distilled water. The protocol 

used for protein estimation is given below: 
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Fig. 3.1 Protocol used for the estimation of protein contents. 

3.11.1 Standard curve for protein estimation 

Drawing the standard curve is an essential part of protein analysis. Protein contents were 

determined by using it and that way we had measured the success of our experiments and 

compare them to others. 

Layout plan for the development of standard curve is as follows: 

 

Fig. 3.2 Layout plan for the development of standard curve. 
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Fig. 3.3 Standard curve for protein estimation 

3.12 Purification of lipase 

Purification of lipase enzyme was executed by exposing the raw solution of enzyme to the 

ammonium sulphate precipitation followed by dialysis. 

3.12.1 Ammonium sulphate precipitation 

The enzyme extract was exposed to ammonium sulphate precipitation using 80 % solid 

ammonium sulphate and dialyzed overnight against distilled water as described earlier by 

Bhatti et al. (2006).   

3.12.2 Dialysis 

Dialysis was accomplished to remove the traces of ammonium sulphate. 15 mL sample was 

poured in the Dialysis apparatus and was held in inverted position in a beaker having distilled 

water. It was then set aside on magnetic stirrer for 24 h at room temperature and distilled 

water was changed after every 6 h. 
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3.13 Characterization of lipase 

Characterization of partially purified lipase was carried out as described earlier by Bhatti et 

al. (2007b). 

The optimum pH of lipase enzyme activity was found by incubating the partially purified 

enzyme in the pH range 4.0-10.0 (Bhatti et al., 2006). Lipase stability was observed by 

evaluating the residual lipase activity when incubated with buffers of varying pH range of 4-

10 for 24 h. The temperature was optimized for pNPP hydrolysis by assaying the mixture of 

enzyme and substrate at a range of temperature i.e., 25-55 ºC under standard conditions. 

Arrhenius plot was used to calculate activation energy (Ea). 

To determine the kinetic parameters, predetermined amount of lipase was incubated with 

different concentrations of pNPP. Line-Weaver Burk plot was employed to estimate the 

Michealis-Menton constants (Km, Vmax). Thermal stability was evaluated by incubation of the 

enzyme without substrate at diverse temperatures. Values of inactivation rate constants (kd), 

half lives and activation energy, Ea were calculated by using the method reported by Bhatti et 

al. (2006). The relevant equations are as given below: 

 

Fig. 3.4 Formulae of activation enthalpy, free energy of inactivation and activation 

entropy.  
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2 mM solution of different metals i.e., Pb2+, Zn2+, Hg2+, Sr2+, Al3+, Cu2+, Ca2+, Mn2+, 

Cd2+, Ni2+ and Mg2+ was prepared to determine their effect on enzyme activity. Then 

buffered substrate solution was mixed with metal solution and was subjected for enzyme 

assay. The outcome of inhibitors (urea and guanidine hydrochloride) on lipase activity was 

determined by following the method adopted by Amin et al. (2008). To determine the 

influence of organic solvents on lipase stability, partially purified enzyme with 10 % of each 

solvent (acetone, hexanol, benzene, spirit, ethanol, ether, petroleum spirit, propanol and 

petroleum ether) was assayed at 410 nm. Buffer was used as blank. 

3.14 Biodegradation of polyesters 

3.14.1 Materials 

Five different polyester samples including, poly (ɛ-caprolactone) (PCL, MW: 25,000), 

polyester vylon 200 (MW: 17,000), Poly (methyl methacrylate) (PMMA, MW: 996,000), 

polyvinyl acetate (PVAc, MW: 119,000) and Poly (ethyl methacrylate) (PEMA, MW: 

515,000) were provided by Physical Chemistry Lab, Cardiff University, UK. All the 

polyesters used here were of analytical grade and were used as obtained for degradation 

without any further purification. 

3.14.2 Film preparation 

The polyester films were prepared by solvent casting method using chloroform, acetone, 

ethyl acetate and tetrahydrofuran (THF) as solvents according to the solubility of each 

polymer sample. For this purpose, a dilute solution (5 %) of polymer sample in suitable 

solvent was prepared and then, this solution was cast on a glass petri plate and dried at room 

temperature for 3 days. When solvent was evaporated and thin film with uniform thickness 

was prepared, then it was peeled from the surface of Petri plate. These films were amended 

into small sections (1 × 1cm). Films were set aside for two weeks before use. The sample 

polymer film is shown in Fig. 3.5. 
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Fig. 3.5 Polyvinyl acetate (PVAc) film sample. 

3.14.3 Biodegradation study 

Polyester films (1 × 1 cm with uniform thickness; initial weight 15-20 mg) were incubated at 

37 ºC in vials having 2 mL of potassium phosphate buffer (0.1 M) of pH 7.4 and 2 mL of 

lipase enzyme extract. Media were replaced after every 24 h. The films were extracted from 

the enzymatic solution after specific time intervals, washed with distilled water, and dried in 

desiccators to an invariable weight. The first weight loss was measured after 24 h, the next 

were after 3, 5 and 7 days and then after 2, 3 and 4 weeks of incubation. The process was 

continued until there was no weight loss in two consecutive immersions. Blank experiments 

without enzyme were also being carried out. The weight loss of polyester sample with blank 

was subtracted from total weight loss to find out the actual degradation by lipase (Umare and 

Chandure, 2008). The percentage of weight loss, WL %, was calculated by the following 

equation: 

% Weight loss = 100 (W0–Wt)/W0       (3.3) 

Where W0 and Wt  are the initial and the residual weight of the sample respectively. 

3.14.4 Optimization of important parameters for biodegradation 

Different process parameters like incubation time (1-28 days), pH of the medium (6-9), 

enzyme concentration (1-6 mL) and incubation temperature (25-50 ºC) were optimized for 
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maximum biodegradation of polyesters. 

3.14.5 Characterization of biodegradation of polyesters 

Different techniques like Fourier Transform Infrared Spectroscopy (FT-IR), Differential 

Scanning Calorimetry (DSC) and Scanning Electron Microscopy (SEM) were employed to 

characterize the biodegradation of polyesters. 

3.14.5.1 FT-IR spectra 

To ensure the degradation of ester linkages of polyesters, FT-IR spectra of polyester samples 

were recorded before and after degradation between frequency range 600-4000 cm-1on FTIR, 

Shimadzu spectrophotometer. 

3.14.5.2 Differential Scanning Calorimetry 

DSC scans were taken out using DSC Thermal Analysis instrument, SDT Q600. 5-10 g of 

sample was used in the temperature range from 25 to 450 ºC at a heating rate of 10 ºC/min. 

The Tg were determined from the DCS scans as the midpoint of the heat capacity change. 

3.14.5.3 Scanning Electron Microscopy 

The effect of biodegradation upon the surfaces of treated and untreated polyester films were 

investigated by Scanning Electron Microscopy (SEM). 

3.15 Statistical analysis 

All the experiments were conducted in triplicate and the results were presented with standard 

deviations using Microsoft Excel. Data were subjected to statistical analysis using analysis of 

variance. 
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Chapter # 4 

       RESULTS AND DISCUSSION 

 

The major goal of the present study was to explore the appropriate strains of fungi and 

suitable substrate for potential lipase production. Then, purification of crude lipase and its 

characterization to verify the catalytic features was carried out. Finally, biodegradation of 

polyesters and characterization of degradation process was done as an application of 

microbial lipases. 

4.1 Screening and selection of substrate 

Solid state fermentation has great prospective value for the production of enzymes. Choice of 

a suitable substrate for the enzyme synthesis in SSF process is accompanied by a number of 

elements, largely associated to the expenditure and accessibility of the substrate, so agro-

industrial residues are considered the best choice. They have several advantages for 

filamentous fungi such as the ability of piercing into the solid substrates, assisted by the 

occurrence of turgor pressure at the head of the mycelium (Ramachandran et al., 2004). Two 

fungal strains of Penicillium fellutanum and Aspergillus melleus were found to be the good 

lipase producers under solid state fermentation, and were used throughout this study for the 

production of lipases. 

Five agro-industrial wastes including wheat bran, rice bran, canola oilseed cake, peanut 

shells and sunflower hulls were employed as substrate. The result shows that substrate 

variation has a significant effect on the lipase production by both the fungal strains (P<<0.05, 

Table 1.1 and 1.2). Among these substrates examined for lipase synthesis, canola oilseed 

cake provided better enzyme production than any other substrate by both of the fungal strains 

(Fig. 4.1). After 72 h of incubation with moisture contents 50 % and pH 5.5, canola oilseed 

cake produced 323.62 U/gds lipase by P. fellutanum, and 373.88 U/gds by A. melleus. The 

decent lipase production by canola oilseed cake proved it the good lipase producer which 

indicates that canola oilseed cake contains all the nutrients which are necessary for fungus to 

grow and produce lipase as it is rich in lipid contents than any other source (which are the 
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rich source of insoluble fiber) used in the present study. Therefore, canola oilseed cake was 

used as solid substrate in the subsequent study. 

 

Fig. 4.1 Screening of substrate for lipase production by P. fellutanum and A. melleus in 

SSF. 

Reaction time 72 h, T = 30 °C, Amount of substrate 10 g, Inoculum size 2 mL and pH 5.5. 

 

4.2 Optimization of lipase production by P. fellutanum and A. melleus in 

SSF 

The physical parameters such as moisture content, pH, substrate level, inoculum size, 

incubation time and temperature usually affect the lipase production significantly. After the 

selection of suitable substrate, all these parameters were studied one by one using classical 

approach. 

4.2.1 Effect of moisture content 

The SSF technique includes the growth of microorganisms on moist solid substrates without 

any free-flowing water. Moisture content is an important experimental factor as it is 

responsible for the effectiveness of fermentation process. It can vary from one 

microorganism to another due to its metabolic activity, environmental factors and type of 
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substrate as well as micro-organisms. The substrate used in SSF should have enough 

moisture content to meet the microorganism’s requirements for the liberation of valuable 

products such as enzymes (Vaseghi et al., 2013). The water which exists as such in the solid 

substrate is important for fungal growth on the substrate due to efficient oxygen transport 

process. The effect of moisture level on lipase production by P. fellutanum and A. melleus 

was examined by moistening the solid substrate (canola oil seed cake) with distilled water 

from 30-80 % (V/W). Table 4.1 & 4.2 revealed that variation in the moisture level affected 

the production of lipase appreciably (p < 0.05). The highest lipase activity, 323.62 U/gds was 

achieved at 50 % moisture level by P. fellutanum and 402.08 U/gds at 60 % moisture level 

by A. melleus as shown in Fig. 4.2. More increase in moisture content decreased the lipase 

yield steadily. The minimum lipase activities, 188.78 U/gds and 228 U/gds were found with 

80 % moisture contents by P. fellutanum and A. melleus respectively. 

It has been reported that higher moisture contents lead to decrease porosity and 

oxygen transfer in substrate, promote initiation of stickiness and increase the possibility of 

contamination, while lower moisture contents cut down the nutrients solubility in the 

substrate (Mahanta et al., 2008; Contesini et al., 2010). In the present study, an indecent 

lipase production was observed at very low or high moisture levels. The low levels of lipase 

at very high or low moisture contents by both fungal strains might be caused by the low 

dispersion of nutrients in lower moisture contents while higher moisture contents led to the 

compaction of substrate. Our findings are in agreement with Kamini et al. (1998) who 

announced the requirement of 60 % moisture level for maximum synthesis of lipase using 

gingelly oilseed cake as solid substrate. Imandi et al. (2010) also observed 60 % optimal 

moisture content by Yarrowia lipolytica. Mahanta et al. (2008) described that 50 % moisture 

content was perfect for lipase production.  
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Fig. 4.2 Effect of moisture content on production of lipase by P. fellutanum and A. 

melleus. 

4.2.2 Effect of incubation time 

The optimal incubation time was monitored by assessing the lipase activity and fungal 

biomass till 144 h after every 24 h time interval. As revealed by ANOVA results (Table 4.1 

& 4.2), incubation period was the most significant factor for the lipase production by both 

fungal strains (P<<< 0.05). After first interval of 24 h, significant production of lipase was 

commenced for both of the fungal species. Maximum lipase activity by P. fellutanum was 

achieved after 48 h of incubation while 96 h incubation time was observed to be optimum for 

lipase production by A. melleus. Further incubation after optimum values had not a 

stimulatory effect on lipase activity but a steep reduction in lipase activity was observed after 

144 h up to 68.65 U/gds and 155.68 U/gds by P. fellutanum and A. melleus respectively (Fig. 

4.3). By extended periods of incubation, lipase production was cut down as indicated by 

lipase activities from both of the strains after 6 days (144 h) of cultivation while mycelial 

growth was continuously stimulated all over the fermentation period. 

50

100

150

200

250

300

350

400

450

500

20 30 40 50 60 70 80 90

Li
p

as
e

 A
ct

iv
it

y 
(U

/g
d

s)

Moisture Content (%)

Penicillium fellutanum

Aspergillus melleus



 
 

38 

It is suggested that decline in lipase yield after prolonged cultivation periods might be 

due to the loss of nutrients and moisture or poor oxygen supply due to the compaction of 

fungal mycelia and production of proteases leading to inactivation of enzyme (Sanchez et al., 

1999). It was also quite possible that in the beginning, microorganism was adjusting to the 

environmental circumstances. The highest lipase activity was achieved during the 

exponential growth phase, slowly decreased at the end of logarithm phase of growth due to 

the production of citric acid in the medium (Kamzolova et al., 2005). Comparable results 

were documented by Hiol et al. (2000) who observed optimum lipase activity after 4 days of 

incubation by Rhizopus oryzae. Hamdy and Abo-Tahon (2012), and Sethi et al. (2013) also 

reported maximum lipase production after 4 days of incubation at 30 °C. 

Veerapagu et al. (2013) identified the lipase producing bacteria Pseudomonas 

gessardii BLP2 and achieved the maximum lipase activity by incubating it for 48 hours. 

Comparable results were found by Ul-Haq et al. (2002) who reported Rhizopus sp. for lipase 

production. 

 

 

Fig. 4.3 Effect of incubation time on production of lipase by P. fellutanum and A. 

melleus. 
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4.2.3 Effect of pH 

The pH (measure of acidity or alkalinity of a medium) plays a key role to determine the 

variety of organisms that can take over a specific substrate. Each microorganism grows and 

acts at a unique optimum pH, because change in pH affects its growth and metabolic activity. 

Filamentous fungi are thought to flourish over a wide range of pH under SSF due to 

enhanced buffering capacity of solid substrate (Shankar and Mulimani, 2007; Amin et al., 

2008; Sun and Xu, 2008). Optimum pH was determined for lipase production carrying out 

the experiment at different pH values (3.0-8.0). Figure 4.4 revealed that maximum lipase 

activities 396.59 U/gds by P. fellutanum and 494.02 U/gds by A. melleus were obtained at pH 

4.0. It has been observed here that P. fellutanum and A. melleus are capable to be cultivated 

over a wide range of pH but with an optimum of pH 4 which means that they need an acidic 

pH to grow well and produce lipase (p < 0.05). 

Coradi et al. (2013) observed that lipase production was highest at pH 6.0, but it was 

also significant at pH 4.0 and 5.0. Comparable results were reported by Santos et al. (2014) 

who produced lipase by A. niger under SSF and achieved optimal lipase activity at acidic pH 

4.0. But other researchers had reported optimum pH values higher than optimal value for P. 

fellutanum and A. melleus: pH 9 for P. candidum (Ruiz et al., 2001); pH 8 for Bacillus sp. 

FH5 (Hasanet al., 2006); pH 9 for Pseudomonas sp. 7323 (Zhang and Zeng, 2008). 

 

Fig. 4.4 Effect of pH on production of lipase by P. fellutanum and A. melleus. 
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4.2.4 Effect of substrate level 

The concentration of substrate for the production of enzyme is vital in SSF so that the 

amount of substrate was standardized for lipase production by varying the amount of 

substrate i.e. canola oil seed cake from 5 to 25 g. Amount of substrate affected lipase 

production significantly as illustrated in Table 4.1 and 4.2 (p < 0.05). The results showed that 

5 g of substrate (canola oilseed cake) yielded maximum lipase activity, 415.33 U/gds by P. 

fellutanum and 556.54 U/gds by A. melleus. It is clearly indicated that lipase activity per 

gram dry substrate was decreased by increasing the amount of substrate but reasonable lipase 

activity i.e., 195.65 U/gds by P. fellutanum and 188.78 U/gds by A. melleus was retained up 

to 25 g of substrate as illustrated in Fig. 4.5.  

The substrate level per unit area of working volume of the flask affects the 

permeability and aeration of the substrate. Current study revealed the highest lipase activity 

with 5 g of substrate which might be due to easy penetration of microbial mass in small 

amount of substrate, which produced more lipase owing to high growth rate with 5 g canola 

oilseed cake as a substrate (Singh et al., 2010). Lipase production was less at higher substrate 

level due to the difficulty for the organism in penetration of substrate. Comparable results 

were obtained by Singh et al. (2010). 

 

Fig. 4.5 Effect of substrate level on production of lipase by P. fellutanum and A. melleus. 
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4.2.5 Effect of inoculum 

In SSF, inoculum must be distributed in sufficient amount for the micro-organism to grow 

well. The fungal spores firstly attach on the substrate particles’ outer surface. They gradually 

develop, reproduce and then pierce into the substrate for their action. Therefore, a suitable 

inoculum size is required to attain the reasonable lipase production. Varying levels of 

inoculum i.e. 1 to 6 mL were used to describe their effect on lipase production. The results 

regarding the effect of inoculum size are depicted in Fig. 4.6, which elucidated that the lipase 

production was decreased with the increase in fungal mass and optimal inoculum size was 

found to be 2 mL with 397.95 U/gds lipase activity by P. fellutanum and 567.57 U/gds with 3 

mL of A. melleus inoculums. Higher inoculum sizes affected the lipase production negatively 

but overall it influenced enzyme yield significantly (p < 0.05). 

Inoculum size is an imperative factor in SSF as higher inoculum size increases water 

level of the solid substrate, in this manner inhibiting fungal growth and enzyme induction. It 

may be correlated to the fact that amount of available oxygen and nutrients are depleted in 

the culture medium due to higher inoculum size (Rahman et al., 2005). On contrary, lower 

inoculum levels need more time for fermenting the substrates in SSF. It may be suggested 

that lower inoculum size caused a slow lag phase due to which no fungal growth and enzyme 

production was obtained. Thus, with lower inoculum size, the degradation of the substrates is 

slow that influences the production of metabolites. Therefore, inoculum size must be 

distributed homogenously and must be sufficient for the microorganism to grow well 

(Ramachandran et al., 2004). 

In various studies, different levels of inoculums of different microorganisms have 

been used for lipase production. Our results are in accord with Imandi et al. (2010) who 

achieved the maximum lipase activity with 2 ml inoculum level. Kumar et al. (2010) and 

Sethi et al. (2013) also reported that higher inoculum size had produced too much biomass 

and depleted the nutrients that necessary for enzyme production. 
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Fig. 4.6 Effect of inoculum on production of lipase by P. fellutanum and A. melleus. 

4.2.6 Effect of temperature 

Temperature is a major parameter which plays a leading function in the biochemical 

activities of microorganism. To look at the temperature outcomes on lipase production, the 

incubating temperature was varied from 25 to 45 °C with an increase of 5 °C keeping other 

parameters constant (Fig. 4.7). Lipase synthesis and fungal growth were progressively getting 

improved by rising the temperature up to 30 °C and considerably decreased afterward. 

Incubation temperature was a significant factor for lipase production by both strains (p < 

0.05, Table 4.1 & 4.2). The enzyme exhibited maximum activity 401.37 U/gds by P. 

fellutanum and 568.79 U/gds by A. melleus at 30 °C. Below 30 °C, a little less lipase activity 

was observed while above 30 °C the drop in enzyme production was steep. 

Growth temperature is a very risky parameter that fluctuates from organism to 

organism. In this study optimum temperature for lipase production was 30 °C. An increase in 

temperature causes the increase in the number of useful collisions between the enzyme and 

substrate to form the activated complex and ultimately the reaction rate is amplified. 

However, this process is limited to some extent and a certain temperature. At higher 

temperatures, large amount of metabolic heat is produced that is responsible to shoot up the 

substrate temperature, thereby retarding the microbial growth and enzyme production 
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(Murray et al., 2003; Bhatti et al., 2007a). Temperature also affects the secretion of 

extracellular enzymes by altering the physical properties of the cell membrane (Pirt, 1975). It 

may be correlated with the increased production of protease at higher temperatures which 

lead to deactivation of lipase (Palma et al., 2000).  

It is reported that cultures of Penicillium for lipase production are usually developed 

between 25 and 30 °C and mostly at 28 °C (Lima et al., 2003). Our results correlate with the 

findings of Saxena et al. (2003) and Mukhtar et al. (2015) who had reported lipase synthesis 

by A. carneus and A. niger through SSF and found optimum temperature between 28 and 30 

°C, and 30 ºC respectively. Rajesh et al. (2010) reported maximum lipase production by 

Trichoderma reesei at 30 °C. Similarly Kashmiri et al. (2006) and, Zhang and Zeng (2008) 

also reported optimum temperature, 30 °C for the production of lipase by Trichoderma viride 

and Pseudomonas sp. 7323 respectively. 

 

 

 

Fig. 4.7 Effect of temperature on production of lipase by P. fellutanum and A. melleus. 
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olive oil concentration as an inducer and effect of selected additional sources of carbon and 

nitrogen were investigated. 

4.2.7 Effect of inducer level  

Lipidic carbon sources serve as inducers and olive oil with high contents of oleic acid is a 

widely known inducer for the production of lipase (Wang et al., 2008; Sharma et al., 2009). 

Although few authors have reported good yields in the absence of fats and oils but Fadiloglu 

and Erkmen (1999); Rohit et al. (2001); Gupta et al. (2004); Mohan et al. (2008) and Anbu 

(2014) reported that high level of lipase activity had been obtained when olive oil was 

employed as the substrate. That’s why in present study the concentration of olive oil was 

optimized for the better lipase production by the addition of olive oil (1-5 %) to the culture 

medium. Control experiments were also conducted to evaluate the influence of olive oil 

clearly. It was a significant parameter according to ANOVA results as described by Table 4.1 

and 4.2. 

By the addition of olive oil with substrate as an inducer, lipase activity was reached to 

its maximum level and optimum concentration for P. fellutanum was found to be 2 %, 

increasing the lipase activity up to 521 U/gds. Similarly in case of A. melleus, olive oil was 

observed to have a significant effect on the lipase production leading to optimum 

concentration at 3 % of olive oil, boosting up the lipase activity up to 684.02 U/gds (Fig. 

4.8). Further increase in olive oil concentration had no positive effect on the lipase activity. It 

might be due to poor oxygen transfer at higher level which could modify the microbial 

metabolism leading to less lipase production. Gombert et al. (1999) evaluated lipase 

synthesis with babassu cake substrate from P. restrictum and they found highest lipase 

activity with 2 % olive oil. Palma et al. (2000) also reported a positive effect of 1 % olive oil 

to babassu oil cake (Orbignya oleifera) for lipase production, attaining a 1.7-fold increase in 

production.  
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Fig. 4.8 Effect of olive oil concentration on production of lipase by P. fellutanum and A. 

melleus. 

4.2.8 Effect of carbon sources 

The carbon source has always been reported as the key feature for the illustration of lipase 

activity, as lipases are inducible enzymes (Gupta et al., 2004). Due to the presence of only 7–

8 % of carbohydrate in agricultural residues, the substrate was supplemented with ready 

sugar to enhance the growth and enzyme production. Carbon sources mainly provide help in 

energy production for microorganisms. Even though carbon sources are obligatory for the 

growth of fungus and production of enzymes; their effectiveness can vary among microbial 

species and under different culture conditions. The fungi are usually able to produce lipases 

using the carbohydrates as carbon sources. Different carbon sources (glucose, sucrose, 

fructose, maltose, lactose, trisodium citrate and sodium acetate) were added at 0.1 % (w/w) to 

consider their effects on lipase production. For evaluation, experiment was also conducted 

without carbon source saying as control, and the results are presented in figure (4.9). 

The effect of carbon sources on lipase synthesis by P. fellutanum was stimulatory (p 

< 0.05, Table 4.1 & 4.2) with the exception of tri sodium citrate which had inhibitory effect, 

while sodium acetate did not exhibit any considerable effect on lipase production. Results 

revealed that glucose was the most successful addition for lipase production by P. fellutanum 

(Fig. 4.9). It enhanced the lipase activity from 392.65 U/gds to 496.36 U/gds, which pointed 
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out a decent increment in lipase activity. The present study revealed that glucose improved 

the lipase productivity significantly, because fungal cells get adaptation to absorb this sugar 

more easily than any other so as to give good mycelia growth and ultimately greater enzyme 

production (Contesini et al., 2010). Previously it has been reported that glucose is the most 

effective carbon source for production of lipase by Bacillus licheniformis (Bayoumi et al., 

2007) and Bacillus pumilus SG2 (Sangeetha et al., 2008).  

All the carbon sources enhanced the lipase production by A. melleus and the addition 

of lactose resulted in the highest activity (639.89 U/gds). Comparable results were obtained 

by Sethi et al. (2013). 

 

Fig. 4.9 Effect of carbon sources on production of lipase by P. fellutanum and A. 

melleus. 
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production. Ammonium sulphate was observed to be an excellent nitrogen source giving 

lipase activity as 479.69 U/gds by P. fellutanum (Fig. 4.10). Results indicated that out of 

seven nitrogen sources, three sources (ammonium sulphate, diammonium tartarate and 

sodium nitrate) caused the reasonable increase in lipase production while urea had negative 

effect. All the other nitrogen sources employed in this study neither inhibited the lipase 

production nor exhibit any prominent positive effect. 

Addition of nitrogen sources was one of the most significant factors for lipase 

production by A. melleus as shown in table 4.2 (p <<< 0.05). All of these nitrogen sources 

promoted the lipase production significantly with the exception of ammonium nitrate. 

Peptone and diammonium tartarate were found to be the best nitrogen sources giving lipase 

activity as 679.65 U/gds and 672.36 U/gds respectively. Oliveira et al. (2016) found a 

positive effect of the substrate supplementation with NaNO3 as a nitrogen source on lipase 

production by A. ibericus. Comparable results were reported by Sun and Xu (2008). 

 

 

 

Fig. 4.10 Effect of nitrogen sources on production of lipase by P. fellutanum and A. 

melleus. 
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Table 4.1: Analysis of variance for the factors affecting the lipase production by P. 

fellutanum. 

 

Sources of 

variation 
SS df MS F p-value F crit 

Substrates 60585.58 4 15146.39 105.433 0.00005 5.1921 

Moisture contents 23348.57 5 4669.72 25.264 0.00058 4.3873 

Time of incubation 116081.20 5 23216.24 114.1596 7.3E-06 4.3873 

pH 70966.39 5 14193.279 50.5087 0.00007 4.3873 

Substrate amount 55469.13 4 13867.28 98.0736 0.00006 5.1921 

Inoculum size 35929.25 5 7185.85 44.4142 0.00011 4.3873 

Temperature 56251.77 4 14062.945 49.1512 0.00033 5.1921 

Inducer (Olive oil) 49859.859 5 9971.9717 34.9263 0.00023 4.3873 

Carbon sources 77862.826 7 11123.260 30.8423 0.00003 3.5004 

Nitrogen sources 55611.85 7 7944.55 29.5766 0.000041 3.5004 
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Table 4.2: Analysis of variance for the factors affecting the lipase production by A.melleus. 

 

Sources of 

variation 
SS df MS F p-value F crit 

Substrates 96288.45 4 24072.11 422.671 1.64E-06 5.1921 

Moisture contents 42157.98 5 8431.596 31.76 0.000303 4.3873 

Time of incubation 115148.02 5 23029.605 122.603 5.9E-06 4.3874 

pH 57792.155 5 11558.43 64.098 0.00003 4.3873 

Substrate amount 182401.60 4 45600.40 218.033 8.5E-06 5.1921 

Inoculum size 73983.84 5 14796.77 56.699 0.00005 4.3873 

Temperature 87962.53 4 21990.63 73.17 0.00013 5.1921 

Inducer (Olive oil) 32987.45 5 6597.489 51.05 0.00007 4.3873 

Carbon sources 13054.02 7 1864.86 8.4421 0.00369 3.5004 

Nitrogen sources 75598.25 7 10799.74 54.861 3.9E-06 3.5004 

  

4.3 Response surface methodology 

Four factors (3 numerical and 1 categorical); pH, incubation time (h), temperature (ºC) and 

additional nutritional source (%) were selected for enzyme production. Central composite 

design (CCD) was employed to find out the optimum values and 40 experiments were 

created with different combinations of factors using RSM. These experiments were 

conducted in triplicate and their responses were fed to the Design Expert software (Version 

7.0), generating CCD matrix that include axial, factorial and central points. 

The best way to assess the worth of the fitted model is the use of ANOVA (analysis 

of variance) so that the results attained after CCD were analyzed by ANOVA (Kousha et al., 

2012). Linear terms, interaction effects and p-values for the lipase production by P. 

fellutanum and A. melleus are shown in ANOVA Table 4.3 & 4.4 respectively. The p-values 

evidently verify the significance of each of the model term.  
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Table 4.3 ANOVA results for production of lipase by P. fellutanum through RSM. 

Source of 

variation 

Sum of 

squares 
df 

Mean 

square 
F value 

p-value 

Prob>F 
Significance 

Model 1.064E+006 13 81818.98 180.69 < 0.0001 Significant 

A-pH 53580.82 1 53580.82 118.33 < 0.0001 Significant 

B-Incubation 

time 

30714.71 1 30714.71 67.83 < 0.0001 Significant 

C-Temperature 53668.28 1 53668.28 118.52 < 0.0001 Significant 

D-Carbon 

Source 

1749.27 1 1749.27 3.86 0.0601 non 

significant 

AB 70523.44 1 70523.44 155.75 < 0.0001 Significant 

AC 8532.68 1 8532.68 18.84 0.0002 Significant 

AD 2.159E+005 1 2.159E+005 476.71 < 0.0001 Significant 

BC 74243.99 1 74243.99 163.96 < 0.0001 Significant 

BD 57014.05 1 57014.05 125.91 < 0.0001 Significant 

CD 64339.31 1 64339.31 142.09 < 0.0001 Significant 

A2 2.345E+005 1 2.345E+005 517.82 < 0.0001  

B2 2.345E+005 1 2.345E+005 517.81 < 0.0001  

C2 28698.08 1 28698.08 63.38 < 0.0001  

Residual 11773.02 26 452.81    

Lack of Fit 9190.18 16 574.39 2.22 0.1011 non 

significant 

Pure Error 2582.83 10 258.28    

Cor Total 1.075E+006 39     
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Table 4.4 ANOVA results for production of lipase by A. melleus through RSM. 

Source of 

variation 

Sum of 

squares 
df 

Mean 

square 
F value 

p-value 

Prob>F 
Significance 

Model 2.236E+006 13 1.720E+005 264.95 < 0.0001 Significant 

A-pH 8504.63 1 8504.63 13.10 0.0012 Significant 

B-Incubation 

time 

23770.60 1 23770.60 36.62 < 0.0001 Significant 

C-Temperature 4.451E+005 1 4.451E+005 685.82 < 0.0001 Significant 

D-Nitrogen 

Source 

27729.70 1 27729.70 42.72 < 0.0001 Significant 

AB 3596.10 1 3596.10 5.54 0.0264 Significant 

AC 978.59 1 978.59 1.51 0.2305 non 

significant 

AD 2628.63 1 2628.63 4.05 0.0546 non 

significant 

BC 14717.94 1 14717.94 22.68 < 0.0001 Significant 

BD 1.130E+005 1 1.130E+005 174.03 < 0.0001 Significant 

CD 47008.75 1 47008.75 72.43 < 0.0001 Significant 

A2 1.308E+006 1 1.308E+006 2014.48 < 0.0001  

B2 3.089E+005 1 3.089E+005 475.85 < 0.0001  

C2 1.299E+005 1 1.299E+005 200.07 < 0.0001  

Residual 16875.69 26 649.06    

Lack of Fit 13161.21 16 822.58 2.21 0.1023 non 

significant 

Pure Error 3714.48 10 371.45    

Cor Total 2.253E+006 39     

 
𝑃-value is used as a tool to verify the significance of the coefficients and is 

representative of the interaction power of each independent variable. Low values of 𝑃 than 

0.05 point out high significance of the related coefficients. Generally, larger t and 𝐹, and 

smaller 𝑃 values indicate the significant corresponding coefficient terms (Haider and 

Pakshirajan, 2007; Osho et al., 2016). Putting our model to ANOVA calculated 𝐹 value of 

180.69 (P. fellutanum) and 264.95 (A. melleus) and a 𝑃 value <0.0001 which indicated that 

the model was highly significant for both fungal strains. In case of lipase production by P. 

fellutanum, three linear coefficients and all of the interaction coefficients were significant as 
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endorsed by low 𝑃 and high 𝐹 values while linear coefficient D (Carbon source) was non 

significant. For lipase production by A. melleus, all four linear coefficients were highly 

significant while among interaction coefficients, AB, BC, BD, CD were significant and AC, 

AD had no significant effect on lipase production. 

The regression equation co-efficiencies were studied by substituting the data in the 

2nd order polynomial equation as given below: 

Lipase activityP. fellutanum(Y) = 511.82-44.29A-33.53B+44.33C-6.61D-66.39AB- 

23.09AC+88.90AD- 68.12BC-45.69BD+48.53CD+90.19 A2 + 90.19 B2 + 31.55C2----Eq. 4.1 

Lipase actvityA. melleus(Y) = 669.69+17.65A-29.50B-127.66C-26.33D-14.99AB+ 

7.82AC+9.81AD-30.33BC-64.31BD-41.49CD+212.99A2+103.52B2+67.12C2 ---------Eq. 4.2 

The model for lipase production by both fungal species presented a non significant 

lack of adjustment (p-values of 0.1011 & 0.1023 for lipase production by P. fellutanum and 

A. melleus respectively), indicating that they are adequate to estimate the variable response. 

4.3.1 Fitness of quadratic model 

The fitness of the model can be examined by the deduction of coefficient ‘R2’ and correlation 

coefficient ‘R’. The value of R2 always lies between 0 and 1. The closer the value of R2 to 1, 

the stronger the model and the better is the predicted response (Wang et al., 2012). The value 

of R2 solely cannot be so trustworthy for the evaluation of model because it is directly related 

to the number of terms ignoring its statistical significance. Therefore, R2 is compared with 

the adjusted R2 (R2
adj) which is the indirect measure of the significance of factor as its value 

often decreases with increasing the insignificant variables (Montgomery, 2010). The higher 

value of R2 recommended that the experimental values and the values predicted by the model 

correlate well which gives the indication of the fitness of the model (Haider and Pakshirajan, 

2007). 

The values of R2 (0.9891) and (0.9925) for Eq. 4.1 & Eq. 4.2 respectively, are close 

to 1 that revealed a close accordance of experimental results to the predicted values of model 

equation. The regression analysis indicated that the model could explain 98.91 % of the 
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distinction in response for lipase production by P. fellutanum and that of 99.25 % in case of 

enzyme production by A. melleus which confirmed the fitness of the model. Table 4.5 

showed that the predicted R2 was in reasonable accordance with Adjusted R2 for lipase 

production by both of the fungal strains. Moreover, the low values of co-efficient of variance, 

3.24 and 2.73 depicted that the regression model could be used to analyze the trends of 

responses. 

Adequate precision is the measure of signal-to-noise ratio. Its desirable ration should 

be greater than 4. In this case, the values obtained were 48.215 & 50.615 which indicated a 

sufficient signal. 

Table 4.5 Analysis of variance (ANOVA) results for response parameters. 

Final equations with coded factors R2 R2
adj

 Predicted 

R2 

Adequate 

precision 
CV 

Lipase ActivityP.fellutanum= 511.82-44.29A-33.53B 

+44.33C-6.61D-66.39AB-23.09AC+88.90AD- 

68.12BC-45.69BD+48.53CD+90.19 A2 + 90.19 B2 + 

31.55C2 

0.9891 0.9836 0.9688 48.215 3.24 

Lipase ActvityA.melleus= 669.69+17.65A-29.50B-

127.66C-26.33D-14.99AB+7.82AC+9.81AD-30.33BC-

64.31BD-41.49CD +212.99A2+103.52B2+67.12C2 

0.9925 0.9888 0.9781 50.615 2.73 

 

Close resemblance was seen between the predicted and experimental values for lipase 

production by both of the fungal strains. Table 4.6 presents the actual and predicted lipase 

activities (U/gds) produced by P. fellutanum and A. melleus which depicts that the RSM is 

satisfactory and valid approach to evaluate the optimization of enzyme production. 
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Table 4.6 Experimental design and result of CCD of response surface methodology for 

production of lipase by P. fellutanum and A. melleus. 

S
T

D
 

A:  

pH 

B: 

Incu-

bation 

time 

(h) 

C:  

Temp. 

(ºC) 

D: 

Carbon 

Source 

(%) 

Lipase activity 

(U/gds) byP. 

fellutanum 

A: 

pH 

B: 

Incu-

bation 

time 

(h) 

C: 

Temp

(ºC) 

D: 

Nitrogen 

Source 

(%) 

Lipase activity 

(U/gds) byA. 

melleus 

Experi

mental 

Predic

ted 

Experi

mental 

Predict

ed 

1 3 24 25 Glucose 717.67 698.02 3 72 25 Diamm.tart 1063.21 1085.69 

2 5 24 25 Glucose 621.51 610.60 5 72 25 Diamm.tart 1095.28 1115.70 

3 3 72 25 Glucose 988.43 991.34 3 120 25 Diamm.tart 1278.34 1245.94 

4 5 72 25 Glucose 608.93 638.37 5 120 25 Diamm.tart 1204.83 1215.99 

5 3 24 35 Glucose 887.32 872.03 3 72 35 Diamm.tart 921.43 958.35 

6 5 24 35 Glucose 705.76 692.24 5 72 35 Diamm.tart 1027.76 1019.65 

7 3 72 35 Glucose 902.34 892.88 3 120 35 Diamm.tart 1027.28 997.29 

8 5 72 35 Glucose 441.13 447.53 5 120 35 Diamm.tart 981.67 998.62 

9 2.32 48 30 Glucose 971.21 997.54 2.32 96 30 Diamm.tart 1294.73 1285.27 

10 5.68 48 30 Glucose 554.68 549.55 5.68 96 30 Diamm.tart 1346.87 1311.63 

11 4 7.64 30 Glucose 711.38 753.10 4 55.64 30 Diamm.tart 957.24 930.28 

12 4 88.36 30 Glucose 804.98 793.98 4 136.36 30 Diamm.tart 1011.28 1047.36 

13 4 48 21.59 Glucose 629.81 614.74 4 96 21.59 Diamm.tart 1038.54 1030.80 

14 4 48 38.41 Glucose 595.64 600.61 4 96 38.41 Diamm.tart 745.21 740.95 

15 4 48 30 Glucose 525.75 518.43 4 96 30 Diamm.tart 720.59 696.02 

16 4 48 30 Glucose 515.72 518.43 4 96 30 Diamm.tart 707.34 696.02 

17 4 48 30 Glucose 503.45 518.43 4 96 30 Diamm.tart 679.12 696.02 

18 4 48 30 Glucose 555.98 518.43 4 96 30 Diamm.tart 701.89 696.02 

19 4 48 30 Glucose 523.02 518.43 4 96 30 Diamm.tart 688.57 696.02 

20 4 48 30 Glucose 498.43 518.43 4 96 30 Diamm.tart 668.45 696.02 

21 3 24 25 Lactose 508.13 501.30 3 72 25 NaNO3 1251.43 1224.99 

22 5 24 25 Lactose 749.52 769.38 5 72 25 NaNO3 1270.23 1294.25 

23 3 72 25 Lactose 599.87 611.88 3 120 25 NaNO3 1095.45 1128.02 

24 5 72 25 Lactose 638.32 614.50 5 120 25 NaNO3 1166.87 1137.31 

25 3 24 35 Lactose 851.97 869.45 3 72 35 NaNO3 947.53 931.72 

26 5 24 35 Lactose 1038.86 1045.26 5 72 35 NaNO3 1021.65 1032.26 

27 3 72 35 Lactose 699.34 707.55 3 120 35 NaNO3 725.21 713.43 

28 5 72 35 Lactose 589.91 617.79 5 120 35 NaNO3 764.32 754.00 

29 2.32 48 30 Lactose 701.54 685.30 2.32 96 30 NaNO3 1174.34 1199.62 
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30 5.68 48 30 Lactose 851.32 835.34 5.68 96 30 NaNO3 1276.32 1291.97 

31 4 7.64 30 Lactose 918.21 893.55 4 55.64 30 NaNO3 1103.78 1093.92 

32 4 88.36 30 Lactose 644.17 627.08 4 136.36 30 NaNO3 781.42 778.39 

33 4 48 21.59 Lactose 421.32 438.28 4 96 21.59 NaNO3 1121.87 1117.69 

34 4 48 38.41 Lactose 768.54 750.63 4 96 38.41 NaNO3 536.34 548.75 

35 4 48 30 Lactose 488.53 505.21 4 96 30 NaNO3 662.34 643.37 

36 4 48 30 Lactose 492.32 505.21 4 96 30 NaNO3 655.89 643.37 

37 4 48 30 Lactose 511.91 505.21 4 96 30 NaNO3 640.34 643.37 

38 4 48 30 Lactose 508.76 505.21 4 96 30 NaNO3 660.91 643.37 

39 4 48 30 Lactose 506.87 505.21 4 96 30 NaNO3 611.34 643.37 

40 4 48 30 Lactose 509.21 505.21 4 96 30 NaNO3 638.91 643.37 

 

*Diamm. tart. = Dimmonium tartarate 

 

The normal probability plot of the residuals (difference between the predicted and the 

actual value) is an important exploratory tool to discover the model suitability. An 

outstanding normal distribution confirms the normality supposition and the independence of 

the residuals (Bezerra et al., 2008). Fig. 4.11& 4.12 present the plots of normal probability of 

residuals for lipase production by P. fellutanum and A. melleus respectively. The residual 

plots show the similar scatter of the residual data above and below the x-axis (approximately 

straight line) hence supporting the capability of the least square fit. 
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Fig. 4.11 Normal probability plot of Residuals for lipase production by P.fellutanum. 

 

Fig. 4.12 Normal probability plot of Residuals for lipase production by A. melleus. 
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4.3.2 Effect of independent variables on production of lipase by P. fellutanum 

Regression equation is articulated by graphs in the form of contour plots which evaluate the 

relations among the independent variables and their influence on enzyme production. 

Contour plots might be elliptical mounds, saddle points, or rising ridges (Muralidhar et al., 

2001). The examination of the experimental data of central composite design provided 

response surface and contour plot figures which exhibited a relationship between two 

variables at a time whereas keeping other two variables constant.  

The surfaces of response (lipase production by P. fellutanum) expressed by the 

regression models are shown in figures 4.13 to 4.21. Response surface plot in Fig. 4.13 

pointed out the interaction effect of pH and incubation time while keeping temperature fixed 

at 30 °C and adding glucose as carbon source. Among all experimental conditions, pH plays 

a key role in enzyme production. The plot revealed that the lipase production was decreased 

at higher values of pH but it was increased by increasing incubation time. It might be due to 

the reason that the organism was more active in an acidic medium and could produce 

maximum enzyme units at low pH values. Contour plot in Fig.4.14 helped in making clear 

the optimum response when the incubation time and pH were interacting with each other 

while level of glucose and temperature was fixed. The oval nature of the contour plot 

indicated that the correlation between these sets of variables had a considerable effect on 

lipase synthesis. At this time the maximum enzyme yield was 836.29 U/gds found at level 

between 70-72 h of incubation within pH range of 3.0-3.25. 

Response surface plot in Fig. 4.15 indicated the effect of the pH and temperature 

while incubation time (48 h) and carbon source (glucose) were kept constant. The plot 

exposed that the maximum lipase activity was reached at lower pH values and higher 

temperature levels. Contour plot in Fig.4.16 helped in interpreting the optimum enzyme 

production when the pH and temperature were interacting whereas glucose and incubation 

time were kept constant at one level. It was revealed that the maximum enzyme activity was 

737.80 U/gds situated at temperature between 32.50-34.0 ºC within pH range of 3.0-3.25. 

Response surface plot in Fig. 4.17 signified the interaction effect of incubation time 

and temperature while keeping pH constant at 4.0 and carbon source as glucose. The figure 

showed that the lipase production was increased by increasing incubation time but lowering 

the temperature range. At higher temperature, the temperature of fermenting substrate also 
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boosts up due to the production of huge amount of metabolic heat, thus reducing the enzyme 

production (Bhatti et al., 2007a). Contour plot in Fig.4.18 assisted to reveal the optimum 

production of enzyme when interaction of incubation time and temperature were taken into 

account whereas glucose and pH were kept at fixed level. The maximum enzyme production 

at this time was 690.23 U/gds located at level between 70-72 h of incubation within 

temperature range of 25-27 ºC. 

 

 

Fig. 4.13 3-Dimentional response surface plot for the interaction effect of pH and 

incubation time on lipase production by P. fellutanum while other factors i.e., 

temperature and carbon source were fixed at one level. 
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Fig. 4.14 Contour plot for the interaction of pH and incubation time on lipase 

production by P. fellutanum while other factors i.e., temperature and carbon source 

were fixed at one level. 

 

Fig. 4.15 3-Dimentional response surface plot for the interaction effect of pH and 

temperature on lipase production by P. fellutanum while other factors i.e., incubation 

time and carbon source were fixed at one level. 
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Fig. 4.16 Contour plot for the interaction of pH and temperature on lipase production 

by P. fellutanum while other factors i.e., incubation time and carbon source were fixed 

at one level. 

 

Fig. 4.17 3-Dimentional response surface plot for the interaction effect of incubation 

time and temperature on lipase production by P. fellutanum while other factors i.e., pH 

and carbon source were fixed at one level. 
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Fig. 4.18 Contour plot for the interaction of incubation time and temperature on lipase 

production by P. fellutanum while other factors i.e., pH and carbon source were fixed at 

one level. 

 

Fig. 4.19 indicated the interaction effect of pH and carbon source while incubation 
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Fig. 4.21 exposed the interaction effect of temperature and carbon source while 

keeping pH at 4.0 and incubation time 48 h. The lipase production using lactose as carbon 

source was higher at elevated temperatures while in the presence of glucose there was not a 

remarkable change in enzyme units. It is depicted that P. fellutanum can produce lipase more 

efficiently at higher temperatures using lactose as additional carbon source while it can give 

good lipase stability over a diverse temperature range (used in this study) with glucose as 

carbon source. 

 

 

Fig. 4.19 Interaction plot for the interaction of pH and carbon source on lipase 

production by P. fellutanum. 
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Fig. 4.20 Interaction plot for the interaction of incubation time and carbon source on 

lipase production by P. fellutanum. 

 

 

Fig. 4.21 Interaction plot for the interaction of temperature and carbon Source on 

lipase production by P. fellutanum. 
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4.3.3 Effect of independent variables for production of lipase by A. melleus 

Regression models describe the surfaces of response (enzyme synthesis by A. melleus) which 

are presented below (Fig. 4.22 to 4.27). Response surface plot in Fig. 4.22 illustrated the 

combined effect of the pH and incubation time while keeping temperature fixed at 30 °C and 

diammonium tartarate as nitrogen source. The plot showed that lipase activity was higher at 

lower pH values and longer incubation time. Contour plot in Fig.4.23 helped out in 

interpreting the optimum enzyme yield where the interaction of incubation time and pH was 

taken into account while diammonium tartarate and temperature were kept constant. The 

maximum enzyme activity at this time was 994.27 U/gds sited at point between 110-120 h of 

incubation within pH range of 3.0-3.25. 

Response surface plot in Fig. 4.24 showed the effect of incubation time and 

temperature while keeping pH constant at 4 and selecting diammonium tartarate as nitrogen 

source. The lipase production was not good at higher levels of temperature but it was 

influenced positively by increasing incubation time. Contour plot in Fig.4.25 facilitated to 

explicate the optimum enzyme production when the incubation time and temperature were 

interrelating whereas diammonium tartarate and pH were kept constant. The maximum 

enzyme activity was found as 959.62 U/gds at level between 25-27 ºC of temperature near to 

120 h of incubation time. 
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Fig. 4.22 3-Dimentional response surface plot for the interaction effect of pH and 

incubation time on lipase production by A. melleus while other factors i.e., temperature 

and nitrogen source were fixed at one level. 

 

Fig. 4.23 Contour plot for the interaction of pH and incubation time on lipase 

production by A. melleus while other factors i.e., temperature and nitrogen source were 

fixed at one level. 
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Fig. 4.24 3-Dimentional response surface plot for the interaction effect of incubation 

time and temperature on lipase production by A. melleus while other factors i.e., pH 

and nitrogen source were fixed at one level. 

 

Fig. 4.25 Contour plot for the interaction of incubation time and temperature on lipase 

production by A. melleus while other factors i.e., pH and nitrogen source were fixed at 

one level. 
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Fig. 4.26 depicted the interaction effect of incubation time and nitrogen source while 

keeping pH fixed at 4.0 and temperature at 30 ºC. In the presence of diammonium tartarate, 

there was a minor increase in lipase activity by incubating the reaction media for longer time 

period. In contrast, using sodium nitrate as nitrogen source, greater lipase production was 

observed after a short time of incubation while lipase activity was remarkably decreased with 

longer incubation of medium components. It might be due to the interaction of medium 

components which resulted in the depletion of moisture contents of the system (Gangadharan 

et al., 2006). So, it was clear from this interaction effect that A. melleus could produce higher 

units of lipase using sodium nitrate within minimum time of incubation. 

Fig. 4.27 specified the interaction effect of temperature and nitrogen source while 

incubation time and temperature were kept constant at 96 h and 30 ºC respectively. The 

lipase production was higher at lower temperature range using sodium nitrate as nitrogen 

source and vice versa. On contrary, using diammonium tartarate lipase activity was also 

higher at low temperature but it remained stable at higher temperature levels. 

 

Fig. 4.26 Interaction plot presenting the interaction of incubation time and nitrogen 

source on lipase production by A. melleus while other factors i.e., pH and temperature 

were kept constant. 
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Fig. 4.27 Interaction plot presenting the interaction of temperature and nitrogen source 

on lipase production by A. melleus. 
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  (a)          (b) 

 

     (c) 

Fig 4.28 Overlay Perurbation plot of three independent variables for lipase production 

by P. fellutanum using carbon source (a) glucose (b) lactose (c) average of both. 
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(a)      (b) 

 

     (c) 

Fig. 4.29 Overlay Perurbation plot of three independent variables for lipase production 

by A. melleus using nitrogen source (a) sodium nitrate (b) diammonium tartarate (c) 

average of both. 

4.3.5 Verification of the model 
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U/gds and 916.03 U/gds for lipase production under a given set of optimum conditions by P. 

fellutanum and A. melleus respectively. Three sets of repetitive experiments were carried out 

under these estimated optimum conditions and found experimental lipase activities which 

were very close to the predicted ones as shown in the table below, thus validating the second 

order quadratic model. Hence, this model could be regarded as fairly trustworthy for 

estimating the optimum lipase production from P. fellutanum and A. melleus. 

Table 4.7 Verification of model presenting lipase production at optimum points of all 

variables. 

Parameters 

Optimal Conditions 

Lipase Activity 

(U/gds) by P. 

fellutanum 

Lipase Activity 

(U/gds) by A. 

melleus 

Lipase 

production by 

P. fellutanum 

Lipase 

production by 

A. melleus 

Pred. Exp. Pred. Exp. 

pH 3.07 3 

847.75 863.37 916.03 895.79 
Incubation time (h) 24.95 73.24 

Temperature (ºC) 35 34.89 

Nutritional Source 

(%) 
Glucose Sodium Nitrate 

 

By the application of RSM technique, the maximum enzyme yield by A. melleus was 

1346.87 U/gds, obtained after 96 h of incubation adjusting the pH of the medium at 5.68 

employing diammonium tartarate as nitrogen source at 30 °C. The maximum enzyme 

production in case of P. fellutanum was 1038.86 U/gds obtained after 24 h of incubation 

adjusting the pH of the medium at 5.00 employing lactose as (at 0.1 % level) carbon source 

at 35 °C. An overall 2.05 and 1.92-fold increase in lipase production by P. fellutanum and A. 

melleus respectively, was acquired after the application of RSM.  

These folds enhancement achieved in our results are higher than that achieved by 

lipase production from Pseudomonas sp. BUP6 under SSF using statistical optimization 

which gave 0.7 fold increments in production (Faisal et al., 2014). Kumari et al. (2009) 

observed a 1.4 fold increase in lipase production by Enterobacter aerogenes using response 
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surface methodology. In another report, lipase production by Staphylococcus arlettae JPBW-

1 using response surface methodology provided 1.8-fold enhancement in lipase yield 

(Chauhan et al., 2013). On contrary, our fold enhancement is less than 5.5-fold increment 

obtained by P. notatum for the production of exo-polygalacturonase using wheat bran 

substrate through RSM optimization (Amin et al., 2013). 

4.4 Purification of lipase produced by P. fellutanum and A. melleus 

4.4.1Ammonium sulphate precipitation of lipases 

80 % of solid ammonium sulphate was mixed with the crude enzyme extract at 0 ºC, enzyme 

activity obtained in the supernatants was nearly zero. After centrifugation, pallets of residue 

were dissolved in a small amount of phosphate buffer (50Mm). The resultant solution was 

dialyzed against distilled water to eliminate the impurities. Dialysis was proved very helpful 

to raise the specific activity and purification folds of both lipases by removing impurities 

from the sample. The specific activity of lipase by P. fellutanum was increased to 272.37 

U/mg proteins and 2.06 folds of purification were obtained. In case of A. melleus lipase, 

specific activity of the enzyme was recorded as 862.16 U/mg and 3.84 folds of purification 

were achieved. Other contents of partial purification of lipases by P. fellutanum and A. 

melleus are summarized in Table 4.8 & 4.9 respectively. 

 

 

 

 

 

 

 

 



 
 

73 

Table 4.8 Summary of partial purification of P. fellutanum lipase. 

Treatment Volume 

(mL) 

Total 

Units 

(U) 

Total 

Protein 

(mg) 

Specific 

activity 

(U/mg) 

Purification 

fold 

% 

Recovery 

Crude Extract 500 36383.2 275.37 132.12 1 100 

Ammonium 

sulphate 

precipitation 

250 23537.5 112 210.15 1.59 64.7 

Dialysis 119 12749.7 46.81 272.37 2.06 35.04 

 

Table 4.9 Summary of partial purification of A. melleus lipase. 

Treatment Volume 

(mL) 

Total 

Units 

(U) 

Total 

Protein 

(mg) 

Specific 

activity 

(U/mg) 

Purification 

fold 

% 

Recovery 

Crude Extract 500 38614.27 171.79 224.78 1 100 

Ammonium 

sulphate 

precipitation 

250 28156.93 70.38 400.07 1.78 73 

Dialysis 118 14320.48 16.61 862.16 3.84 37.09 

 

4.5 Characterization of lipase 

4.5.1 Optimum pH 

It is observed that microbial lipases from different species have different pH optima but 

generally they have optimum pH close to neutral. Any extreme alteration in the pH of a 

medium causes the denaturation of the enzyme which results in the drop of its activity. The 

lipases from P. fellutanum and A. melleus were active over an extensive range of pH ranging 
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from 4-10, however maximum activity, 88.63 U/mL was observed at pH 8.5 and 99.66 U/mL 

at 7.5 respectively (Fig. 4.30). These pH optima showed that P. fellutanum lipase is alkaline 

and A. melleus lipase is neutral in nature.  

Hiol et al. (1999) had found the stability of Mucor hiemalis f. hiemalis lipase in the 

pH range of 4–9. Kareem et al. (2017) stated that lipase from A. flavus PW2961 was active 

over an extensive pH range (5- 9) with optimal activity at pH 7. Colla et al. (2015) reported 

the optimal activities of lipases produced by two species of Apergillus at pH 6.0. Dharmsthiti 

et al. (1998) isolated Acinetobacter calcoaceticus LP009 lipase which presented maximum 

activity at pH 7.0. Uttatree et al. (2010) isolated and characterized the lipase which exhibited 

the highest activity at pH 8.0. Ruiz et al. (2001) investigated the pH optimum for P. 

candidum lipase and found an alkaline optimum pH that is 9. Our results are in close 

agreement with these findings. 

 

 

Fig. 4.30 Effect of pH on P. fellutanum and A. melleus lipase activity. 
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lipase activity (103.22 U/mL) was found at 40 °C by A. melleus lipase (Fig. 4.31). A 

considerable loss of enzyme activity was observed above 55 °C; this is most likely due to the 

instability of the lipase at elevated temperatures. The possible explanation for this instability 

might be cause of the disturbance of the tertiary structure of lipase. It is then changed the 

configuration of the active site, accordingly declining the substrate-enzyme contact (Das et 

al., 2016). 

Our results are in agreement with Thamaraichelvan et al. (2010) and Kareem et al. 

(2017) who had reported 45 °C as the optimal temperature of A. niger and A. flavus lipases 

respectively. Temperatures optima of the present study are also in agreement to that of P. 

verrucosum lipase exhibiting the optimal temperature at 42 ºC (Menoncin et al., 2010), while 

these are higher than that of Rhizopus oryzae and A. tamarii JGIF06 lipases which have 

temperature optima 37 and 35 ºC respectively (Hiol et al., 2000; Das et al., 2016).  

The activation energies for substrate hydrolysis by P. fellutanum and A. melleus 

lipases were determined by Arrhenius plot (Fig. 4.32 & 4.33), as 66.37 kJmol-1 and 28.81 

kJmol-1 respectively. 

 

Fig. 4.31 Effect of temperature on P. fellutanum and A. melleus lipase activity. 
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Fig. 4.32 Arrhenius plot for the activation energy of substrate hydrolysis by P. 

fellutanum lipase. 

 

Fig. 4.33 Arrhenius plot for the activation energy of substrate hydrolysis by A. melleus 

lipase 
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4.5.3 Kinetics (Vmax, Km) for pNPP hydrolysis  

Michaelis–Menten kinetics is described by two factors, Km and Vmax. So, Km and Vmax of 

lipases from P. fellutanum and A. melleus for hydrolysis of pNPP at optimal experimental 

conditions were deduced by Lineweaver Burk plot (Fig. 4.34 & 4.35). The values of Km and 

Vmax for pNPP hydrolysis by P. fellutanum lipase were 0.75 mM and 83.33 µmol/mLmin-1 

respectively. Km value deduced in the current study is less than that of Burkholderia 

multivorans V2 lipase (1.56 mM), (Dandavate et al., 2009); while higher than that of Bacillus 

stearothermophilus MC7 lipase (0.33mM) (Kambourova et al., 2003). 

The values of Km and Vmax for pNPP hydrolysis by A. melleus lipase were 0.286 mM 

and 142.86 µmol/mLmin-1 respectively. This value of Km for substrate hydrolysis was lower 

than Km value of P. chrysogenum 90 lipase using tributyrin assubstrate (2.33 mM) and higher 

than that of Acinetobacter sp. AU07 using pNPP as substrate (Bancerz et al.,2005; Gururaj et 

al., 2016). 

 

Fig. 4.34 Lineweaver-Burk plot for the deduction of Vmax and Km for pNPP hydrolysis 

by P. fellutanum lipase. 
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Fig. 4.35 Lineweaver-Burk plot for the deduction of Vmax and Km for pNPP hydrolysis 

by A. melleus lipase. 

4.5.4 pH stability   

Mostly, lipases from microbial sources are active in the pH range of 2 to 10.5 (Falony et al., 

2006). The pH stability of P. fellutanum and A. melleus lipases was evaluated by incubating 

the media at varying pH levels from 4.0 to 10.0 for 24 hours at 4 °C. Results are revealed in 

Fig. 4.36 which indicated that the partially purified lipase was stable over the wide range of 

pH. Mahadik et al. (2002) reported that A. niger lipase was stable over a wide pH range of 

2.5 to 9.0.  
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Fig. 4.36 Effect of pH on stability of lipase by P. fellutanum and A. melleus. 

4.5.5 Kinetics and thermodynamic study 

Thermo-stability is the capacity of enzyme to stand firm against thermal unfolding when 

there is no substrate, whereas thermophilicity is the ability of enzymes to perform its function 

at high temperatures in the presence of substrate. An increment of 10 °C in temperature 

results in improved (nearly double) reaction rates. Thus, thermal stability becomes an ideal 

feature of enzymes for their applications in industries as it gives high yield at higher 

temperatures. The rate of thermal denaturation was observed at 40, 47, 54 and 61 ºC. The 

activities of lipases from both of the fungal strains were determined at different temperatures 

(40 - 61 °C) for varying time intervals (0-60 min). The degree of thermal inactivation was 

verified by using pseudo first order plots (Fig. 4.37 & 4.38). The activation energy for 

thermal denaturation was determined by Arrhenius plot (Fig. 4.39 & 4.40). The kinetic and 

thermodynamic parameters of P. fellutanum and A. melleus lipases were calculated by 

rearranging the Eyring absolute rate equation derived from transition state theory (Eyring and 

Steam, 1939) as expressed by Siddique et al. (1997). 

The results presented here (Table 4.8) revealed that P. fellutanum lipase was highly 

stable at 40 °C having half life of 693 min (11.55 h). A significant reduction in the half life 
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was observed at elevated temperatures i.e. 173.25 min (2.89 h) at 47 °C, 53.31 min (0.89 h) 

at 54 °C and 22.35 min (0.37 h) at 61 °C. The Gibbs free energy (∆G*) obtained at 40 °C was 

105.42 kJ/mol for enzyme denaturation. The free energy was found to decrease to some 

extent with an increase in temperature. The enthalpy of thermal unfolding of the transition 

state (∆H*) was found to be 140.15 kJ/mol at 40 °C. Its value continued to exist nearly same 

up to 54 °C while a very slight decrease was observed at 61 °C. The entropy (∆S*) of the 

enzyme (for thermal unfolding) was found as 110.96 Jmol-lK-l at 40 °C, demonstrated an 

increasing fashion with increasing temperature up to 54 °C but it was dropped again at 61 °C. 

The reason behind this increase in ∆S* values was looked like the opening or unfolding of the 

enzyme structure at higher temperatures. Thermodynamically, that enzyme molecule is 

thought to be more stable which has high Gibbs free energy to defend against the thermal 

unfolding. According to the results obtained from kinetic and thermodynamic study of 

irreversible thermal denaturation of lipase from P. fellutanum (Table 4.10), it is exposed that 

P. fellutanum lipase remains fairly stable at higher temperatures.  

Table 4.9 illustrated the thermodynamic parameters of A. melleus lipase at different 

temperatures. It revealed a half life of 1732.5 min (28.88 h) at 40 °C. At elevated 

temperatures, the half life was reduced sharply i.e. 247.5 min (4.13 h) at 47 °C, 88.85 min 

(1.48 h) at 54 °C and 30.8 min (0.51 h) at 61 °C. The Gibbs free energy (∆G*) observed at 40 

°C was 107.79 kJ/mol. A decline in free energy was found with an increase in temperature. 

The enthalpy of thermal unfolding (∆H*) at 40 °C was observed as 160.60 kJ/mol. Its value 

stayed around same up to 61 °C. Conversely the entropy, ∆S* of the enzyme (of thermal 

unfolding) that was 168.73 Jmol-lK-l at 40 °C did not exhibit any definite trend with respect 

to temperature. Kinetic and thermodynamic study of irreversible thermal denaturation of 

lipase from A. melleus (Table 4.11) revealed that A. melleus lipase is stable to some extent at 

elevated temperatures. 
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Fig. 4.37 Pseudo first order plots of P. fellutanum lipase. 

 

Fig. 4.38 Pseudo first order plots of A. melleus lipase. 
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Fig. 4.39 Arhennius Plot to determine the activation energy for irreversible thermal 

denaturation of P. fellutanum lipase. 

 

 

Fig. 4.40 Arhennius Plot to determine the activation energy for irreversible thermal 

denaturation of A. melleus lipase. 
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Table 4.10 Kinetic and thermodynamic parameters for irreversible thermal denaturation 

of lipase from P. fellutanum. 

Temp. 

(K) 

kd 

(min-1) 

t1/2 

(min) 

∆H* 

kJmol-1 

∆G* 

kJmol-1 

∆S* 

Jmol-1K-1 

313 0.001 693 140.15 105.42 110.96 

320 0.004 173.25 140.08 104.14 112.31 

327 0.013 53.31 140.03 103.27 112.42 

334 0.031 22.35 139.97 103.13 110.30 

 

Ea = 142.75 kJ/mol (for thermal denaturation) 

Table 4.11 Kinetic and thermodynamic parameters for irreversible thermal denaturation 

of lipase from A. melleus. 

Temp. 

(K) 

kd 

(min-1) 

t1/2 

(min) 

∆H* 

kJmol-1 

∆G* 

kJmol-1 

∆S* 

Jmol-1K-1 

313 0.0004 1732.5 160.60 107.79 168.73 

320 0.0028 247.5 160.54 105.09 173.29 

327 0.0078 88.85 160.48 104.66 170.70 

334 0.0225 30.8 160.43 104.02 168.9 

 

Ea = 163.2 kJ/mol (for thermal denaturation) 

4.5.6 Effect of metals 

2 mM of metal solution was added to the enzyme and buffer reaction mixture to study the 

effect of metals on lipase activity. Control was run with deionized water in place of metal 

solution. Results (Fig. 4.41) disclosed that all the metals except Sr2+ and Cr3+enhanced the P. 

fellutanum lipase activity. Mn2+, Pb2+ and Ca2+ were better activators among the other metals. 
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These results are in line with the preceding report where Dheeman et al., 2011 reported the 

improvement in lipase activity from Penicillium sp. DS-39 in the presence of Ca2+. 

Not a considerable change in A. melleus lipase activity was found with the addition of 

metal ions; however Ca2+ proved to be better activator among other metal ions. Perhaps, the 

calcium ions recompense for the electrostatic repulsion produced between the enzyme and 

the substrate, hence improving the lipase activity (Dey et al., 2014). Das et al. (2016) 

reported that metals have positive effect on lipase activity from A. tamari JGIF06 and found 

CaCl2 the best activator. 

 

Fig. 4.41 Effect of metal ions on the activity of P. fellutanum and A. melleus lipase. 

4.5.7 Effect of inhibitors 

4.5.7.1 Effect of urea 

The results (Fig.4.42 & 4.43) revealed a decline in enzyme activity from both of the fungal 
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Fig. 4.42 Effect of urea on P. fellutanum lipase stability. 

 

 

Fig. 4.43 Effect of urea on A. melleus lipase stability. 
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4.5.7.2 Effect of guanidine hydrochloride 

The results presented in the Fig. (4.44 & 4.45) depicted that guanidine hydrochloride reduced 

the lipase activity but this reduction was not very sharp and significant. We can say that 

lipases from both fungal strains can perform actively for longer in the presence of guanidine 

hydrochloride as compared to urea. 

 

 

Fig. 4.44 Effect of guanidine hydrochloride on P. fellutanum lipase stability. 
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Fig. 4.45 Effect of guanidine hydrochloride on A. melleus lipase stability. 

4.5.8 Effect of organic solvents  

The stability of lipases in organic solvents puts forward the immense advantages for their 

applications in organic synthesis. For this reason, enzyme was incubated with organic 

solvents for 30 minutes. Results demonstrated the good stability of lipase by P. fellutanum in 

benzene, hexanol, ether and acetone (Fig. 4.46). A. melleus lipase also exhibited the good 

stability when incubated with hexanol, benzene, acetone and propanol. The stability of lipase 

in the organic solvent might be associated to the open conformation of enzyme where the 

cover of the enzyme does not wrap the active site hence maintaining a supple conformation 

(Colton et al., 1995; Hiol et al., 1999). 

Anbu and Hurr (2014) isolated Bacillus licheniformis PAL05 lipase which was quite 

stable with hexane, benzene and ethanol. This is in accordance with the present study. 
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Fig. 4.46 Effect of organic solvents on the stability of P. fellutanum and A. melleus 

lipase. 

4.6 Biodegradation of polyesters using lipases produced by P. fellutanum 

and A. melleus 

The activity of lipases produced in this study by P. fellutanum and A. melleus was evaluated 

for the degradation of different polyesters. Five polyesters including, poly (ɛ-caprolactone) 

PCL, polyester vylon 200 (PV-200), Poly (methyl methacrylate) PMMA, polyvinyl acetate 

(PVAc) and Poly (ethyl methacrylate) PEMA were employed for this enzymatic degradation. 

Both the enzymes exhibited good degradation abilities (Fig. 4.47). The rate of weight loss of 

polyester samples during enzymatic degradation by A. melleus lipase was as follows: PVAc> 

PV-200 > PCL > PEMA > PMMA and that of P. fellutanum lipase was PV-200 > PVAc> 

PCL > PEMA > PMMA.  

The process of hydrolysis by the action of enzymes is heterogeneous in nature. 

Enzymes usually attack on the outer surface of polyester and degrade them into less 

significant molecular units through hydrolysis. Hydrolysis is carried out by surface erosion, 

and its rate tends to be decreased after the utilization of the amorphous part of the surface. 
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The enzymatic degradation of aliphatic polyesters is associated with the chemical structure as 

well as to the hydrophilic/hydrophobic steadiness within the main chain (Montaudo and 

Rizzarelli, 2000; Gan et al., 2001), it also depends on the molecular weight and degree of 

crystallinity of the polymeric material (Mochizuchi et al., 1997). 

In general, molecular weight and glass transition temperature have opposite relation 

with biodegradation rate as low molecular weight and Tg value of polyesters favours the 

degradation process. In the present study, PCL followed this general trend having moderate 

molecular weight and very low Tg value (-60 ºC) lost reasonable weight by the action of 

lipases but this trend was not followed steadily by all the other polyesters used here. PVAc 

demonstrated the maximum weight loss even having very higher molecular weight (119,000) 

but it is in agreement with its low Tg value (49.1 ºC). PV-200 exhibited very good 

degradability by lipases, having low molecular weight (17000) but relatively high value of Tg 

(72.6 ºC). PMMA and PEMA did not exhibit much significant weight loss in the presence of 

enzymes as compared to other polyesters, which might be due to their higher values of glass 

transition temperature (Tg) and very high molecular weight. But molecular weight didn’t 

show a steady influence on biodegradation level of the polyester films. The independence of 

biodegradation level from variation in molecular weight could point toward that the lipases 

used here were endo-type enzymes which arbitrarily split ester bonds in the polyester chain 

(Rizzarelli et al., 2004). Definitely, Tg values and deviation in the extent of crystallinity have 

an effect on biodegradation of polyesters but polymer chain structure emerges to be the most 

important factor that robustly controls the activity of the lipases from P. fellutanum as well as 

A. melleus. 
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Fig. 4.47 Enzymatic degradation of different polyester films in the presence of lipases 

produced by P. fellutanum and A. melleus. 

4.6.1 Optimization of important parameters for biodegradation 

4.6.1.1 Effect of incubation time 

Biodegradation of PCL, PMMA, PEMA, PVAc and PV-200 was carried out with enzymatic 

solution of enzyme extract (2 mL) containing the phosphate buffer (2 mL) at 37 ºC for 

different episodes of incubation time. The results are shown in Fig. 4.48 & 4.49, where 

weight loss is plotted against incubation time. Biodegradation level increases by increasing 

the time of incubation but after a certain limit, it becomes invariable. When incubated with P. 

fellutanum lipase, maximum weight loss of PCL and PV-200 was obtained after 7 days of 

incubation and that of PVAc and PMMA was achieved after 14 days while the optimum 

incubation time for PEMA was 21 days. For A. melleus lipase, PCL and PV-200 were 

degraded up to their maximum limit in 5 days of incubation with enzymatic solution. PVAc 

and PMMA showed their maximum weight loss after 21 days of incubation while maximum 

weight loss of PEMA was obtained after 14 days. The sharp increase in weight loss (69 %) of 

the PV-200 after 7 days of incubation in the presence of lipase enzyme by P. fellutanum was 

noteworthy. 
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Khan et al. (1999) carried out the enzymatic degradation of Bionolle and Bionolle-

rubber blends at different time intervals of incubation. They found maximum weight loss of 

samples after 95 h of incubation time. 

 

Fig. 4.48 Effect of incubation time on the weight losses of polyesters by P. fellutanum 

lipase. 

 

Fig. 4.49 Effect of incubation time on the weight losses of polyesters by A. melleus 

lipase. 
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4.6.1.2 Effect of pH of the medium 

All the polyester samples were incubated with different buffers of pH (6-9) at 37 ºC for their 

relevant optimized incubation time with 2 mL of each enzyme extract. The weight loss of 

samples due to this treatment was observed and the results are shown in Fig. 4.50 & 4.51, 

where weight loss is presented against pH of the buffer-enzyme system. As the pH of the 

medium is increased towards the neutral side, the weight loss of all polyesters increases; but 

when the pH is reached beyond 8, the extent of weight loss starts decreasing. Optimum pH of 

all the polyesters for their degradation by both enzyme extracts was either 7.5 or 8.  

 

 

Fig. 4.50 Effect of pH on the weight losses of polyesters by P. fellutanum lipase. 
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Fig. 4.51 Effect of pH on the weight losses of polyesters by A. melleus lipase. 

4.6.1.3 Effect of enzyme concentration 

The polyester films were incubated at 37 ºC for optimal time intervals in buffer solution 

containing different concentrations (1 to 6 mL) of enzyme. The weight loss of the samples by 

different concentrations of enzyme was observed which is shown in Fig. 4.52 & 4.53, where 

weight loss is plotted versus enzyme concentration. As the concentration of enzyme 

increases, the weight loss also increases gradually; but when it exceeds 4 mL, it favours to 

reach at invariable level. It might be due to the saturation of the surface area of polyester 

films by the enzymes. Maximum weight loss of PCL and PEMA was achieved with 4 mL of 

P. fellutanum lipase extract and that of PMMA was obtained with 5 mL of enzyme extract. 

PVAc and PV-200 needed 2 & 3 mL of P. fellutanum lipase extract respectively, to reach at 

their maximum weight losses. In the presence of A. melleus lipase extract, optimum enzyme 

concentration for the biodegradation of PCL and PVAc was 3 mL and, for PV-200, PMMA 

and PEMA was 4 mL. 

Khan et al. (1999) investigated the biodegradation of Bionolle and Bionolle-rubber 

blends incubated with different concentrations of the enzyme (lipase AK) and 20mg/mL of 

lipase concentration was observed to be optimal. Montaudo and Rizzarelli (2000) 

investigated the biodegradation of P(BSu-co-BSe) 50/50 films which were incubated with 
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different concentrations of Rhizopus arrhizus lipase at 37 ºC. The optimum enzyme 

concentration was found to be 0.19 U/ml (100 mg/ml). 

 

Fig. 4.52 Effect of enzyme concentration on the weight losses of polyesters by P. 

fellutanum lipase. 

 

Fig. 4.53 Effect of enzyme concentration on the weight losses of polyesters by A. melleus 

lipase. 
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4.6.1.4 Effect of incubation temperature 

All the polyester samples were incubated at different temperatures (25–50 ºC) for optimum 

time intervals with other optimal reaction conditions. Results of the weight losses of the films 

of polyesters as an outcome of this treatment are shown in Fig. 4.54 & 4.55, where weight 

loss is plotted vs. incubation temperature. The maximum weight loss of PCL, PV-200, 

PMMA and PEMA was observed at 35 ºC when incubated with P. fellutanum lipase extract 

while PVAc lost its maximum weight at 40 ºC. Above 40 ºC, the weight losses of all the 

polyester samples were decreased sharply, most likely due to the thermal denaturation of 

enzyme at higher temperatures. On the other hand, A. melleus lipase exhibited better 

performance at higher temperatures as compared to P. fellutanum lipase. Maximum weight 

loss of PCL by A. melleus lipase was obtained when incubated at 45 ºC and that of PVAc and 

PV-200 was obtained at 40 ºC while optimum temperature for biodegradation of PMMA and 

PEMA was found to be 35 ºC. 

Khan et al. (1999) studied the optimization of temperature for degradation of 

Bionolle and Bionolle-rubber blends and the maximum degradation was found at 70 ºC.  

 

Fig. 4.54 Effect of temperature on the weight losses of polyesters by P. fellutanum lipase. 
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Fig. 4.55 Effect of temperature on the weight losses of polyesters by A. melleus lipase. 

4.6.2 Characterization of biodegradation 

Different techniques like Fourier Transform Infrared Spectroscopy, Differential Scanning 

Calorimetry and Scanning Electron Microscopy were employed to characterize the 

biodegradation process. 

4.6.2.1 Fourier Transform Infrared Spectroscopy 
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recovery from the biodegradation experiments.        
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1717 cm-1 when PMMA film was treated with P. fellutanum lipase, which showed the 

breakdown of ester bond. Meanwhile the peaks which were present in untreated PMMA 

films at 2934 cm-1 and 2854 cm-1 became more prominent after the enzymatic treatment. 

PMMA did not show prominent weight loss, it is also evident from its FTIR spectra as 1400-

1700 cm-1 did not show any significant shift of wave numbers. 

In case of PMMA degradation by A. melleus lipase (Fig. 4.57), no shift in wave 

numbers in the range of 1400-1700 cm-1 was seen but only a slight reduction in the intensity 

of peak at 1717 cm-1 was observed. While the peak present in untreated PMMA sample at 

2934 cm-1 was shifted to lower wave number side (2927 cm-1). Some new peaks were formed 

at 2363 cm-1 and 1596 cm-1 which showed some extent of breaking and making of bonds. 

 

Fig. 4.56 FT-IR spectra of PMMA before and after degradation by treating with P. 

fellutanum lipase. 
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Fig. 4.57 FT-IR spectra of PMMA before and after degradation by treating with A. 

melleus lipase. 

2. Biodegradation of PEMA 

After lipase mediated degradation of PEMA films, structural changes in the polyester were 

analyzed through FTIR. FTIR spectra of P. fellutanum lipase treated sample (Fig. 4.58) did 

not show any peak shifting near to 1700 cm-1 (carbonyl region) while peak present at 1448 

cm-1 (corresponding to ─CH2) was reduced to 1431 cm-1. Peaks present at 2927 cm-1 and 

2951 cm-1 (─C-H stretching band) were shifted to higher wave numbers i.e., 2985 cm-1 and 

2995 cm-1.  

FTIR spectra in Figure 4.59 revealed that when PEMA film was treated with A. 

melleus lipase under optimized experimental conditions, slight changes and shifting of peaks 

were observed in the range of 3000-2850 cm-1 (related to ─C-H). Reduction in the intensity 

of peak at 1723 cm-1 was also noticed which confirmed that the weight loss of the polyester 

film was due to enzymatic reaction occurred at ester linkages. 
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Fig. 4.58 FT-IR spectra of PEMA before and after degradation by treating with P. 

fellutanum lipase. 
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Fig. 4.59 FT-IR spectra of PEMA before and after degradation by treating with A. 

melleus lipase. 

3. Biodegradation of PCL 

Poly (ɛ-caprolactone) was subjected to enzymatic degradation at optimum conditions and 66 

% weight loss was found by P. fellutanum lipase. The biodegradation was confirmed by 

analyzing PCL films through FTIR. After enzymatic treatment, many structural changes were 

observed in the polyester film. Peak appeared at 1724 cm-1 in untreated PCL film, was 

reduced to 1717 cm-1 after enzymatic treatment and it also showed significant decline in the 

peak intensity which confirmed the reasonable weight loss (66 %) of PCL sample (Fig. 4.60). 

In case of pure PCL film, peak appeared at 2944 cm-1 was shifted to higher wavenumber i.e., 

2956 cm-1 after enzymatic treatment which indicated the contribution of some kind of intra-

molecuar interactions. Peaks present in untreated sample at 2861 cm-1 and 1562 cm-1 were 

almost disappeared and a new peak was formed at 1612 cm-1. In the region of 1050-1350 cm-

1, many other peak transformations were noticeable. 
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A. melleus lipase treatment of PCL gave 53 % weight loss which was verified by 

FTIR spectra (Fig. 4.61). Peak appeared at 1724 cm-1 in untreated sample was reduced to 

1720 cm-1 and its intensity was also significantly decreased which confirmed the weight loss 

and structural changes in polyester. Peak present at 2363 cm-1 became more prominent. Few 

more peaks transformations were occurred within the range of 1495-1670 cm-1 which also 

provided the evidence of structural changes in PCL due to the weight loss by A. melleus 

lipase. 

 

 

Fig. 4.60 FT-IR spectra of poly (ɛ-caprolactone) before and after degradation by 

treating with P. fellutanum lipase. 
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Fig. 4.61 FT-IR spectra of poly (ɛ-caprolactone) before and after degradation by 

treating with A. melleus lipase. 

4. Biodegradation of PVAc 

Fig. 4.62demonstrates the FT-IR spectra of polyvinyl acetate before and after enzymatic 

degradation by P. fellutanum lipase and the spectra exhibit an appreciably reduced peak 

intensity of ─C=O bands, in contrast to the untreated sample film. It was found that after 

enzymatic treatment, ─C=O stretching vibration moved to lower peak intensity and ─C=O 

band was destabilized which emerged at lower wave number (1727 cm-1 to 1724 cm-1) with 

the poor intensity. It confirmed the enzymatic hydrolysis and weight loss measurements of 

PVAc which was 75 %. Furthermore, some new peaks were appeared after the degradation at 

2359 cm-1 and 1293 cm-1. Peaks appeared at 2924 cm-1 and 2854 cm-1 were shifted to 2944 

cm-1 and 2867 cm-1. Peak present at 1636 cm-1 was disappeared after degradation which 

indicates the breakdown of ─C=C bonds. It clearly points out that the chemical structure of 
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polyester was changed after the enzymatic treatment, mainly due to the hydrolysis of the 

ester bonds. 

In case of A. melleus lipase treated PVAc, FTIR spectra (Fig. 4.63) revealed that the 

backbone peak i.e., ester band present at 1727 cm-1 which was shifted to 1724 cm-1 also came 

across the prominent reduction in its intensity which confirmed the highest weight loss (91 

%) of the PVAc in the present study. Peaks present at 1370 cm-1, 1222 cm-1, 1017 cm-1 and 

946 cm-1 were reduced to 1367 cm-1, 1219 cm-1, 1013 cm-1 and 943 cm-1 respectively. 

Moreover, the peaks present within the region of 3000-2850 cm-1 and at 1636 cm-1 were 

disapppeared and, a new peak is formed at 848 cm-1, after the enzymatic degradation. 

 

 

Fig. 4.62 FT-IR spectra of polyvinyl acetate film before and after degradation by 

treating with P. fellutanum lipase. 
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Fig. 4.63 FT-IR spectra of polyvinyl acetate before and after degradation by treating 

with A. melleus lipase. 

5. Biodegradation of PV-200 

Fig. 4.64 reveals the FTIR spectra of P. fellutanum lipase treated sample of PV-200 and it 

confirms the weight loss measurement result of polyester vylon which was 81 %. It was 

observed that the ester band at 1713 cm-1 was reduced to 1710 cm-1 and its intensity was also 

reduced after enzymatic hydrolysis which confirms the occurrence of structural changes due 

to enzymatic degradation. The peak present at 1222 cm-1 was also shifted to lower wave 

number 1219 cm-1 and peaks present at 2921 cm-1 and 2854 cm-1 were almost disappeared 

after the enzymatic treatment which indicated that ─C-H bonds were broken down by the 

action of enzyme. 

When PV-200 sample film was subjected to A. melleus lipase mediated degradation 

under optimized experimental conditions, 76 % weight loss was achieved which is evident 

from its FTIR spectra as shown in Fig. 4.65. FTIR spectra revealed that main ester peak was 
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shifted from1713 cm-1 to 1710 cm-1 and peaks present at 1222 cm-1 and 1094 cm-1 were also 

shifted to lower wave numbers i.e., 1219 cm-1 and 1091 cm-1. Peaks in the range of 2950-

2850 cm-1 were disappeared after degradation experiment. These results indicated the 

cleavage of ester bond as well as the breakdown of ─C-H and ─C=C bonds which ultimately 

pointed towards the structural changes in the polyester due to the action of lipase. It was also 

noted that peaks intensities were reduced sharply after degradation, which was also the 

indication of weight loss of polyester.     

 

 

Fig. 4.64 FT-IR spectra of polyester vylon-200 before and after degradation by treating 

with P. fellutanum lipase. 
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Fig. 4.65 FT-IR spectra of polyester vylon-200 before and after degradation by treating 

with A. melleus lipase. 

4.6.2.2 Differential Scanning Calorimetry 

DSC is generally used to determine the changes in molecular organization such as glass 

transition and melting etc. DSC thermogram data is represented in Table 4.12 and 4.13. The 

thermal properties illustrated a noticeable decrease in the glass transition temperature (Tg) of 

all the amorphous polyester samples (PVAc, PV-200, PMMA & PEMA) and melting 

temperature (Tm) of semicrystalline PCL sample, most probably due to the occurrence of low 

molecular weight degradation products. These low molecular weight fragments act as a 

plasticizer, lowering the Tg with the passage of time. It might be due to an improved mobility 

of the molecules which was resulted by the hydrolysis process. All the amorphous polyesters 

presented similar behaviour. Our results are in agreement with Gorrasi and Pantani (2013) 

who studied the hydrolysis of polylactic acid (PLA). They also found that glass transition 

temperature of all the amorphous polymer samples was reduced with the passage of time 

during the hydrolysis process.  
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Regarding the semicrystalline PCL sample, similar phenomenon was observed for its 

melting temperature (Tm) which was also reduced after degradation. The decrease in the 

melting temperature after degradation could be a result of the development of thinner and 

less perfect lamellae during the degradation of the PCL. It is assumed that the steady drop in 

Tm of PCL was also due to the existence of low molecular weight products with reduced 

lattice disordering, leading to a lower Tm. The lipases utilized here were endo-enzymes that 

degraded PCL via two stages. The preliminary stage of enzymatic degradation was an 

arbitrary scission of the ester linkage of the PCL chain in amorphous regions, and then 

further attack on the crystalline regions was carried out. It might be possible that the initial 

chain hydrolysis of the amorphous part of PCL was followed by the lipase mediated erosion 

and breakdown of the crystalline part hence decreasing the flawlessness of crystal structure 

or the thickness of lamellae. Similar results were found by Fukushima et al. (2013) when Tm 

of PCL blends (PCL/PDLLA in 80/20 ratio) was decreased after composting. 

Table 4.12 Values of glass transition and melting temperature of P. fellutanum lipase 

treated and untreated polyester samples determined by DSC analysis 

Enzyme Polyester 
Before degradation After degradation 

Tg (ºC) Tm (ºC) Tg (ºC) Tm (ºC) 

Lipase 

produced by P. 

fellutanum 

PCL --- 65.2 --- 60.3 

PVAc 49.1 --- 40.2 --- 

PV-200 72.6 --- 60.8 --- 

PMMA 90.7 --- 88.8 --- 

PEMA 72.3 --- 71.9 --- 
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Table 4.13 Values of glass transition and melting temperature of A. melleus lipase treated 

and untreated polyester samples determined by DSC analysis 

Enzyme Polyester 
Before degradation After degradation 

Tg (ºC) Tm (ºC) Tg (ºC) Tm (ºC) 

Lipase 

produced by A. 

melleus 

PCL --- 65.2 --- 62.4 

PVAc 49.1 --- 38.5 --- 

PV-200 72.6 --- 63.9 --- 

PMMA 90.7 --- 90.1 --- 

PEMA 72.3 --- 71.2 --- 

 

4.6.2.3 Scanning Electron Microscopy 

The SEM micrographs of polyester films before and after enzymatic treatment are shown in 

Fig. 4.66 to 4.75. The morphology of the original polyester films were changed after 

degradation. Untreated polyester films had smooth surfaces while after enzymatic treatment, 

deformities and various small holes and cracks were developed on the film surfaces. The 

number of cracks and holes were deeper and more pronounced in the film surfaces of PVAc, 

PCL and PV-200 which confirmed their higher degree of degradation.  

The enzymatic degradation was a surface erosion phenomenon. The diffusion of 

water into the amorphous regions of polyesters might be the major reason to develop holes 

and cracks inside the surface of polyester films causing further hydrolysis and increasing the 

fragmentation (Cho et al., 2002; Bikiariset al., 2012). 
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Fig. 4.66 SEM micrograph (X500) of untreated PCL film. 

 

Fig. 4.67 SEM micrographs (X500) of PCL after degradation by treating with (a) P. 

fellutanum lipase (b) A. melleus lipase. 
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Fig. 4.68 SEM micrograph (X500) of untreated PV-200 film. 

 

Fig. 4.69 SEM micrographs (X500) of PV-200 after degradation by treating with (a) P. 

fellutanum lipase (b) A. melleus lipase. 
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Fig. 4.70 SEM micrograph (X500) of untreated PVAc film. 

 

Fig. 4.71 SEM micrographs (X500) of PVAc after degradation by treating with (a) P. 

fellutanum lipase (b) A. melleus lipase. 
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Fig. 4.72 SEM micrograph (X500) of untreated PMMA film. 

 

Fig. 4.73 SEM micrographs (X500) of PMMA after degradation by treating with (a) P. 

fellutanum lipase (b) A. melleus lipase. 

 

 

 

 



 
 

113 

 

 

Fig. 4.74 SEM micrograph (X500) of untreated PEMA film. 

 

Fig. 4.75 SEM micrographs (X500) of PEMA after degradation by treating with (a) P. 

fellutanum lipase (b) A. melleus lipase. 
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Chapter # 5 

          SUMMARY 

Polymers pose a serious threat to environment due to rising solid waste on earth. After 

degradation, biodegradable polymers can easily be included into carbon and nitrogen cycles 

under some specific environmental conditions. This degradation is carried out largely by 

enzymes produced by microorganisms. Among various other applications of lipases, it is 

noticeable that they are also able to digest films of aliphatic polyesters. Therefore, the present 

project was designed to produce and characterize microbial lipases to study their potential to 

degrade the polyesters. 

First of all screening of some fermentative substrates for production of lipases was 

done and canola oil cake was found as the most excellent substrate under SSF. Two fungal 

strains, P. fellutanum and A. melleus were used for lipase production throughout this study. 

Results revealed that the maximum production of lipase by P.fellutanum was achieved with 

moisture content 50 %, incubation periods 48 h, pH 4, substrate amount 5 g, inoculum size 2 

mL, incubation temperature 30 ºC and olive oil 2 %. Whereas incubation period 96 h, 

moisture content 60 %, pH 4, substrate amount 5 g, inoculum size 3 mL, incubation 

temperature 30ºC and 3 % olive oil were the quantities found to achieve the highest lipase 

production by A. melleus. Additional nutritional sources (0.1 %) affected the lipase synthesis 

significantly and the highest lipase was produced in the presence of glucose and ammonium 

sulphate by P. fellutanum while lactose and diammonium tartarate were found the most 

valuable additional sources in case of enzyme production by A. melleus.  

Response surface methodology (RSM) studies depicted that the highest lipase 

production by P. fellutanum was attained after 24 h of incubation maintaining the pH at 5.00 

employing lactose as carbon source at 35 °C. The maximum lipase production by A. melleus 

was achieved after the 96 h of incubation adjusting the pH of the culture medium at 5.68 with 

diammonium tartarate as nitrogen source at 30 °C. An overall 2.05 and 1.92-fold increase in 

lipase production by P. fellutanum and A. melleus respectively was being achieved after the 

application of RSM. 
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Crude lipase extract from both fungal strains was employed to partial purification for 

ammonium sulphate precipitation and dialysis. 2.06 and 3.84 folds of purification were 

obtained after dialysis of P. fellutanum and A. melleus lipase extract respectively. The 

partially purified lipases were characterized for different variables like temperature, pH and 

thermal stability etc. Addition of inhibitors and organic solvents was also taken into account 

to evaluate the stability of lipase. Results described that P. fellutanum lipase was alkaline and 

A. melleus lipase was neutral in nature. Both fungal lipases showed stability at around 40 ºC 

and 45 ºC. Michaelis–Menten constants Km and Vmax were also predicted. Km and Vmax were 

expected to be 0.75 mM & 83.33 µmol/min for P. fellutanum lipase while 0.29 mM & 142.86 

µmol/min for A. melleus lipase respectively. Thermal stability experiment revealed that 

lipases were moderately stable at higher temperatures with reasonable half lives. Lipases of 

both fungal strains were quite stable when employed with organic solvents. 

The activity of lipases produced in this study was evaluated for the degradation of 

five different polyesters. Both the enzymes showed good degradation abilities. The rate of 

weight loss of polyester samples by A. melleus lipase was as follows: PVAc > PV-200 > PCL 

> PEMA > PMMA and that of P. fellutanum lipase was PV-200 > PVAc > PCL > PEMA > 

PMMA. The independence of biodegradation level from variation in molecular weight could 

point toward that the lipases used in this study were endo-type enzymes that arbitrarily break 

ester bonds in the polyester chain.   

Optimization of important parameters for biodegradation like pH, incubation time and 

temperature, and enzyme concentration was also carried out. At optimized conditions, weight 

losses observed for PVAc, PV-200 and PCL were 75, 81 and 66 % respectively by treating 

with P. fellutanum lipase and, 91, 76 and 53 % respectively by treating with A. melleus 

lipase. PMMA and PEMA didn’t exhibit considerable weight loss in the presence of both 

enzymes. Different techniques like FT-IR, DSC and SEM were applied for the 

characterization of biodegradation process. FTIR spectra of PVAc, PV-200 and PCL showed 

significant decrease in ester functional group and many other transformations at different 

regions were also observed after degradation which was the evidence of their significant 

weight loss during biodegradation. DSC thermogram data revealed the noticeable reduction 

in Tg and Tm of PVAc, PV-200 and PCL which confirmed the weight loss results. SEM 
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exposed the appearance of widespread cracks on the polyester films surfaces after 4 weeks of 

incubation with both microbial enzymes. Extent of these cracks and holes in each respective 

polyester sample proved its level of degradation. 

Currently, non-biodegradable plastics are creating a great threat to the environment as 

there are no waste management facilities. Biodegradable materials should be used in future 

particularly for the food packaging stuff and medical items which are not reusable. 

Meanwhile, appropriate management of their waste is crucial to make beneficial use of such 

polymers in the society.  Different microbes have great potential to convert plastic polymers 

into simpler products by different mechanisms. For future, it is the need of hour to synthesize 

new biodegradable polymers and characterize new microbial strains to produce enzymes and 

their use in the degradation of polymers in order to ensure environmental safety and 

sustainability. 

 

 

 

 

 

 

 

 

 

 

 

 

 



 
 

117 

LITERATURE CITED 

Abou Zeid, D.M. 2001. Anaerobic biodegradation of natural and synthetic polyesters. Ph.D 

thesis, Technischen Universität Carolo-Wilhelmina zu Braunschweig. 

Adio, O.Q., S.O. Kareem, M.B. Osho and A.M. Omemu. 2015. Production of lipases in 

solid-state fermentation by Aspergillus niger F7-02 with agricultural residues. J. 

Microbiol. Biotech. Food Sci., 4 (6): 509-512. 

Albertsson, A-C. and S. Karlsson. 1992. Increased biodegradation of LDPE-matrix in starch-

filled LDPE materials. Polym. Mat. Sci. Eng., 67: 296-297. 

Amin, F., H.N. Bhatti, I.A. Bhatti and M. Asgher. 2013. Utilization of wheat bran for 

enhanced production of exo-polygalacturonase by Penicillium notatum using 

response surface methodology. Pak. J. Agri. Sci., 50(3): 469-477. 

Amin, M., H.N. Bhatti and F. Perveen. 2008. Production, partial purification and thermal 

characterization of beta-amylase from Fusarium solani in solid-state fermentation. J. 

Chem. Soc. Pak., 30: 480-485. 

Anbu, P. 2014. Characterization of an extracellular lipase by Pseudomonas koreensis BK-

L07 isolated from soil. Prep. Biochem.Biotechnol., 44: 266-280. 

Anbu, P. and B.K. Hur. 2014. Isolation of an organic solvent-tolerant bacterium Bacillus 

licheniformis PAL05 that is able to secrete solvent-stable lipase. Biotechnol. Appl. 

Biochem., 61: 528–534. 

Anbu, P., M.J. Noh, D.H. Kim, J.S. Seo, B.K. Hur and K.H. Min. 2011. Screening and 

optimization of extracellular lipases by Acinetobacter species isolated from oil-

contaminated soil in South Korea. Afr. J. Biotechnol., 10: 4147–4156. 

Arboleda, C.E., A.I.G. Mejía and B.L.O. López. 2004. Poly (Vinylalcohol-Co Ethylene) 

biodegradation on semi solid fermentation by Phanerochaete chrysosporium. 

Acta.Farm.Bon., 23: 123-128. 



 
 

118 

Awad, G.E.A., H. Mostafa, E.N. Danial, N.A.M. Abdelwahed and H.M. Awad. 2015. 

Enhanced production of thermostable lipase from Bacillus cereus ASSCRC-P1 in 

waste frying oil based medium using statistical experimental design. J. Appl. Pharm. 

Sci., 5(9): 07-15. 

Bae, S. and M. Shoda. 2005. Statistical optimization of culture conditions for bacterial 

cellulose production using Box-Behnken design. Biotechnol. Bioeng., 90(1): 20-28. 

Balaji, V. and P. Ebenezer. 2008. Optimization of extracellular lipase production 

in Colletotrichum gloeosporioides by solid state fermentation. Ind. J. Sci. Technol., 

1(7): 1-8. 

Bancerz, R., G. Ginalska,J. Fiedurek andA. Gromada. 2005. Cultivation conditions and 

properties of extracellular crude lipase from the psychrotrophic fungus Penicillium 

chrysogenum 90. J. Ind. Microbiol. Biotechnol., 32: 253-260. 

Barberis, S., F. Guzman, A. Illanes, J. Lopez-Santin and L. Wilson. 2008. Study cases of 

enzymatic processes. In: Enzyme Biocatalysis: Principles and Applications, Illanes, 

A. (Ed.). Chapter 6, Springer, Dordrecht, Netherlands, ISBN-13: 9781402083600: 

253-378. 

Bayoumi, R.A., S.S. El-louboudey, N.M. Sidkey and M.A. Abd-ElRahman. 2007. 

Production, purification and characterization of thermoalkalophilic lipase for 

application in bio-detergent industry. J. Appl. Sci. Res., 3: 1752‒1765. 

Belal, E.S. 2003. Investigations on biodegradation of polyesters by isolated mesophilic 

microbes. Ph.D Thesis, Technischen Universität Carolo-Wilhelmina zu 

Braunschweig. 

Bernal, L.F., G. Lopez, M. Ruiz, R. Vera-Bravo, A. Reyes and S. Baena. 2017. Response 

surface methodology (RSM) for analyzing culture conditions of Acidocella facilis 

strain USBA-GBX-505 and partial purification and biochemical characterization of 

lipase 505 LIP. Univ. Sci., 22 (1): 45-70. 

https://www.ncbi.nlm.nih.gov/pubmed/?term=Bae%20S%5BAuthor%5D&cauthor=true&cauthor_uid=15712301
https://www.ncbi.nlm.nih.gov/pubmed/?term=Shoda%20M%5BAuthor%5D&cauthor=true&cauthor_uid=15712301
https://www.ncbi.nlm.nih.gov/pubmed/15712301


 
 

119 

Bezerra, M.A., R.E. Santelli, E.P. Oliveira, L.S. Villar and L.A. Escaleira. 2008. Response 

surface methodology (RSM) as a tool for optimization in analytical chemistry. 

Talanta., 76: 965-977. 

Bhatti, H.N., M. Asgher, A. Abbas, R. Nawaz and M.A. Sheikh. 2006. Studies on kinetics 

and thermostability of novel acid invertase from Fusarium solani. J. Agric. Food 

Chem., 54: 4617-4623. 

Bhatti, H.N., M.H. Rashid, R. Nawaz, M. Asgher, R. Perveen and A. Jabbar.2007a. 

Optimization of media for enhanced glucoamylase production in solid-state 

fermentation by Fusarium solani. Food Technol. Biotechnol., 45: 51–56 

Bhatti, H.N., M.H. Rashid, R. Nawaz, R. Perveen, A. Jabbar and M. Asgher.2007b. 

Purification and characterization of a novel glucoamylase from Fusarium solani. 

Food Chem., 103: 338-343. 

Bikiaris, D.N., N.P. Nianias, E.G. Karagiannidou and A. Docoslis. 2012. Effect of different 

nanoparticles on the properties and enzymatic hydrolysis mechanism of aliphatic 

polyesters. Polym. Degrad. Stab., 97: 2077-2089. 

Boyandin, A.N., S.V. Prudnikova, V.A. Karpov, V.N. Ivonin, N. Lanh Ðỗ, T.H. Nguyen, 

T.M. Hiệp Lê, N.L. Filichev, A.L. Levin, M.L. Filipenko, T.G. Volova and I.I. 

Gitelson. 2013. Microbial degradation of polyhydroxyalkanoates in tropical 

soils.  Int. Biodeterior. Biodegradation, 83: 77-84. 

Bradford, M.M. 1976. A rapid and sensitive method for the quantification of microgram 

quantities of protein utilizing the principle of protein dye binding. Annal. 

Biochem., 72: 248-254. 

Bueno, P.R.M., T.F. de Oliveira, M. Caliari, G.L. Castiglioni and S.S. Junior. 2014. Selection 

and optimization of extracellular lipase production using agro-industrial waste. Afr. 

J. Biotechnol., 13: 566-573. 



 
 

120 

Calil, M.R., F. Gaboardi, M.A.G. Bardi, M.L. Rezende and D.S. Rosa. 2007. Enzymatic 

degradation of poly (ԑ-caprolactone) and cellulose acetate blends by lipase and α-

amylase. Polym. Test., 26: 257-261. 

Casas, M.T. and J. Puiggal. 2009. Enzymatic degradation of poly (octamethylene suberate) 

lamellar crystals. Polym. Degrad. Stab., 94: 1941-1947. 

Chauhan, M., R.S. Chauhan and V.K. Garlapati. 2013. Modelling and optimization studies 

on a novel lipase production by Staphylococcus arlettae through submerged 

fermentation. Enz. Res., 2013: 1–8. 

Cho, K., J. Lee and P. Xing. 2002. Enzymatic degradation of blends of poly (ɛ-caprolactone) 

and poly (styrene-co-acrylonitrile) by Pseudomonas lipase. J. Appl. Polym. Sci., 83: 

868–879. 

Colla, L.M., A.L. Primaz, S. Benedetti, R.A. Loss, M. de Lima, C.O. Reinehr, 

T.E. Bertolin and J.A.V. Costa. 2016. Surface response methodology for the 

optimization of lipase production under submerged fermentation by filamentous 

fungi. Braz. J. Microbiol., 47: 461–467. 

Colla, L.M., A.M.M. Ficanha, J. Rizzardi, T.E. Bertolin, C.O. Reinehr and J.A.V. Costa. 

2015. Production and characterization of lipases by two new isolates 

of Aspergillus through solid-state and submerged fermentation. Biomed. Res. Int., 

2015: 1-9. 

Colton, I.J., S.N. Ahmed and R.J. Kazlauskas. 1995. Isopropanol treatment increases enantio 

selectivity of Candida rugosa lipase toward carboxylic acid esters. J. Org. Chem., 

60: 212-217. 

Contesini, F.J., D.B. Lopes, G.A. Macedo, M.G. Nascimento and P.O. Carvalho. 2010. 

Aspergillus sp. lipase: Potential biocatalyst for industrial use. J. Mol. Catal. B: 

Enzym., 67: 163‒171. 

Coradi, G.V., V.L. da Visitação, E.A. de Lima, L.Y.T. Saito, D.A. Palmieri, M.A. Takita, 

P.O. Neto and V.M.G. de Lima. 2013. Comparing submerged and solid-state 

https://www.ncbi.nlm.nih.gov/pubmed/?term=Colla%20LM%5BAuthor%5D&cauthor=true&cauthor_uid=26180809
https://www.ncbi.nlm.nih.gov/pubmed/?term=Ficanha%20AM%5BAuthor%5D&cauthor=true&cauthor_uid=26180809
https://www.ncbi.nlm.nih.gov/pubmed/?term=Rizzardi%20J%5BAuthor%5D&cauthor=true&cauthor_uid=26180809
https://www.ncbi.nlm.nih.gov/pubmed/?term=Bertolin%20TE%5BAuthor%5D&cauthor=true&cauthor_uid=26180809
https://www.ncbi.nlm.nih.gov/pubmed/?term=Reinehr%20CO%5BAuthor%5D&cauthor=true&cauthor_uid=26180809
https://www.ncbi.nlm.nih.gov/pubmed/?term=Costa%20JA%5BAuthor%5D&cauthor=true&cauthor_uid=26180809
https://www.ncbi.nlm.nih.gov/pmc/articles/PMC4477096/


 
 

121 

fermentation of agro industrial residues for the production and characterization of 

lipase by Trichoderma harzianum. Annals Microbiol., 63(2): 533-540. 

Dandavate, V., J. Jinjala, H. Keharia and D. Madamwar.2009. Production, partial purification 

and characterization of organic solvent tolerant lipase from Burkholderia 

multivorans V2 and its application for ester synthesis. Bioresour. Technol., 100: 

3374–338. 

Das, A., S. Shivakumar, S. Bhattacharya, S. Shakya and S. Swathi. 2016. Purification and 

characterization of a surfactant-compatible lipase from Aspergillus tamari JGIF06 

exhibiting energy-efficient removal of oil stains from polycotton fabric. 3 

Biotech., 6: 131-138. 

Dayanandan, A., S.H.V. Rani, M. Shanmugavel, A. Gnanamani and G.S. Rajakumar. 2013. 

Enhanced production of Aspergillus tamarii lipase for recovery of fat from tannery 

fleshings. Braz. J. Microbiol., 44: 1089-1095. 

Dey, A., A. Chattopadhyay, S.K. Mukhopadhyay, P. Saha and S. Chatterjee. 2014. 

Production, partial purification and characterization of an extracellular 

psychrotrophic lipase from Pseudomonas Sp. ADT3. J. Bioremed. Biodeg., 5: 242-

249. 

Dharmsthiti, S., J. Pratuangdejkul, G.T. Theeragool and S. Luchai. 1998. Lipase activity and 

gene cloning of Acinetobacter calcoaceticus LP009.  J. Gen. Appl. Microbiol., 44: 

139–145. 

Dheeman, D.S., S.A. Babu, J.M. Frias and G.T.M. Henehan. 2011. Purification and 

characterization of an extra cellular lipase from a novel strain Penicillium sp. DS-39 

(DSM 23773).  J. Mol. Catal. B: Enzym., 72: 256-262. 

Drimal, P., J. Hoffmann and M. Družbík.2007. Evaluating the aerobic biodegradability of 

plastics in soil environments through GC and IR analysis of gaseous phase. Polym. 

Test., 26: 729-741. 

http://www.sciencedirect.com/science/article/pii/S1381117711001755
http://www.sciencedirect.com/science/article/pii/S1381117711001755
http://www.sciencedirect.com/science/article/pii/S1381117711001755


 
 

122 

Dutra, J., C.V. Terzi, J.V. Bevilaqua, D.S. Couri and M.C.T. Langone. 2008. Lipase 

production in solid state fermentation monitoring biomass growth of Aspergillus 

niger using digital image processing. App. Biochem. Biotech., 147: 63–75. 

Elibol, M. 2002. Response surface methodological approach for inclusion of perfluorocarbon 

in actinohordin fermentation medium. Process Biochem., 38: 667-773. 

Eyring, H. and A.E.Stearn. 1939. The application of the theory of absolute reaction rates to 

proteins. Chem. Rev., 24: 253-270.  

Fadiloglu, S. and O. Erkmen. 1999. Lipase production by Rhizopus oryzae growing on 

different carbon and nitrogen sources. J. Sci. Food  Agric., 79: 1936-1938. 

Faisal, P.A., E.S. Hareesh, P. Priji, K.N. Unni, S. Sajith, S. Sreedevi, M.S. Josh and S. 

Benjamin. 2014. Optimization of parameters for the production of lipase from 

Pseudomonas sp. BUP6 by solid state fermentation. Adv. Enzyme Res., 2: 125-133. 

Falony, G., J.C. Armas, J.C.D. Mendozan and J.L.M. Hernandez. 2006. Production of 

extracellular lipase from Aspergillus niger by solid state fermentation. Food Tech. 

Biotech., 44: 235- 240.  

Fukushima, K., J.L. Feijoo and M-C. Yang. 2013. Comparison of abiotic and biotic 

degradation of PDLLA, PCL and partially miscible PDLLA/PCL blend. Eur. Polym. 

J., 49: 706-717. 

Gan, Z., H. Abe and Y. Doi. 2001. Crystallization, melting, and enzymatic degradation of 

biodegradable poly (butylene succinate-co-14 mol ethylene succinate) copolyester. 

Biomacromolecules, 2 (1): 313-321. 

Gangadharan, D., S. Sivaramakrishnan, K.M. Nampoothiri and A. Pandey. 2006. Solid 

culturing of Bacillus amyloliquefaciens for alpha amylase production. Food Technol. 

Biotechnol., 44 (2): 269–274. 

Gombert, A.K., A.L. Pinto, L.R. Castilho and D.M.G. Ferire. 1999. Lipase production by 

Penicillium restrictum in solid state fermentation using babasu oil cake as substrate. 

Process Biochem., 35: 85‒90 



 
 

123 

Goncalves, F.A.G., G. Colen and J.A. Takahashi. 2013. Optimization of cultivation 

conditions for extracellular lipase production by Yarrowia lipolytica using response 

surface method. Afr. J. Biotechnol., 12 (17): 2270-2278. 

Gorrasi, G. and R. Pantani. 2013. Effect of PLA grades and morphologies on hydrolytic 

degradation at composting temperature: Assessment of structural modification and 

kinetic parameters. Polym. Degrad. Stab., 98: 1006-1014. 

Graminha, E.B.N., A.Z.L. Goncalves, R.D.P.B. Pirota, M.A.A. Balsalobre, R. Da Silva and 

E. Gomes. 2008. Enzyme production by solid-state fermentation: Application to 

animal nutrition. Anim. Feed Sci. Technol., 144: 1‒22 

Gupta, R., N. Gupta and P. Rathi. 2004. Bacterial lipases: An overview of production, 

purification and biochemical properties. Appl. Microbiol. Biotechnol., 64: 763-781. 

Gururaj, P., S. Ramalingam, G.N. Devi and P. Gautam. 2016. Process optimization for 

production and purification of a thermostable, organic solvent tolerant lipase from 

Acinetobacter sp. AU07. Braz. J. Microbiol., 47: 647–657. 

Haider, M.A. and K. Pakshirajan. 2007. Screening and optimization of media constituents for 

enhancing lipolytic activity by a soil microorganism using statistically designed 

experiments. Appl. Biochem. Biotechnol., 141: 377-390. 

Hamdy, H.S. and M.A. Abo-Tahon. 2012. Extracellular lipase of Aspergillus terreus var. 

africanus (CBS 130.55): production, purification and characterization. Annals 

Microbiol., 62: 1723-1736. 

Hasan, F., A.A. Shah, and A. Abul-Hameed. 2006. Influence of culture conditions on lipase 

production by Bacillus sp. FH5. Annals Microbiol., 56: 247-252. 

Hiol, A., M.D. Jonzo, D. Druet and L. Comeau. 1999. Production, purification and 

characterization of an extracellular lipase from Mucor hiemalis f. hiemalis. Enzyme 

Microb. Technol., 25: 80-87. 



 
 

124 

Hiol, A., M.D. Jonzo, N. Rugani, D. Druet, L. Sarda and L.C. Comeau. 2000. Purification 

and characterization of an extracellular lipase from a thermophilic Rhizopus oryzae 

strain isolated from palm fruit. Enzyme Microb. Technol., 26: 421-430. 

Imandi, S.B., S.K. Karanam and H.R. Garapati. 2010. Optimization of process parameters for 

the production of lipase in solid state fermentation by Yarrowia lipolytica from niger 

seed oil cake (Guizotia Abyssinica). J. Microbial. Biochem. Technol., 2: 28-33. 

Iqbal, S.A. and A. Rehman. 2015. Characterization of lipase from Bacillus subtilis I-4 and its 

potential use in oil contaminated wastewater. Braz. arch. biol. technol., 58(5): 789-

797. 

Jecu, L., E. Grosu, I. Raut, M. Calin, A. Musuc and G. Vlad. 2012. Biodegradation of poly 

(hydroxybutyrate)/poly (vinyl alcohol) blends by filamentous fungi. Environ. Eng. 

Manag. J., 12(2): 265-270. 

Kai, W. and Y. Peisheng. 2016. Optimization of lipase production from a novel strain 

Thalassospira permensis M35-15 using response surface methodology. 

Bioengineered, 7(5): 298–303. 

Kambourova, M., N. Kirilova, R. Mandeva and A. Derekova. 2003. Purification and 

properties of thermostable lipase from a thermophilic Bacillus stearothermophilus 

MC 7. J. Molecul. Catal B: Enzymatic., 22: 307-313. 

Kamini, N.R., T. Fujii, T. Kurosu and H. Iefuji. 1998. Lipase production from Aspergillus 

niger, by solid-state fermentation using gingelly oil cake. Process Biochem., 33: 

505-511. 

Kamzolova, S.V., I.G. Morgunov, A. Aurich, O.A. Perevoznikova, N.V. Shishkanova, U. 

Stottmeister and T.V. Finogenova. 2005. Lipase secretion and citric acid production 

in Y. lipolytica. Food Technol. Biotechnol., 43: 113-122. 

Kareem, S.O., O.S. Adebayo, S.A. Balogun, A.I. Adeogun and S.B. Akinde. 2017. 

Purification and characterization of lipase from Aspergillus flavus PW2961 using 

Magnetic Nanoparticles. Nig. J. Biotech., 32: 77–82. 

http://www.scopus.com.scopeesprx.elsevier.com/authid/detail.url?authorId=8348981200&eid=2-s2.0-84880684770
http://www.scopus.com.scopeesprx.elsevier.com/authid/detail.url?authorId=6602589323&eid=2-s2.0-84880684770
http://www.scopus.com.scopeesprx.elsevier.com/authid/detail.url?authorId=37067934700&eid=2-s2.0-84880684770
http://www.scopus.com.scopeesprx.elsevier.com/authid/detail.url?authorId=55802522900&eid=2-s2.0-84880684770
http://www.scopus.com.scopeesprx.elsevier.com/authid/detail.url?authorId=14519647700&eid=2-s2.0-84880684770
http://www.scopus.com.scopeesprx.elsevier.com/authid/detail.url?authorId=14519647700&eid=2-s2.0-84880684770


 
 

125 

Karunanidhi, M., R. Nanthini and A. Ravi. 2010. Synthesis and characterization of certain 

biodegradable aliphatic polyesters. Orient. J. Chem., 26 (2): 595-600. 

Kashmiri, M.A., A. Adnan, and B.W. Butt. 2006. Production, purification and partial 

characterization of lipase from Trichoderma viride. Afr. J. Biotechnol., 5: 878-882. 

Khan, M.A., K.M.I. Ali, F. Yoshii and K. Makuuchi. 1999. Enzymatic degradation of 

Bionolle and Bionolle–rubber blends. Polym. Degrad. Stab., 63: 261–264.  

Kousha, M., E. Daneshvar, H. Dopeikar, D. Taghavi and A. Bhatnagar. 2012. Box–Behnken 

design optimization of Acid Black 1 dye biosorption by different brown macroalgae. 

Chem. Eng. J., 179: 158– 168. 

Kumar, R., A. Sharma, A. Kumar and D. Singh. 2012. Lipase from Bacillus pumilus RK31: 

Production, purification and some Properties. World Appl. Sci. J., 16 (7): 940-948. 

Kumar, R., S. Balaji, T.S. Uma, A.B. Mandal, and A.B. Sehgal. 2010. Optimization of 

influential parameters for extracellular keratinase production by Bacillus subtilis 

(MTCC9102) in solid state fermentation using horn meal-a biowaste management. 

Appl. Biochem. Biotechnol., 160: 30-39. 

Kumari, A., P. Mahapatra and R. Banerjee. 2009. Statistical optimization of culture 

conditions by response surface methodology for synthesis of lipase with 

Enterobacter aerogenes. Braz. Arch. Biol. Technol., 52(6): 1349-1356. 

Lenglet, S., S. Li and M. Vert. 2009. Lipase-catalysed degradation of copolymers prepared 

from 3-caprolactone and DL-lactide. Polym. Degrad. Stab., 94: 688–692. 

Lima, V.M.G., N. Krieger, M.I.M. Sarquis, D.A. Mitchell, L.P. Ramos and J.D. Fontana. 

2003. Effect of nitrogen and carbon sources on lipase production by Penicillium 

aurantiogriseum. Food Technol. Biotechnol., 41: 105‒110. 

Lucas, N., C. Bienaime, C. Belloy, N. Queneudec, F. Silvestre and J-E.Nava-Saucedo. 2008. 

Polymer biodegradation: Mechanisms and estimation techniques. Chemosphere, 73: 

429-442. 

http://www.scopus.com.scopeesprx.elsevier.com/authid/detail.url?origin=resultslist&authorId=35776443700
http://www.scopus.com.scopeesprx.elsevier.com/authid/detail.url?origin=resultslist&authorId=6508066785
http://www.scopus.com.scopeesprx.elsevier.com/authid/detail.url?origin=resultslist&authorId=8155302400
http://www.scopus.com.scopeesprx.elsevier.com/record/display.url?eid=2-s2.0-77954346522&origin=resultslist&sort=plf-f&src=s&st1=Enzymatic+degradation+AND+polyesters&sid=oVC3NrpC9jW3zzNWwkhOkXI%3a30&sot=b&sdt=b&sl=246&s=TITLE-ABS-KEY%28Enzymatic+degradation+AND+polyesters%29+AND+SUBJAREA%28MULT+OR+AGRI+OR+BIOC+OR+IMMU+OR+NEUR+OR+PHAR+OR+MULT+OR+MEDI+OR+NURS+OR+VETE+OR+DENT+OR+HEAL+OR+MULT+OR+CENG+OR+CHEM+OR+COMP+OR+EART+OR+ENER+OR+ENGI+OR+ENVI+OR+MATE+OR+MATH+OR+PHYS%29&relpos=18&relpos=18&searchTerm=TITLE-ABS-KEY(Enzymatic%20degradation%20AND%20polyesters)%20AND%20SUBJAREA(MULT%20OR%20AGRI%20OR%20BIOC%20OR%20IMMU%20OR%20NEUR%20OR%20PHAR%20OR%20MULT%20OR%20MEDI%20OR%20NURS%20OR%20VETE%20OR%20DENT%20OR%20HEAL%20OR%20MULT%20OR%20CENG%20OR%20CHEM%20OR%20COMP%20OR%20EART%20OR%20ENER%20OR%20ENGI%20OR%20ENVI%20OR%20MATE%20OR%20MATH%20OR%20PHYS)
http://www.scopus.com.scopeesprx.elsevier.com/record/display.url?eid=2-s2.0-77954346522&origin=resultslist&sort=plf-f&src=s&st1=Enzymatic+degradation+AND+polyesters&sid=oVC3NrpC9jW3zzNWwkhOkXI%3a30&sot=b&sdt=b&sl=246&s=TITLE-ABS-KEY%28Enzymatic+degradation+AND+polyesters%29+AND+SUBJAREA%28MULT+OR+AGRI+OR+BIOC+OR+IMMU+OR+NEUR+OR+PHAR+OR+MULT+OR+MEDI+OR+NURS+OR+VETE+OR+DENT+OR+HEAL+OR+MULT+OR+CENG+OR+CHEM+OR+COMP+OR+EART+OR+ENER+OR+ENGI+OR+ENVI+OR+MATE+OR+MATH+OR+PHYS%29&relpos=18&relpos=18&searchTerm=TITLE-ABS-KEY(Enzymatic%20degradation%20AND%20polyesters)%20AND%20SUBJAREA(MULT%20OR%20AGRI%20OR%20BIOC%20OR%20IMMU%20OR%20NEUR%20OR%20PHAR%20OR%20MULT%20OR%20MEDI%20OR%20NURS%20OR%20VETE%20OR%20DENT%20OR%20HEAL%20OR%20MULT%20OR%20CENG%20OR%20CHEM%20OR%20COMP%20OR%20EART%20OR%20ENER%20OR%20ENGI%20OR%20ENVI%20OR%20MATE%20OR%20MATH%20OR%20PHYS)
http://www.scopus.com.scopeesprx.elsevier.com/source/sourceInfo.url?sourceId=11900154394&origin=resultslist


 
 

126 

Mahadik, N.D., U.S. Puntambekar, K.B. Bastawde, J.M. Khire and D.V. Gokhale. 2002. 

Production of acidic lipase by Aspergillus niger in solid state fermentation. Process 

Biochem., 38 (5): 715-721. 

Mahanta, N., A. Gupta and S.K. Khare. 2008. Production of protease and lipase by solvent 

tolerant Pseudomonas aeruginosa PseA in solid-state fermentation using Jatropha 

curcas seed cake as substrate. Bioresour. Technol., 99: 1729-1735. 

Maia, M.M.D., M.M.C. Morais, M.A. Morais, E.H.M. Melo and J.L.L. Filho. 1999. 

Production of extracellular lipase by the phytopathogenic fungus Fusarium solani 

FS1. Rev. Microbiol., 30: 304–309. 

Malilas, W., S.W. Kang, S.B. Kim, H.Y. Yoo, W. Chulalaksananukul and S.W. Kim. 2013. 

Lipase from Penicillium camembertii KCCM 11268: Optimization of solid state 

fermentation and application to biodiesel production. Korean J. Chem. Eng., 30: 

405-412. 

Mallepally, R.R., I. Smirnova, W. Arlt, M. Seiler, S.K. Klee-Laquai and G. Hills. 2009. 

Enzymatic degradation of hyperbranched polyesters. J. Appl. Polym. Sci., 112: 

1873-1881. 

Masomian, M., R.N.Z.R.A. Rahman, A.B. Salleh and M. Basri. 2013. A new thermostable 

and organic solvent-tolerant lipase from Aneurinibacillus thermoaerophilus strain 

HZ. Process Biochem., 48: 169-175. 

Menoncin, S., N.M. Domingues, D.M.G. Freire, G. Toniazzo, R.L. Cansian, J.V. Oliveira, 

M. di Luccio, D. de Oliveira and H. Treichel. 2010. Study of the extraction, 

concentration, and partial characterization of lipases obtained from Penicillium 

verrucosum using solid-state fermentation of soybean bran. Food Bioprocess Tech., 

3(4): 537-544. 

Mochizuki, M., K. Mukai, K. Yamada, N. Ichise, S. Murase and Y. Iwaya. 1997. Structural 

effects upon enzymatic hydrolysis of poly (butylene succinate-co-ethylene 

succinate)s. Macromolecules, 30: 7403-7407. 

https://www.cabdirect.org/cabdirect/search/?q=au%3a%22Menoncin%2c+S.%22
https://www.cabdirect.org/cabdirect/search/?q=au%3a%22Domingues%2c+N.+M.%22
https://www.cabdirect.org/cabdirect/search/?q=au%3a%22Freire%2c+D.+M.+G.%22
https://www.cabdirect.org/cabdirect/search/?q=au%3a%22Toniazzo%2c+G.%22
https://www.cabdirect.org/cabdirect/search/?q=au%3a%22Cansian%2c+R.+L.%22
https://www.cabdirect.org/cabdirect/search/?q=au%3a%22Oliveira%2c+J.+V.%22
https://www.cabdirect.org/cabdirect/search/?q=au%3a%22Luccio%2c+M.+di%22
https://www.cabdirect.org/cabdirect/search/?q=au%3a%22Oliveira%2c+D.+de%22
https://www.cabdirect.org/cabdirect/search/?q=au%3a%22Oliveira%2c+D.+de%22


 
 

127 

Mohan, S.T., A. Palavesam and G. Immanvel. 2008. Isolation and characterization of lipase 

producing Bacillus strains from oil mill waste. Afr. J. Biotechnol., 7: 2728-2735. 

Montaudo, G. and P. Rizzarelli. 2000. Synthesis and enzymatic degradation of aliphatic 

copolyesters. Polym. Degrad. Stab., 70: 305–314. 

Montgomery, D.C. 2010. Design and Analysis of Experiments.7th edn, Wiley India Pvt. Ltd, 

New Delhi. 

Motta, A., A. Proto, F. De Carlo, F. De Caro, E. Santoro, L. Brunetti and M. Capunzo. 2008. 

Utilization of chemically oxidized polystyrene as co-substrate by filamentous fungi. 

Int. J. Hyg. Environ. Health, 212: 61-66. 

Mueller, R.J. 2006. Biological degradation of synthetic polyesters-Enzymes as potential 

catalysts for polyester recycling. Process Biochem., 41: 2124-2128. 

Mukhtar, H., M. Hanif, A. Ur-Rehman, A. Nawaz and I. Ul Haq. 2015. Studies on the lipase 

production by Aspergillus niger through solid state fermentation. Pak. J. Bot., 47: 

351-354. 

Muralidhar, R.V., R.R. Chirumamila, R. Marchant, and P. Nigam. 2001. A response surface 

approach for the comparison of lipase production by Candida cylindracea using two 

different carbon sources.  Biochem. Eng. J., 9: 17–23.  

Murray, R.K., D.K. Granner, P.A. Mayes and P.W. Rodwell. 2003. Harper’s Illustrate 

Biochemistry, 26th edition. Published by Lange Medical (McGrraw Hill). 

Nagata, M., T. Tanabe, W. Sakai and N. Tsutsumi. 2008. Preparation and properties of 

biodegradable network poly(ester-carbonate) elastomers. Polymer, 49: 1506-1511. 

Nair, L.S. and C.T. Laurencin. 2007. Biodegradable polymers as biomaterials. Prog. Polym. 

Sci., 32: 762–798. 

Oliveira, F., C. Moreira and J.M. Salgado. 2016. Olive pomace valorization by Aspergillus 

species: lipase production using solid state fermentation. J. Sci. Food Agric., 96: 

3583–3589. 



 
 

128 

Oliveira, F., J.M. Salgado, L. Abrunhosa, N. Perez-Rodriguez, J.M. Dominguez, A. 

Venancio and I. Belo. 2017. Optimization of lipase production by solid-state 

fermentation of olive pomace: from flask to laboratory-scale packed-bed bioreactor. 

Bioprocess Biosyst. Eng., 40: 1123-1132. 

Osho, M.B., T. Popoola, T.M. Adeleye and M.C. Adetuji. 2016. Response surface 

methodology for optimal immobilzation of Aspergillus niger ATCC 1015 lipase by 

adsorption method. Int. J. Biol. Res., 4(1): 56-63.  

Padmapriya, B., T. Rajeswari, E. Noushida, D.G. Sethupalan and C.K. Venil. 2011. 

Production of lipase enzyme from Lactobacillus sp. and its application in the 

degradation of meat. World Appl. Sci. J., 12(10): 1798-1802. 

Palma, M.B., A.L. Pinto, A.K. Gombert, K.H. Seitz, S.C. Kivatinitz, L.R. Castilho and 

D.M.G. Freire. 2000. Lipase production by Penicillium restrictum using waste of 

industrial babassu oil production as substrate. Appl. Biochem. Biotechnol., 84–86: 

1137‒1145. 

Papageorgiou, G.Z., D.N. Bikiaris, D.S. Achilias and N. Karagiannidis. 2010. Synthesis, 

crystallization, and enzymatic degradation of the biodegradable polyester poly 

(ethylene azelate). Macromol. Chem. Phys., 211: 2585-2595. 

Patel, H.N., K.N. Thai, S. Chowdhury, R. Singh, Y.K. Vohra and V. Thomas. 2015. In vitro 

degradation and cell attachment studies of a new electrospun polymeric tubular graft. 

Prog. Biomater., 4: 67–76. 

Peng, H., J. Ling, J. Liu, N. Zhu, X. Ni, and Z. Shen. 2010. Controlled enzymatic degradation 

of poly (3-caprolactone)-based copolymers in the presence of porcine pancreatic 

lipase. Polym. Degrad. Stab., 95: 643-650. 

Pirt, S.J. 1975. Principles of Cell Cultivation. London: Blackwells Scientific Publications. 

Pradeep, B.V., M.S., Begam and F.S. Pradeep. 2012. Production, purification, 

characterization and applications of lipase from Serratia marcescens MBB05. Asian 

J. Pharm. Clin. Res., 5: 237-245. 



 
 

129 

Prasad, M.P. 2014. Production of lipase enzyme from Pseudomonas aeruginosa isolated 

from lipid rich soil. Inter. J. Pure Appl. Biosci., 2: 77-81. 

Rahman, R.N.Z.A., L.P. Geok, M. Basri and A.B. Salleh. 2005. Physical factors affecting the 

production of organic solvent-tolerant protease by Pseudomonas aeruginosa strain 

K. Bioresour. Technol., 96: 429‒436. 

Rajendran, A. and V. Thangavelu. 2012. Application of central composite design and 

artificial neural network for the optimization of fermentation conditions for lipase 

production by Rhizopus arrhizus MTCC 2233. J. Bioprocess Biotech., 2(3): 118-

126. 

Rajesh, E.M., R. Arthe, R. Rajendran, C. Balakumar, N. Pradeepa and S. Anitha. 2010. 

Investigation of lipase production by Trichoderma reesei and optimization of 

production parameters. Electronic J. Environ. Agric. Food Chem., 9: 1177-1189. 

Ramachandran, S., A.K. Patel, K.M. Nampoothiri, F. Francis, V. Nagy, G. Szakacs and A. 

Pandey. 2004. Coconut oil cake—a potential raw material for the production of α-

amylase. Bioresour. Technol., 93: 169–174. 

Ramachandran, S., S.K. Singh, C. Larroche, C.R. Soccol and A. Pandey. 2007. Oil cakes and 

their biotechnological applications – A review. Bioresour. Technol., 98: 2000–2009. 

Rizzarelli, P., C. Puglisi and G. Montaudo. 2004. Soil burial and enzymatic degradation in 

solution of aliphatic co-polyesters. Polym. Degrad. Stab., 85: 855-863. 

Rodriguez, J.A., T. Bhagnagar, S. Roussos, J. Cordova and J. Baratti. 2006. Improving lipase 

production by nutrient source modification using Rhizopus homthallicus cultured in 

solid state fermentation. Process Biochem., 41: 2264-2269. 

Rohit, S., C. Yusuf and B. Ullamchand. 2001. Production, purification, characterization and 

application of lipases. Biotechnol. Adv., 19: 627-662. 

Ruiz, B.Q., A. Farres, E. Langley, F.A. Masso and S. Sanchez. 2001. Purification and 

characterization of an extracellular lipase from Penicillium candidum. Lipids, 36: 

283-289. 

https://www.semanticscholar.org/author/Beatriz-Quijano-Ruiz/9469117
https://www.semanticscholar.org/author/Am%C3%A9lia-Farr%C3%A9s/3338214
https://www.semanticscholar.org/author/Elizabeth-Langley/40539337
https://www.semanticscholar.org/author/Felipe-A.-Mass%C3%B3/4028447
https://www.semanticscholar.org/author/Sergio-S%C3%A1nchez/1789672


 
 

130 

Sanchez, A., P. Ferrer, A. Serrano, F. Valero, C. Sola, M. Pemas, M.L. Rua, R. Fernandez-

Lafuente, J.M. Guisan, R.M. Casa, J.V. Sinisterra and J.M. Sanchez-Montero. 1999. 

A controlled fed batch cultivation for the production of new crude lipases from 

Candida rugosa with improved properties in fine chemistry. J. Biotechnol., 69: 169–

182. 

Sangeetha, R., A. Geetha and I. Arulpandi. 2008. Optimization of protease and lipase 

production by Bacillus pumilus SG2 isolated from an industrial effluent. Int. J. 

Microbiol., 5: 1‒9. 

Santos, R.C.A., K.B. Araújo, C. Zubiolo, C.M.F. Soares, Á.S. Lima and L.C.L. Santana. 

2014. Microbial lipase obtained from the fermentation of pumpkin seeds: 

immobilization potential of hydrophobic matrices. Acta Sci. Technol., 36 (2): 193-

201. 

Sarkar, P., S. Yamasaki, S. Basak, A. Bera and P.K. Bag. 2012. Purification and 

characterization of a new alkali-thermostable lipase from Staphylococcus aureus 

isolated from Arachis hypogaea rhizosphere. Process Biochem., 47: 858-866. 

Sathishkumar, R., G. Ananthan, K. Iyappan and C. Stalin. 2015. A statistical approach for 

optimization of alkaline lipase production by ascidian associated-Halobacillus 

trueperi RSK CAS9. Biotechnol. Rep., 8: 64-71. 

Saxena, R.K., W.S. Davidson, A. Sheoran and B. Giri.2003. Purification and characterization 

of an alkaline thermostable lipase from Aspergillus carneus. Process Biochem., 39 

(2): 239-247. 

Selvam, K. and B. Vishnupriya. 2013. Partial purification of lipase from Streptomyces 

variabilis NGP 3 and its application in bioremediation of waste water. Int. J. Pharm. 

Sci. Res., 4 (11): 4281-89. 

Sethi, B.K., J.R. Rout, R. Das, P.K. Nanda and S.L. Sahoo. 2013. Lipase production by 

Aspergillus terreus using mustard seed oil cake as a carbon source. Annals 

Microbiol., 63: 241-252. 

https://www.ncbi.nlm.nih.gov/pubmed/?term=Sathishkumar%20R%5BAuthor%5D&cauthor=true&cauthor_uid=28352574
https://www.ncbi.nlm.nih.gov/pubmed/?term=Ananthan%20G%5BAuthor%5D&cauthor=true&cauthor_uid=28352574
https://www.ncbi.nlm.nih.gov/pubmed/?term=Iyappan%20K%5BAuthor%5D&cauthor=true&cauthor_uid=28352574
https://www.ncbi.nlm.nih.gov/pubmed/?term=Stalin%20C%5BAuthor%5D&cauthor=true&cauthor_uid=28352574


 
 

131 

Shah, Z., L. Krumholz, D.F. Aktas, F. Hasan, M. Khattak and A.A. Shah. 2013. Degradation 

of polyester polyurethane by a newly isolated soil bacterium, Bacillus subtilis strain 

MZA-75. Biodegradation, 24 (6): 865-877. 

Shankar, S.K. and V.H. Mulimani. 2007. α-Galactosidase production by Aspergillus oryzae 

in solid-state fermentation. Bioresour. Technol., 98: 958‒961. 

Sharma, A., D. Bardhan and R. Patel. 2009. Optimization of physical parameters for lipase 

production from Arthrobacter sp. BGCC#490. Ind. J. Biochem. Biophys., 46: 

178‒183. 

Shu, Z.Y., H. Jiang, R.F. Lin, Y.M. Jiang, L. Lin and J.Z. Huang. 2010. Technical methods 

to improve yield activity and stability in the development of microbial lipases. J. 

Mol. Catal. B: Enzym., 62: 1–8. 

Siddiqui, K.S., M.H. Rashid, T.M. Ghauri, I.S. Durrani and M.I. Rajoka. 1997. Purification 

and characterization of an intracellular ß-glucosidase from Cellulomonas biozotea. 

World J. Microbiol. Biotechnol., 13: 245-247.  

Singh, M., K. Saurav, N. Srivastava and K. Kannabiran. 2010. Lipase production by Bacillus 

subtilis OCR-4 in solid state fermentation using ground nut oil cakes as substrate. 

Curr. Res. J. Biol. Sci., 2: 241‒245. 

Sivalingam, G., S. Chattopadhyay and G. Madras. 2003. Enzymatic degradation of poly (ɛ-

caprolactone), poly (vinylacetate) and their blends by lipases. Chem. Eng. Sci., 58: 

2911-2919. 

Smaniotto, A., A. Skovronski, E. Rigo, S.M. Tsai, A. Durrer, L.L. Foltran, M.D. Luccio, J.V. 

Oliveira, D. de Oliveira and H. Treichel. 2012. Synthetic lipase production from a 

newly isolated Sporidiobolus pararoseus strain by submerged fermentation. Braz. J. 

Microbiol., 43: 1490–1498. 

Sun, S.Y. and Y. Xu. 2008. Solid-state fermentation for ‘whole-cell synthetic lipase’ 

production from Rhizopus chinensis and identification of the functional enzyme. 

Process Biochem., 43: 219‒224. 

http://link.springer.com/search?facet-author=%22Ziaullah+Shah%22
http://link.springer.com/search?facet-author=%22Lee+Krumholz%22
http://link.springer.com/search?facet-author=%22Deniz+Fulya+Aktas%22
http://link.springer.com/search?facet-author=%22Fariha+Hasan%22
http://link.springer.com/search?facet-author=%22Mutiullah+Khattak%22
http://link.springer.com/search?facet-author=%22Aamer+Ali+Shah%22
http://link.springer.com/journal/10532
http://link.springer.com/journal/10532/24/6/page/1


 
 

132 

Swetha, S., A. Varma and T. Padmavathi. 2014. Statistical evaluation of the medium 

components for the production of high biomass, α-amylase and protease enzymes by 

Piriformospora indica using Plackett–Burman experimental design. 3 Biotech., 4: 

439-445. 

Tan, T., M. Zhang, J. Xu and J. Zhang. 2004. Optimization of culture conditions and 

properties of lipase from Penicillium camembertii Thom PG-3. Process Biochem., 

39: 1495-1502.  

Thamaraichelvan, R., P. Muthusamy, K.V. Chidambaram, N. Krishnan and J. Paulraj. 2010. 

Production, partial purification and characterization of lipase from Aspergillus flavus 

KUF108. Pak. J. Sci. Ind. Res., 53 (5): 258-264. 

Thompson, R.C., C.J. Moore, F.S. vom Saal and S.H. Swan. 2009. Plastics, the environment 

and human health: current consensus and future trends. Philos. Trans. R. Soc. Lond. 

B: Biol. Sci., 364: 2153-2166. 

Thyagarajan, R., G. Narendrakumar, U. Bhuyan, S. Kumari and R. Kumar V. 2017. 

Optimization and immobilization of lipase from Bacillus subterraneus TNUS15: 

Comparison between response surface methodology and artificial neural network. 

Der. Pharma. Chemica., 9 (12): 83-91. 

Tokiwa, Y. and B.P. Calabia. 2007. Biodegradability and biodegradation of polyesters. J. 

Polym. Environ., 15: 259-267. 

Treichel, H., D. Oliveira, M.A. Mazutti, M.D. Luccio and J.V. Oliveira. 2010. A review on 

microbial lipases production. Food Bioprocess Tech., 3: 182–196. 

Tripathi, R., J. Singh, R.K. Bhartia and I.S. Thakur. 2014. Isolation, purification and 

characterization of lipase from Microbacterium sp. and its application in biodiesel 

production. Energy Procedia, 54: 518-529. 

Tsai, Y., L.C. Jheng and C.Y. Hung. 2010. Synthesis, properties and enzymatic hydrolysis of 

biodegradable alicyclic/aliphatic copolyesters based on 1,3/1,4 

cyclohexanedimethanol. Polym. Degrad. Stab., 95: 72-78. 

https://www.ncbi.nlm.nih.gov/pmc/articles/PMC2873021/
https://www.ncbi.nlm.nih.gov/pmc/articles/PMC2873021/


 
 

133 

Ul-Haq, I., S. Idrees and M.I. Rajoka. 2002. Production of lipases by Rhizopus 

oligosporus by solid-state fermentation. Process Biochem., 37: 637-641. 

Umare, S.S. and A.S. Chandure. 2008. Synthesis, characterization and biodegradation studies 

of poly (ester urethane)s. Chem. Eng. J., 142: 65-77.  

Uttatree, S., P. Winayanuwattikun and J. Charoenpanich. 2010. Isolation and characterization 

of a novel thermophilic-organic solvent stable lipase from Acinetobacter baylyi. 

Appl. Biochem. Biotechnol., 162: 1362-1376. 

Vaseghi, Z., G.D. Najafpour, S. Mohseni and S. Mahjoub. 2013. Production of active lipase 

by Rhizopus oryzae from sugarcane bagasse: solid state fermentation in a tray 

bioreactor. Int. J. Food Sci. Tech., 48: 283-289. 

Vasiee, A., B.A. Behbahani, F.T. Yazdi and S. Moradi. 2016. Optimization of the production 

conditions of the lipase produced by Bacillus cereus from rice flour through 

Plackett-Burman Design (PBD) and response surface methodology (RSM). Microb. 

Pathog., 101: 36-43. 

Veerapagu, M., A.S. Narayanan, K. Ponmurugan, K.R. Jeya. 2013. Screening, selection, 

identification, production and optimization of bacterial lipase from oil spilled soil. 

Asian J. Pharm. Clin. Res., 6: 62-67. 

Vidaurre, A., J.M.M. Duenas, J.M. Estelles and I.C. Cortazar. 2008. Influence of enzymatic 

degradation on physical properties of poly (ɛ-caprolactone) films and sponges. 

Macromol. Symp., 269: 38-46. 

Wang, D., Y. Xu and T. Shan. 2008. Effects of oils and oil-related substrates on the synthetic 

activity of membrane-bound lipase from Rhizopus chinensis and optimization of the 

lipase fermentation media. Biochem. Eng. J., 41: 30‒37. 

Wang, W., T. Yuan, K. Wang, B. Cui, Y. Dai. 2012. Statistical optimization of cellulase 

production by the brown rot fungi, Fomitopsis palustris, and its application in the 

enzymatic hydrolysis of LHW pretreated woody biomass. Process Biochem., 47: 

2552-2556. 

https://www.ncbi.nlm.nih.gov/pubmed/?term=Vasiee%20A%5BAuthor%5D&cauthor=true&cauthor_uid=27816679
https://www.ncbi.nlm.nih.gov/pubmed/?term=Behbahani%20BA%5BAuthor%5D&cauthor=true&cauthor_uid=27816679
https://www.ncbi.nlm.nih.gov/pubmed/?term=Yazdi%20FT%5BAuthor%5D&cauthor=true&cauthor_uid=27816679
https://www.ncbi.nlm.nih.gov/pubmed/?term=Moradi%20S%5BAuthor%5D&cauthor=true&cauthor_uid=27816679
https://www.ncbi.nlm.nih.gov/pubmed/27816679
https://www.ncbi.nlm.nih.gov/pubmed/27816679


 
 

134 

Yagiz, F., D. Kazan and A.N. Akin. 2007. Biodiesel production from waste oils by using 

lipase immobilized on hydrotalcite and zeolites. Chem. Eng. J., 134: 262-267. 

Yu, H., J. Han, N. Li, X. Qie and Y. Jia. 2009. Fermentation performance and 

characterization of cold-adapted lipase produced with Pseudomonas Lip35. Agri. 

Sci. China, 8(8): 956-962.  

Yu, M., S. Qin and T. Tan. 2007. Purification and characterization of the extracellular lipase 

Lip2 from Yarrowiali polytica. Process Biochem., 42: 384-391. 

Zhang, H., F. Zhang and Z. Li. 2009. Gene analysis, optimized production and property of 

marine lipase from Bacillus pumilus B106 associated with South China Sea sponge 

Halichondria rugosa. World J. Microbiol. Biotechnol., 25: 1267‒1274. 

Zhang, J.W. and R.Y. Zeng. 2008. Molecular cloning and expression of a cold-adapted lipase 

gene from an Antarctic deep sea psychrotrophic bacterium Pseudomonas sp. 7323. 

Mar. Biotechnol., 10: 612-621. 

 


