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CHAPTER 1 
INTRODUCTION 

 

Nitrogen (N) is the major component of atmospheric gases (78.08%) and 

represents 99.96% of the total that is found on earth, in the sea, and around. Out of 

the remaining 0.04%, biosphere contains only 0.005% (Stevenson, 1986). In spite 

of the small proportion found in living beings, N is mostly a limiting nutrient for 

crop production since only a fraction of atmospheric N2 is made available to the 

plants through biological nitrogen fixation (BNF). Introduction and use of 

chemical nitrogenous fertilizers has, therefore, resulted in substantial increases in 

crop yields. According to a report of FAO (2001), about 42 million tonnes of 

fertilizer N is being used annually on a global scale for the production of three 

major cereal crops, i.e. wheat, rice, and maize (17, 9 and 16 million tons, 

respectively). However, the crop plants are able to use about 50% of the applied 

fertilizer N whereas 25% is lost from the soil-plant system through leaching, 

volatilisation, and denitrification, etc. (Hauck, 1971; Legg and Meisinger, 1982) 

causing an annual financial loss of about three billion US$ (FAO, 2001; Azam, 

2002). Incidentally, the losses are similar for the three crops mentioned above but 

twice as much from rice compared to wheat and maize when computed on the 

basis of per unit of fertilizer N applied. 

The loss of fertilizer N is of concern not only because of economic reasons 

but also due to the pollution potential of different N forms (Azam and Farooq, 

2003; Jensen and Hauggaard-Nielsen, 2003). Some of the adverse environmental 

effects of excessive use of nitrogenous fertilizers described by these authors 

include: i) methaemoglobonemia in infants resulting from nitrate (NO3
-) and nitrite 

(NO2
-) in waters and food, ii) cancer because of secondary amines, iii) respiratory 

illness caused by NO3
-, aerosols, NO2

- and HNO3, iv) eutrophication due to N in 

surface waters, v) material and ecosystem damage as a result of HNO3 in rain 

water, vi) plant toxicity because of high levels of NO2
- and NH4

+ in soils, vii) 

excessive plant growth as a result of more available N; depletion of ozone due to 
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NO and N2O. It is because of these concerns that concerted efforts have been and 

are being made to reduce the use of fertilizer N or increase its efficiency of uptake 

by crop plants. Kennedy et al. (1997) reported that a significant reduction in the 

relative use of fertilizer N could be achieved if atmospheric N is made available to 

cereals directly through an effective associative system with some of the 

characteristics of legume symbiosis. 

Although multiplicity of choices are available for enhancing N use 

efficiency of fertilizer and decrease its losses, making the crops relatively less 

dependent on fertilizer N has been and will remain a major goal for agricultural 

research. Incidentally, leguminous crops are already well equipped to meet most of 

their N requirements from the atmosphere through biological fixation by different 

species of rhizobia that reside in the root nodules. On a global level, annual 

contribution of BNF is estimated at 139 million tons of which 25% comes from 

fixation by grain legumes (35 million tonnes), 29% from forests and woodlands, 

32% from permanent grasslands, 7% from non-legumes, and 7% from unused land 

(Peoples and Craswell, 1992). Most of the legumes meet up to 70% or more of 

their N demands through BNF and may fix 57 to 600 kg N yr-1 ha-1, the minimum 

being for soybean (57 to 94 kg N yr-1 ha-1) and the maximum (128 to 600 kg N yr-1 

ha-1) for alfalfa (Peoples and Craswell, 1992). Of the non-symbiotic relationships, 

Paspalum adds 39 kg, Brachiaria 45 kg, and kallar grass 15 to 32 kg of N ha-1 yr-1 

(Boddey and Victoria, 1986; Malik et al., 1988). Free-living microorganisms may 

also fix 11 to 16 kg N ha-1 yr-1 (App et al., 1986). These figures demonstrate the 

significance of legumes in agricultural and natural N cycle. 

Compared to legumes, most of the non-leguminous crops are largely 

dependent on fertilizer N for optimum yields (Hauck, 1971). However, associative 

and non-symbiotic N2 fixation could fulfill a part of their N requirements. This 

proportion may in fact be significant in case of crops like rice and sugarcane that 

are grown at high soil moisture levels support substantial levels of N2 fixation. 

However, irrespective of the amounts of N derived from associative or non-

symbiotic N2 fixation, the amount of fertilizer N being used is increasing at a rapid 

pace vis-à-vis human demand for food and fibre. 
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Although the major source of N is different for leguminous and non-

leguminous crops, both types meet a substantial proportion of their N demands 

from soil organic matter (SOM). This proportion varies depending upon the soil 

conditions (especially organic matter content), type of crop, season and time of 

growth and the prevalent environmental conditions (Jenkinson et al., 1985; Woods 

et al., 1987). For legumes, 10-90% of the plant N may be derived from the soil 

depending upon the efficiency of nodulation and the efficacy of the process of N2 

fixation (Zahran, 1999). For non-legumes (cereals in this particular proposal), the 

proportion may range from 50% to almost 100% depending on whether or not 

fertilizer N has been applied (Williams et al., 2000; Wedin and Tilman, 1990; 

Soltani et al., 2006) 

The contribution of non-symbiotic and/or associative N2 fixation to the 

total N demands is simply circumstantial as indicated above and is restricted 

mainly to plant species growing under high soil moisture conditions, e.g. in 

sugarcane, rice, and kallar grass (Azam, 2002). Thus, it can be safely suggested 

that SOM is almost the sole source of N for non-legumes grown without fertilizer 

N. A comparison of leguminous and non-leguminous crops in terms of N uptake 

from soil shows that the latter exert a relatively higher burden on soil N sources 

(Fujita et al., 1992). This will mean a weakening of soil in terms of nutrient 

availability (particularly N which is most often the limiting factor for crop 

production) by non-legumes. Legumes maintain soil N fertility not only by 

augmenting the supplies but also through conservation of native soil sources as 

more N is acquired from the atmosphere. 

Substantial literature is available on root-induced changes in rhizospheric 

microbial/biochemical processes (Höflich et al., 1994; van Loon et al., 1998; 

Haggag, 2007; Sarita et al., 2008). However, a comparison of leguminous and non-

leguminous plants is generally lacking. Such studies are particularly needed to 

compare chickpea and wheat, which are the major and traditional winter crops of 

arid and semi-arid regions. In Pakistan, the significance of these crops is evident 

from the area they cover, i.e. 86 million and 1 million hectares for wheat and 

chickpea, respectively, in 2006-2007 (GOP, 2007). In recent years, increasing 
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concerns about soil and environmental quality and economic innovations has 

stimulated changes in cropping systems with emphasis on crop diversification 

through rotation as well as mixing (Anil et al., 1998; Alvey et al., 2003). In this 

context, chickpea has become an important option for either of the practices 

because of its significance as grain legume vis-à-vis wheat. 

In spite of the significance of both leguminous and non-leguminous crops 

in agroecosystems, no comparison has been made for their N acquisition vis-à-vis 

rooting characteristics and rhizospheric microbial activities. Studies have mostly 

been restricted to the determination of biomass and grain yield vis-à-vis uptake of 

different nutrients including N (Williams et al., 2000; Sajjad et al., 2003; Sanchez-

Moreias, 2003). Interestingly, in studies aimed at quantifying N2 fixation in 

legumes using isotopic techniques and a non-leguminous reference crop, the major 

concern has been the different N acquisition pattern of the two plant types vis-à-vis 

rooting characteristics. In such studies also, hardly any attention has been paid to 

the difference in root-induced changes in rhizospheric microbial activities and 

functions including acquisition of N. Present studies were, therefore conducted to 

compare leguminous and non-leguminous crop plants in terms of: 

i) Plant growth, nutrient (N, P and K) uptake, and partitioning in different 

plant parts. 

ii) Nitrogen acquisition using conventional and 15N isotopic methods. 

iii) Quantification of rhizodeposits (root exudates) using 14C pulse labeling. 

iv) Root architecture including root length, branching, and distribution at 

different depths. 

v) Microbial population and diversity (fungi and bacteria) in the rhizosphere 

and non-rhizospheric soil. 

vi) Activity of enzymes related to C and N metabolism, e.g. dehydrogenase, 

amylase, cellulase, nitrate reductase, and potential nitrification. 
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CHAPTER 2 
REVIEW OF LITERATURE 

 

Leguminous and non-leguminous plants differ for their mode of N 

nutrition. The former derive 10-90% of their N from soil depending upon the 

efficiency of nodulation and efficacy of the process of N2 fixation; the rest is 

obtained from the atmosphere (Eaglesham et al., 1977; Rennie et al., 1982; 

Williams et al., 2000). Conversely, non-leguminous agricultural crops depend to a 

greater extent on soil N sources under unfertilized conditions, i.e. 100% N is 

derived from soil organic matter (SOM). However, when fertilized, N derived from 

soil may vary from 30-90% with fertilizer N having a significant effect (priming 

effect) on the plant availability of native soil N (Azam, 1990; Jenkinson et al., 

1985; Woods et al., 1987). Priming effects are strong, generally short lived 

changes in the transformation of C and N following addition of moderate levels of 

carbonaceous and nitrogenous materials including root exudates (Mary et al., 1993; 

Kuzyakov, 2002). Incidentally there is hardly any information on the relative 

uptake of soil N by leguminous and non-leguminous crop plants when grown 

under a similar set of soil and environmental conditions. An analysis of the data 

reported by Fujita et al. (1992) presented an indirect clue of the differences in 

maize (non-legume) and ricebean (legume) in terms of N acquisition from soil. 

Their study using 15N methodology very clearly suggested lower uptake of soil N 

by the legume as compared to the non-legume. However, the authors did not 

suggest any reasons for this difference. 

Roots are the major functionaries in acquisition of water and nutrients by 

plants. Under most situations the success of plants in terms of productivity depends 

to a significant extent on root proliferation and uptake/utilization of nutrients 

especially N. The two are intimately associated and in general bear a positive 

correlation, i.e. a more proliferated root system is better suited to exploring greater 
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soil volume for water and nutrients (De Dorlodot et al., 2007). Hence, methods of 

evaluating soil fertility are often based on the assumption that crop plants absorb 

nutrients already dissolved in the soil solution and thus, those with a well 

developed root system are better able to make use of these. However, the 

differences in leguminous and non-leguminous plants for N uptake may not 

necessarily depend upon the root system architecture but some other 

factors/mechanisms may also play their role. It is desirable therefore to develop an 

improved understanding of the dynamic mechanisms by which crop plants acquire 

nutrients (N in the present case) from the soil. The review of literature that follows 

provides an insight into the available information covering different aspects of 

root-induced N mineralization in leguminous and non-leguminous plants. 

 

2.1. Root architecture 

As mentioned earlier, roots are the major functionaries in acquisition of 

water and nutrients by plants and thus, an important factor affecting plant 

productivity. Most scientists study only the aboveground plant part, i.e. shoot and 

do not pay sufficient attention to the hidden root portion mainly because of the 

technical difficulties involved under natural conditions (Gulnaz et al., 1999; Gilles 

and Bahman, 2007). It is being increasingly realized, however, that rooting 

characteristics/ architecture is an important factor that needs to be considered when 

breeding crop types for different situations (Kashiwagi et al., 2006). De Dorlodot 

et al. (2007) suggested that one way to achieve the objective of better plant growth 

and productivity is to breed for improved root system. Under drought stress, root 

architecture plays an important role in plant performance (Manschadi et al., 2006 

and 2008). Salih et al. (1999) reported that in a drought tolerant sorghum line the 

roots penetrated at least 40 cm deeper than a drought sensitive one. Vadez et al. 

(2005) reported similar results for groundnut under drought stress situations. It is 

under this context that a great deal of work has been reported on both leguminous 
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and non-leguminous grain crops (Champoux et al., 1995; Gregory and Eastham, 

1996; Price et al., 2000; Tuberosa et al., 2003; Blaikie and Mason, 1993). 

Vertical and horizontal distribution of roots and plasticity of these features 

may affect the potential for adjustment and the ability of plants to more efficiently 

exploit soil resources. Difference in the pattern and spatial extension of root 

growth is one of the important factors determining the relative success of the two 

crops that are grown together. Cereals generally have much greater rooting 

densities (Anil et al., 1998) making them more competitive with respect to uptake 

of nutrients from the rhizosphere (Houggaard-Nielsen et al., 2001). Lynch and van 

Beem (1993) and Lynch and Beebe (1995) reported that genotypes with better root 

growth and root architecture were more efficient in uptake of N and P. Likewise, 

greater the latteral roots better could be the nutrient acquisition by plants due to a 

higher release of cellular contents into the rhizosphere from the point of latteral 

root emergence and consequent changes in soil biology and biochemistry. Greater 

availability of rhizodeposits at the point of latteral root emergence supports this 

contention (Kennedy and Tchan, 1992). 

One of the reasons for the difference in N acquisition from soil by 

leguminous and non-leguminous crops could be the difference in rooting 

characteristics of the two types of plants. Not only the basic configuration of the 

rooting system is different (legumes having a tap root system compared to 

adventitious roots in non-legumes), both root density and architecture vary to a 

significant extent between species (Fitter and Stickland, 1991). In addition, the 

specific soil niches that the roots occupy also differ (Zhang and Forde, 2000). 

Nevertheless, a close relationship is generally observed between root proliferation 

and N uptake from soil (Azam et al., 1992 a and b). Nakamura et al. (2002) 

reported that relative plant growth rate was dependent on relative N absorption rate 

in plant and that N absorption was regulated by root activity (specific N absorption 

rate per unit root mass and length). These authors also found a close relationship 
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between biomass and N uptake; ratio of biomass to N gathered being about 120. 

Personeni et al. (2005) found the ratio of above ground biomass to N harvested of 

>50 for two genera of grasses. Lee et al. (1996) reported that the ability of crop 

plants to use the mineralized N depends on the root system development and the 

rate at which they absorb N. Data reported by Soon et al. (2001) showed a ratio of 

23 for biomass gathered to N taken up at early growth stages of wheat that widened 

to 70 at maturity. 

Some studies suggest that the impact of root proliferation on N uptake may 

be limited and more critical for plant-to-plant competition than for N uptake of a 

whole plant population such as a crop (Gastal and Lemaire, 2002). Martin et al. 

(1991) reported that biomass was 23% less in case of soybean as compared to 

maize but the two had a similar N content, i.e. the N per unit weight was higher in 

case of soybean and thus, the efficiency of N mining from soil or soil + 

atmosphere. Such a possibility is more pronounced under conditions of high N in 

the root zone that results in higher N uptake per unit root (Smart and Bloom, 

1988). Thus, a small root could meet its own N requirments as well as that of the 

shoot which in turn supplies carbohydrates to this root first (Wardlaw, 1990). 

However, hardly any comparison of legumes and non-legumes has been reported 

to establish the relationship of differences in root growth with those of N uptake 

from soil. This is important as the mere difference in intensity of rooting system 

may not be enough to justify the variations in nutrient acquisition since even a 

restricted root system is reported to effectively absorb N (Burns, 1980). Thus, there 

may be additional mechanisms responsible for the differences in N acquisition 

pattern by legumes and non-legumes besides rooting intensity and architecture. 

In a mixed cropping system increase in the yield of cereal is reported to 

result from inherently more proliferated root system and, thus a higher volume of 

the soil being explored for nutrients vis-à-vis selective mobilization of nutrients 

like P by the legume (Wang et al., 2007). In comparison, the growth of legume is 
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inhibited by a more intense competition from the non-legume mainly because the 

latter has a more extensive root system. It is seldom, however, that mutual effects 

on root growth per se are considered an important factor that could affect the 

ultimate growth/yield of the two companions although relatively extensive root 

system of the cereal is considered an advantage for more efficient 

exploration/uptake of nutrients (Anil et al., 1998). 

  

2.2. Rhizosphere and rhizodeposition 

The term rhizosphere was first introduced by Hiltner (1904) to describe the 

stimulation of microbial biomass and activity in the soil near the root surface. 

Research activities during the last few decades provided evidence that chemical 

changes at the soil-root interface not only influence plant microbial interactions but 

also have important effects on availability and acquisition of mineral nutrients by 

plants. Therefore, it is now defined more generally as the volume of soil influenced 

by root activity (Hinsinger, 1998). The spatial extension of the rhizosphere is 

highly variable and can range from several mm in case of soluble nutrients like 

NO3
- (Darrah, 1993) to less than 1 mm for sparingly soluble ones (Hübel and Beck, 

1993). Chemically and physically, the rhizosphere is perhaps the most complex 

and changeable of all environments (Curl and Truelove, 1986). This is mainly 

because of the release of carbonaceous material by plant roots that vary both in 

chemical characteristics and quantity. Together, these materials are termed as 

rhizodeposits and are responsible for the so-called rhizosphere effect. 

The term rhizodeposits is used to define a spectrum of components ranging 

from simple exudates compounds to entire root fragments, released during 

shedding of border cells and turnover of dead roots. The process of rhizodeposition 

has been used to describe carbon loss from roots and four groups of rhizdeposits 

are generally recognized (Whipps and Lynch, 1985). These include: i) exudates 

like sugars, amino acids, organic acids, hormones and vitamins, etc. released 
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without the involvement of energy, ii) secretions such as polymeric carbohydrates 

and enzymes which need energy for release, iii) lysates resulting from the autolysis 

of root cells, and iv) gases such as ethylene and CO2. The CO2 can be assimilated 

by chemoautotrophs like nitrifiers, etc. The dominant components of root exudates 

are sugars, NH4
+, amino acids, organic acids and low molecular weight 

polysaccharides (Kraffczyk et al., 1984; Grayston et al., 1996; Kuzyakov et al., 

2002). The amino acids are released by passive diffusion along a concentration 

gradient but can be re-captured by roots (Jones and Darrah, 1994). In greenhouse 

studies, aggregate stability of ryegrass and alfalfa rhizosphere soil has been shown 

to increase with root growth, and the stabilizing effect apparently originated from 

polysaccharide production in the rhizosphere (Reid and Goss, 1981).  

Almost all organic C in soil is primarily plant-derived in the form of 

rhizodeposits (Kuzyakov and Domanski, 2002). These authors reported that 7-13% of 

the total C translocated below ground in pot experiments is ultimately found in roots, 

2-5% exuded and 7-14% used up in root respiration. They also reported a net C input 

by wheat into the soil of 1.5 to 2.4 tons ha-1 yr-1 depending on the method of 

measurement used. Cereals like wheat and barley may transfer 20-30% of the 

assimilated C into the soil (Gregory and Atwell, 1991). Keith et al. (1986) reported 

rhizodeposition of 1000-1500 kg C ha-1 equivalent to 15-30% of that assimilated by 

plants, a decrease in the amount being noted with plant age. Amos and Walters 

(2006) reported that 5-62% of the root derived C in soil was present as rhizodeposits, 

while rhizodeposition was strongly dependent on photosynthesis. The rhizodeposits, 

particularly polysaccharides, are gluey in nature and may help bind microorganisms 

to surfaces including roots (Imam and Harry-O'Kuru, 1991; Imam et al., 1990, 1993). 

In non-legumes, the rhizodeposits are used by the soil microorganisms for 

functions like synthesis of hormones and polysaccharides and N mineralization. In 

legumes they are the major sources of energy for rhizobia that fix atmospheric N 

(App et al., 1986; Beccana and Sprint, 1987; Anderson et al., 2004). In addition, 
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some of the organic moieties such as flavonoids induce transcription of nodulation 

(Dakora and Philips, 2002). Apparently, however, the release of carbonaceous 

material to the rhizosphere soil by legumes is less than that required to affect 

microbial activities other than rhizobial N2 fixation. A significant proportion of the 

rhizodeposits is lost through rhizospheric respiration that may represent 51 to 89% 

of the total CO2 efflux from soil; half of this coming from root respiration alone 

(Kuzyakov et al., 1999). In fact, within days a significant proportion of the 

photosynthates are transported to roots and rhizodeposits, the losses being the 

maximum during the first two days after assimilation (Kuzyakov et al., 2001). 

Carbon-14 pulse labeling has been used to successfully quantify rhizodeposition as 

well as photosynthates partitioning (Meharg and Killham, 1990). 

The production of rhizodeposits is a direct root control of N mineralization 

(Clarholm, 1985 a and b). These are significant energy inputs for the soil microbial 

community (Bakken, 1990; Texier and Billes, 1990). Whipps (1985) reported that in 

young corn grown under greenhouse conditions, 47-69% of the total C transferred to 

the roots could be lost in the form of rhizodeposits. Helal and Sauerbeck (1987) 

estimated that the amount of C released by corn roots from 7-30 days after planting 

was equivalent to >1000 kg ha-1. In crops like wheat, an increase in C rhizodeposition 

may lead to N immobilization (de Graff et al., 2006). Since availability of C is 

reported to enhance the mineralization and subsequent plant uptake of native soil N as 

well as respiratory activities of the soil (Azam et al., 1989; Kuzyakov, 2002), lower 

rhizodeposition by legumes could probably be one reason for a lower uptake of N 

from soil by these plants as reported by Fujita et al. (1992). However, no conclusive 

evidence is available when two types of plants are grown under a similar set of 

environmental conditions. 

An important aspect of mixed cropping system involving leguminous and 

non-leguminous plants is the release into the rhizosphere of N by the former, i.e. 

the so-called N rhizodeposition. Høgh-Jensen and Schjoering (2001) found that 
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70% of the total shoot N is transferred below ground through different means. Root 

and nodule turnover is the major source of N to the non-leguminous companion 

(Laidlaw et al., 1996). Contribution of soluble and insoluble exudates may be 10-

100 and 100-250 mg g root-1 (Newman, 1985). At physiological maturity, the 

rhizodeposition of N from roots grown in the potted soil was 19.8 mg N plant-1 for 

pea and 14.1 mg N plant-1 for grass pea which is 10.5 and 9.2% of the total plant 

N, respectively (Schmidtke, 2005). In some pot studies, N rhizodeposition was 

found to be 13-16% of that at maturity in different legumes (Mayer et al., 2003). In 

wheat it was found to be 20% of the total plant N (Janzen, 1990; Janzen and 

Bruisma, 1993). Jensen (1996) reported that up to 57 and 49% of N assimilated by 

legume and barley, respectively, was present in soil after removal of the roots at 

maturity. In three legumes, Mayer et al. (2003) determined that 13-16% of the total 

plant N and 80% of the belowground plant N was in the form of rhizodeposits after 

removal of visible roots. They suggested that N rhizodepopsition from grain 

legumes represent a significant pool for N balance and N dynamics. In a 

greenhouse experiment, Molina et al. (2005) attributed 24% of the total N in corn 

to rhizodeposits. 

Nitrogen rhizodeposits from leguminous plants are more labile and higher in 

quantity than those from non-leguminous ones; 79% of pea and 48% of the barley 

root-derived, respectively (Jensen, 1996). Goertzen and Bower (1958) found higher 

rhizorespiration by alfalfa than rhodesgrass suggesting higher rhizodeposition by the 

former. At physiological maturity, the rhizodeposition of N from roots grown in the 

soil was 19.8 mg N plant-1 for pea and 14.1 mg N plant-1 for grass pea which is 10.5 

and 9.2% of the total plant N, respectively (Schmidtke, 2005). Red clover, white 

clover and perennial ryegrass showed N rhizodeposition of 64, 71, and 9 g m-2, 

respectively, under field conditions (Høgh-Jensen and Schjoering, 2001). 
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2.3. Rhizospheric bacterial diversity 

Soil microorganisms occupy a key position in the maintenance of soil health 

and function in both natural and managed agricultural ecosystems. This is because the 

microbes are involved in soil structure formation, decomposition of organic matter, 

toxin removal and the cycling of nutrients like C, N, P, and S (van Elsas and Trevors, 

1997). In addition, microorganisms play key roles in suppressing soil-borne plant 

disease, promoting plant growth, and changes in vegetation (Doran et al., 1996). 

Therefore, fertility and productivity of soil depends to a significant extent on the 

rhizospheric microbial activities that not only enhance nutrient availability to plants 

but also exert indirect effects on root growth and proliferation (Höflich et al., 1994; 

van Loon et al., 1998). In return, rhizospheric microorganisms have increased access 

to carbonaceous energy materials (rhizodeposits) released by plant roots (Curl and 

Truelove, 1986). In pot culture experiments, rhizodeposition was found to be more in 

the presence of microbes (Gardner et al., 1983). 

Of the different soil microorganisms, greater attention has been paid to 

rhizospheric bacteria because of their role in different soil functions. This is 

especially true for the bacteria that have the ability to produce siderophores, 

phytohormones, exopolysaccharides, and N2 fixation (Reid and Goss, 1981; 

Amellal et al., 1998; Haag et al., 2006; Haggag, 2007). During the recent past, 

extensive studies have been reported on inducing and enhancing biological N2 

fixation in non-legumes through induction of paranodules and/or endophytic 

colonization by selected bacterial species (Tchan and Kennedy, 1989; Ridge et al., 

1992; Azam, 2002). However, the success of these approaches is limited by the 

extent of survival and functioning of the newly introduced microorganisms 

because of the competition from the native population (van Elsas and Heijnen, 

1990). It is important, therefore, to study the diversity of the native microbial 

population supported by a particular plant type and then to select desirable strains 

for re-introduction into the rhizosphere via an appropriate and convenient method. 
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Different methods with variable reliability have been used to assess 

microbial diversity. They may either be cultivation-based or independent of 

cultivation. It is known, however, that only a fraction (~5%) of the diversity is 

culturable (Borneman and Triplett, 1997; Torsvik et al., 1990). Janssen et al. 

(2002) suggested that the per centage diversity could be raised substantially by 

using special cultivation techniques. However, traditionally, methods to analyze 

soil microorganisms are based on cultivation using a wide variety of culture media 

(van Elsas et al., 1998). A Biolog-based method for directly analyzing the potential 

microbial activity has also been introduced (Garland, 1996) in addition to 

molecular methods (Garbeva et al., 2004). In spite of the deficiencies of the 

cultivation method, however, this is the method of choice in labs lacking state-of-

the-art equipment required for cultivation-independent molecular techniques. 

Most common culturable bacteria include species of Acinetobacter, 

Agrobacterium, Alcaligenes, Arthrobacter, Bacillus, Brevibacterium, Clostridium, 

Corynebacterium, Enterobacter, Pseudomonas, Rhizobium, Serratia, and 

Xanthomonas etc. (Garbeva et al., 2004). Sarita et al. (2008) identified 28 and 25 

genotypes in chickpea and wheat rhizosphere, respectively, using a clone library of 

DNA. A total of 41 genotypes were isolated of which 12 were common in both 

soils. The common genera were Azospirillum brasilense, Bradyrhizobium spp., 

Azotobacter chroococcum, Methylococcus capsulatus, M. sylvestris, Sinorhizobium 

meiloti, Burkholderia vietnamanesis; A. brasilense was the predominant among all. 

In other studies, species of Pseudomonas are reported to be the more common 

bacteria in the rhizosphere (Achouak et al., 2000, 2004). In some other studies 

conducted under greenhouse conditions, species of Bacillus, Pseudomonas, 

Alcaligennes, Xanthomonas, Acidobacterium and Acinetobacter etc. were amongst 

the common bacteria (Ludwig et al., 1997; Smit et al., 2001). Mittal and Johri 

(2007) found Bacillus and Pseudomonas to be the predominant bacteria in the 

rhizosphere of Eleucine coracana and Triticum aestivum.  
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By regulating the supply of carbonaceous materials, the plants exert a 

strong influence on the diversity of rhizospheric microbial population and 

microbial functions (Germida et al., 1998; Grayston et al., 1998; Jaegger et al., 

1999; Yang and Crowley 2000; Germida and Siciliano, 2001; Gomes et al., 2001). 

Numbers of micro- and meso-fauna are greater in rhizosphere than in bulk soil 

(Anderson, 1988) mainly because of the enhanced availability of carbon and 

energy source. Rhizobia are also reported to be more in numbers in rhizospheric 

soil of both host and non-host plants and could achieve population densities of 5-

100 times that in non-rhizospheric or bulk soil (Mowad et al., 1984). Other studies 

suggest that as a source of carbonaceous materials deposited in soil through roots 

(rhizodeposition), plants are the major determinant of rhizospheric microbial 

dynamics, diversity and functions (Germida et al., 1998; Jaeger et al., 1999; Gomes 

et al., 2001; Alvey et al., 2003). In fact, the root exudates selectively influence the 

growth of bacterial and fungal populations by altering the presence of substrates in 

the vicinity of roots (Jaeger et al., 1999; Yang and Crowley, 2000). The structural 

and functional diversity of rhizosphere population is therefore affected by 

differences in rhizodeposition, soil type, plant species, growth stage, cultural 

practices such as tillage and crop rotation and other environmental factors (De Leij 

et al., 1994; Gomes et al., 2001). In turn, rhizospheric microorganisms exert strong 

effects on plant growth and health by nutrient mobilization/release, N2 fixation and 

production of hormones, etc. (Höflich et al., 1994; van Loon et al., 1998). These 

mutualistic effects play a significant role in ecosystem functioning. 

Differences in the flora of rhizosphere and bulk soil have been reported 

(Lynch, 1990). In general there will be high diversity away from the root effects 

e.g. in the bulk soil (Marilley and Aragno, 1999) that is quite natural. As one goes 

near the roots and ultimately into the roots, the diversity decreases principally 

because of the more specialized nature of the C source available and other 

restraints applied by the plant. Marilley and Aragno (1999) reported that the plant 
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roots have a selective effect towards the gamma proteobacteria, to the detriment of 

the gram +ive and Holophaga-Acidobacerium bacteria, leading to a dominance of 

pseudomonads. They showed by a culture independent approach that the 

phylogenetic diversity decreases in the proximity of roots. As the degree of soil 

adherence to roots increased, there was a shift in favour of bacteria belonging to 

Cytophaga-Flavobacterium group and a corresponding decrease in Pseudomonads 

or the ones like these (Olsson and Persson, 1999). They also reported that Gram 

+ive bacterial strains diminished in habitats close to the roots. 

Microbial diversity will vary with the qualitative and quantitative 

differences in the root exudates vis-à-vis plant types. Root exudates and 

particularly sloughed off cells and tissues act as a major C source for soil 

microorganisms (Haller and Stolp, 1985). Therefore, microbial activity and the 

population density of microbes may be 5-50 times higher in the rhizosphere than 

bulk soil (Lynch and Whipps, 1990). The root-borne carbohydrates also 

significantly affect the microbial diversity (Kloepper et al., 1991; Marilley and 

Aragno, 1999). These factors influence mineral nutrition of plants (Marschner, 

1998). Increased rhizodeposition may limit N supply to plants because of intense 

microbial immobilization. 

Extensive studies have been reported on microbial diversity of individual 

plant types (Germida et al., 1998; Siciliano et al., 1998; Gomes et al., 2001; 

Germida and Siciliano, 2001). Dalmastri et al. (1999) suggested that the soil was 

dominant (of course) among the factors affecting genetic diversity of maize-root 

associated Bacillus cepacia populations. In fact soil is the source of microbial 

diversity, whereas the plant roots control the relative population dynamics of 

individual organisms. Not only the entire root system but different root parts may 

have their own specificity as a natural habitat, heterogeneity of root greatly affects 

the microflora of the rhizoplane and exerts lesser effect on that of rhizosphere 

(Orazova et al., 2000). During the colonization of plant roots by soil bacteria, 
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microorganisms from the bulk soil undergo selective enrichment in the plant 

rhizosphere in response to different root exudates/components. Because different 

plant species release different types and quantities of exudates, plants exert 

species-specific effects on the soil microbial community that result in broad shifts 

in microflora (Lynch, 1990). Therefore, root exudation is considered to be the 

major factor determining community composition within the rhizosphere 

(Mahaffee and Kloepper, 1997; Griffiths et al., 1998). 

In spite of the great deal of studies on rhizospheric bacterial (microbial) 

diversity, a comparison of legumes and non-legumes have not been made to 

attribute to this characteristics the differences in N acquisition from soil. Grayston 

et al. (1998) and Høgh-Jensen and Schjoering (1997) compared the rhizosphere of 

wheat, ryegrass, bent grass and clover. The differences observed in microbial 

community structure were ascribed mainly to plant type but not to soil type. 

Wardle et al. (1999) did not observe differences in the total biomass of bacteria and 

fungi. Wieland et al. (2001) reported the effect of plant species but not of growth 

stage. Marschner et al. (2000) observed that bacterial community associated with 

chickpea was affected by soil type whereas communities of Sudan grass and rape 

were more influenced by plant type. These differences are linked to the nature of 

exudates (Siciliano et al., 1998; Di Giovanni et al., 1999) as already emphasized. 

In the graminaceous plants (grasses), the N2 fixing bacteria are abundant in the 

rhiziosphere, at the rhizoplane and even in the root cortical apoplast of 

graminaceous plants (Boddey and Dobereiner, 1988). In studies by Mittal and Johri 

(2007), Bacilli and Pseudomonads were found to be the predominant genera in the 

rhizosphere. Alvey et al. (2003) studied bacterial community structure as affected 

by cereal/legume rotation; the crops used were maize, millet, cowpea, sorghum and 

groundnut. They showed a highly significant impact of cropping system on 

community structure. Rotations supported diversity whereas continuous cereal crop 

had highly similar rhizoplane communities across species. In another study, 
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intercropping was found to have a significant impact on the community 

composition of ammonia-oxidizing bacteria in the rhizosphere (Song et al., 2007). 

 

2.4. Microbial biomass in soil 

The microbial biomass is a small but labile source of major plant nutrients 

(Jenkinson and Ladd, 1981; Dick, 1992). Labile nature of biomass is evident from 

a higher extractability ratio of 6-8 compared to 1.5-2.0 for organic N (Juma and 

Paul, 1984). According to Sparling (1992) microbial biomass is a sensitive 

indicator of soil health and quality. Resultantly, primary productivity of 

agroecosystems is closely linked with the dynamics of nutrients tied up in 

microbial biomass (Jenkinson and Ladd, 1981). It has been suggested that among 

different parameters related to soil fertility and nutrient availability, microbial 

biomass occupies a key position (Jenkinson and Ladd, 1981; Dick, 1992) and a 

strong correlation of microbial biomass N and P with plant N and P is generally 

obtained (Saini et al., 2004). The dynamic nature of microbial biomass is mainly 

because of high content of N and P thereby giving narrow ratios of C:N and C:P 

and hence easy release of the nutrients (Reyes-Reyes et al., 2007). 

An important factor regulating the size and activity of soil microbial 

biomass is the quality and quantity of soil inputs in the form of plant residues or 

rhizodeposits. Higher rhizodeposition leads to increased microbial biomass; the 

biomass being more in wheat as compared to maize (de Graff et al., 2007). 

Microbial biomass is also reported to be higher in planted than unplanted soil 

because of the differences in easily oxidizable C (Bottner et al., 1988). Indeed, C 

inputs in the form of rhizodeposits lead to marked changes in microbial biomass 

(Franzluebbers et al., 1994). These changes are generally commensurate with the 

quality (chemistry) and quality of rhizopdeposits. Hence, the plant type and 

cropping history has a marked influence on microbial biomass (Mahmood et al., 

2005a, 2007; Dijkstra et al., 2006; Gaind and Lata, 2006). Under field conditions, 
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Mahmood et al. (2005a) reported higher microbial biomass under maize than 

wheat. Using 14C pulse labeling approach, Liljiroth et al. (1990a and b) reported a 

close correlation between the amount of C rhizodeposits and the bacterial biomass. 

The reported increase in microbial biomass and activity in the presence of plant 

roots (Helal and Sauerbeck, 1984) is attributed mainly to the abundant availability 

of C in the form of rhizodeposits. 

Breland and Bakken (1991) studied the effect of roots on microbial growth 

in a pot experiment with barley, ryegrass and white clover. They reported that 

higher biomass N in clover than barley and ryegrass suggesting the availability of 

higher amounts of total or at least N-rich rhizodeposits. Balota et al. (2003) 

reported higher biomass N in soybean-wheat rotation as compared to that in maize-

wheat or cotton-wheat rotations both under conventional and no tillage; the 

difference was attributed to a narrow C:N ratio of rhizodeposits in soybean making 

them more suitable for supporting microbial growth and development of microbial 

biomass. The biomass N in soil planted to different legumes is reported to be >30 

µg g-1 (Mayer et al., 2003). In another study, Goertzen and Bower (1958) reported 

higher rhizorespiration (respiration in the root zone) by alfalfa than rhodesgrass 

suggesting that the former supports greater biomass. Differences in root-induced 

changes in microbial biomass are found even between cereals. For example, 

Merckx et al. (1987) reported that materials released from corn roots were 

incorporated into the microbial biomass to a higher degree than materials from 

wheat roots. 

One of the reasons for difference in biomass N of leguminous and non-

leguminous rhizosphere may be the relative population of bacteria and fungi being 

supported. In microbial biomass, C:N may suggest relative proportion of fungal 

and bacterial biomass; C:N ratio will be wider with higher proportion of fungal 

biomass (Wheatley et al., 1990) suggesting that leguminous crops support bacterial 

growth in preference to that of fungi. Relative abundance of nutrient elements also 
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affects rhizodeposition and consequently the microbial biomass. Liljiroth et al. 

(1990a) found that for wheat grown in soil, more assimilate measured by 14C 

method was translocated to the rhizosphere at high than low N levels. Liljiroth et 

al. (1990b) reported higher bacterial abundance at barley roots at higher N levels 

under hydroponics conditions. 

Azam et al. (2004) have recently reviewed the methods of measuring 

microbial biomass. Of the different methods available, chloroform fumigation 

extraction proposed by Vance et al. (1987) has been the most common. Besides 

microbial biomass, however, activity of dehydrogenase enzyme in soil can be a 

useful parameter for studying soil quality and effect of different factors including 

plant roots. In fact, dehydrogenase activity is considered an indicator of overall 

microbial activity because it occurs intracellularly in all living microbial cells and 

is linked with respiratory processes (Bolton et al., 1985; Nannipieri et al., 1990). 

Therefore, the use of dehydrogenase activity as a measure of microbial activity has 

been suggested (Skujins, 1976; Nannipieri et al., 1990). Activity is reported to be 

100µg TTP g-1 soil hr-1 (Sparling, 1981) and is reported to show close correlation 

with microbial biomass (Klose and Tabatabai, 2000; Chu et al., 2007). Singh et al. 

(2004) reported that during 80-day experimental period, both microbial biomass 

and soil dehydrogenase activity increased by 7-folds in planted soil and the two 

parameters were significantly correlated (r = 0.82, p ≤ 0.05). 

 

2.5. Microbial functions pertinent to N nutrition of plants 

In subsistence agriculture, crop yields are directly dependent on the 

inherent soil fertility and on microbial processes that govern the mineralization and 

mobilization of nutrients required for plant growth. Hence, cropping system and 

rotations will have significant bearing on microbial communities that are 

responsible for nutrient cycling, production of plant growth regulators (PGRs) and 

suppression of plant diseases. Selective enrichment of specific bacterial groups due 
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to the quality and quantity of rhizodeposits is supposed to be the underlying 

mechanism. Being a crucial and most wanted nutrient, transformation of biological 

and non-biological N in ecosystems has always attracted attention vis-à-vis crop 

performance. Transformations of N in soil are affected by the quality of C 

substrates and plants roots exert considerable influence on soil microbial 

communities through the depletion of nutrients and water in the rhizosphere and 

secretion of protons, enzymes and C compounds from root surfaces. However, 

relatively few studies have investigated gross N transformations in the rhizosphere 

(Whalen et al., 2001). These authors observed higher accumulation of NH4
+ and 

NO3
- in root adhering soil suggesting the role of plant roots in affecting the 

processes. A brief review is presented on some key elements of N cycle in the 

following sections. 

 

2.5.1. Immobilization-remineralization of nitrogen 

The N cycle involves a large number of identifiable pools linked by 

complex, often simultaneous and opposing processes. Comprehension of the 

balance between these processes is a key to understanding, manipulation and 

control of agricultural N cycle. With regards to dynamics and plant-availability of 

N, however, mineralization-immobilization turnover (MIT) occupies a key position 

and plays the predominant role in N nutrition of plants. The process is influenced 

mainly by the form of available N and the relative complexity of the C source 

available, the process being faster in the presence of easily oxidizable C sources 

and slowing down with the complexity of the latter (Ahmed et al., 1969; Azam et 

al., 1985, 1988; Makumba et al., 2007). Microbial immobilization of NH4
+-N is 

reported to be faster and preferred over NO3
--N (Janssen et al., 1955, Rice and 

Tiedje, 1989). Remineralization of immobilized N is slower in NH4
+- than NO3

--

treated soil (Herrmann et al., 2005). Under conditions of sufficient C supply, 

however, immobilization of both NH4
+- and NO3

--N may not be very different 
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(Azam et al., 1993a and 1993c). Plant roots will affect immobilization and 

remineralization turnover of N through C and N rhizodeposition that differ for 

leguminous and non-leguminous crops in both quantitative and qualitative terms. 

 In the rhizosphere, availability of rhizodeposits is the key factor in 

regulating the process of MIT and thus, the internal cycling of N. As discussed 

earlier, a substantial proportion of the assimilated C is partitioned to the roots and 

transported into the rhizosphere. Rate of N immobilization will differ with the 

chemistry of roots and rhizodeposits as well as with rhizospheric conditions. Legg 

and Allison (1960) suggested that the C:N ratio of the roots and exudates would 

decrease with increasing additions of fertilizer N, so that less N will be 

immobilized per unit of decomposing root. Likewise, it is reported that N 

rhizodeposits from leguminous plants are more labile and higher in quantity than 

those from non-leguminous ones (Jensen, 1996). In three different legumes, N 

rhizodeposition was found to be 13-16% of the total plant N and 80% of the 

belowground plant N (Mayer et al., 2003). These authors suggested that N 

rhizodeposition from grain legumes represent a significant pool for N balance and 

N dynamics. Cereals that are reported to transfer 20-30% of the assimilated C into 

the soil (Gregory and Atwell, 1991; Kuzyakov and Domanski, 2000) can have 

significant effect on immobilization of N in the rhizosphere. These rhizodeposits 

may contain sugars, organic acids and low molecular weight polysaccharides 

(Kraffczyk et al., 1984; Kuzyakov et al., 2002) that can be easily assimilated by 

microbes leading to higher immobilization of N. Immobilization in the rhizosphere 

is reported to be higher in the presence of NH4
+ than NO3

- (Mahmood et al., 

2005b). Remineralization of N will, however, be faster from substrates like root 

exudates from leguminous plants with a narrow C:N ratio (Frankenberger and 

Abdelmagid, 1985; Azam, 1990; Azam et al., 1993b). 

Immobilization of NH4
+ could have a positive effect on root growth since at 

high concentrations, NH4
+ impedes root growth more than NO3

- (Bloom et al., 
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1993) although increased N availability (irrespective of the farm of N) is reported 

to inhibit root growth (Bloom et al., 1993; Marschner, 1998); reverse is also 

reported to be true in some studies (Jackson and Cladwell, 1989). Root growth 

inhibition, notwithstanding, NH4
+-fed wheat plants allocated 36% more C to the 

roots than NO3
--fed plants (Lewis et al., 1989; Cramer and Lewis, 1993) leading to 

conditions conducive for microbial process of N immobilization. The enhancement 

in rhizodeposition may be necessary to meet the enhanced carbohydrate/energy 

demands at the root level for efficient NH4
+ assimilation (Hagemann, 1984). The 

result of NH4
+ assimilation in the root creates a xylem sap flow rich in organic N; 

this situation may indeed retard net immobilization of N. Thus, the processes of N 

immobilization and rhizodeposition are not only inter-dependent but have mutual 

effects and will be driven by the plant species, i.e. leguminous and non-leguminous 

grain crops will show different trends. Since plants are the predominant source of 

organic C released in soil as rhizodeposits (Gregory and Atwell, 1991; Kuzyakov 

and Domanski, 2000), they will exert a significant influence on the pace of 

immobilization and subsequent remineralization and plant availability of N. The 

influence will, however, be different depending on the quality and quantity of 

rhizodeposits. Legumes with rhizodeposits of narrow C:N ratio are expected to 

have a lower impact on net N immobilization. However, comparative studies are 

needed. 

 

2.5.2. Nitrification/denitrification 

Nitrification and denitrification are important components of the N cycle in 

soil (Granli and Bockman, 1994). The former is mainly autotrophic (Wrage et al., 

2001) and strongly influenced by CO2 (Azam et al., 2005). However, 

denitrification is driven by easily oxidizable C sources (Beauchamp et al., 1989). 

Since plants are the predominant source of both organic C released in soil as 

rhizodeposits (Gregory and Atwell, 1991; Kuzyakov and Domanski, 2000) as well 
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as CO2 that results from rhizorespiration (Kuzyakov and Domanski, 2002; Azam 

and Farooq, 2005; Kuzyakov, 2006), they will exert a significant influence on 

nitrification and denitrification processes. This influence will differ with the plant 

type as rhizodeposition and rhizorespiration vary between species both 

qualitatively and quantitatively (Grayston et al., 1996). 

Nitrification is one of the important N cycle processes that affect ecosystem 

functioning as well as environment. It is the biological oxidation of ammonia to 

nitrate that occurs in two-step process via autotrophic bacteria. Ammonia is first 

oxidized to NO2
- that in turn is oxidized to NO3

- as follows: 

2NH4
+ + 3O2  2HNO2 + 2H+ + 2H2O 

2HNO2 + O2  2NO3
- + 2H+ 

It is a key process in managed agricultural ecosystems because the conversion of 

NH4
+ to NO3

- can lead to substantial loss of agricultural N (both applied as 

chemical fertilizers or present as native soil N) by leaching and/or denitrification. 

Hence, nitrification inhibition could lead to: i) increased rhizospheric microbial 

activities including biological N2 fixation and production of phytohormones, ii) 

enhanced mineralization of native soil N for decreasing dependence on chemical 

fertilizers, iii) increased efficiency of fertilizer N through decreased losses via 

denitrification and NO3
+ leaching, and iv) greater photosynthates partitioning to the 

rhizosphere for enriching the soil with organic matter. 

 The rhizosphere is generally thought to be inhibitory to nitrification 

(Schmidt, 1982) due to many compounds produced by plants (Slangen and 

Kerkoff, 1984). However, stimulation of nitrification due to root action in the 

rhizosphere has also been reported (Molina and Rovira, 1964). The impact of 

plants on nitrification can be studied indirectly using nitrification potential as a 

measure that reflects the maximum capacity of a soil’s population to transform 

NH4
+-N into NO3

--N and correlates with in situ NO3
--N measurements (Fortuna et 

al., 2003). Nitrification potential varies widely depending upon the plant type and 
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the rhizospheric conditions. Gödde and Conrad (2000) reported a variation 

between 2 and 1220 ng N h- g -1 dry soil in 20 soils they studied. It is generally 

more in rhizosphere than bulk soil (Olsson and Falkengren-Grerup, 2000) and 

showed a variation of 2-20 nmol NO3
- h-1 g-1 dry soil. Höjberg et al. (1996) also 

reported higher nitrification in the rhizosphere. Fortuna et al. (2003) reported 

nitrification potential to vary from 1000 and 8000 ng N g-1 soil day-1 in differently 

managed field soils and significantly higher in plant than unplanted soil. The 

difference in rhizospheric and bulk (non-rhizospheric) soil is attributed to higher 

moisture content in the former (Klemedtsson et al., 1987). Thus, the plant types 

that can maintain higher moisture level at the root surface will be more supportive 

of nitrification with consequences to N nutrition of plants as well as environment. 

One of the consequences of active nitrification may be an increase in 

denitrification through enhanced supply of NO3
- as well as nitrification-dependent 

N2O emission. Loss of N from the soil-plant system has not only economic 

implications but has raised environmental concerns especially when N gases are 

emitted. Of particular interest are the N oxides especially N2O, which acts as a 

greenhouse gas and contributes to the destruction of the ozone layer (Bouwman, 

1990). On the global level, >65% of atmospheric N2O comes from soil as a result 

of nitrification and denitrification (Bouwman, 1990). The latter considered to be 

the major source of N2O under most situations and the former is reported to make a 

substantial contribution to the N2O emissions under aerobic conditions (Williams 

et al., 1998). Both heterotrophic as well as autotrophic nitrification contributes to 

N2O emissions although the major share comes from the latter (Inubushi et al., 

1986). Estimates of the amount of N2O resulting from nitrification are variable but 

generally account for <1% of the fertilizer N applied (Breitenbeck et al., 1980). 

Higher N2O emissions are often reported from fertilized than unfertilized soils, 

rates of emission being greatest following application of NH4
+ or NH4

+-forming 

fertilizers (Breitenbeck et al., 1980; Flessa et al., 1996; Smart et al., 1999). In 
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several studies, using isotope methodology and nitrification inhibitors, this increase 

is attributed to losses of N2O during the process of nitrification (Arah, 1998; 

McTaggart et al., 1997; Stevens and Laughlin, 1997; Abbasi and Adams, 2000; 

Azam et al., 2002).  

Plant roots tend to encourage denitrification by providing easily oxidizable 

C sources as well as CO2 through rhizorespiration. Indeed one of the mechanisms 

responsible for reported increase in N2O emission in metabolically active soil 

(Burford and Bremner, 1975; Azam et al., 2002) could be the abundant availability 

of CO2 to the nitrifiers. Soils supplied with easily oxidizable C sources (through 

rhizodeposition) not only become anaerobic at the microsite level (Arah, 1998) 

thereby creating conditions suitable for denitrification but increased availability of 

CO2 will enhance nitrification (Hungate et al., 1999) as well as nitrification-

dependent N2O losses due to continued availability of NO3
-. Thus, not only there is 

an increased availability of carbonaceous substrates for denitrifiers but elevated 

levels of CO2 in the soil atmosphere (resulting from root + microbial respiration) 

also support higher rates of nitrification. The combined effect is substantial loss of 

N through nitrification and denitrification. Within the soil, however, the levels of 

CO2 should always be several times greater than that in the outside atmosphere 

because of the respiratory activities of microorganisms (Certini et al., 2002). As a 

consequence of rhizodeposition and the concomitant changes in rhizospheric 

chemistry, denitrification is reported to be high from planted than bare soil as a 

result of increase in the population of denitrifiers in the vicinity of roots (Josserand 

et al., 1995). However, in spite of the negative impact of denitrification on N 

economy and environment, the process could be beneficial for biological N2 

fixation as higher concentrations of NO3
- in soils can impair nodulation and N2 

fixation (Beccana and Sprent, 1987; Macduff et al., 1996).  

Nitrate reductase activity in soil can be used as an indirect measure of the 

soil’s potential to denitrify. In plants the enzyme is crucial for N assimilation as 
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NO3
- absorbed by plants must be reduced to ammonium before incorporation into 

amino acids. There are, however, large differences among species and genotypes in 

terms of nitrate reduction (Andrews, 1986; Wallace, 1986; Chalifour and Nelson, 

1988). Fan et al. (2002) studied five legumes for nitrate reductase activity (NRA) 

in root and shoot portions and showed that in shoot it varied between 0.11 and 0.93 

and in root it was 0.15 to 2.1 µmol g-1 d wt h-1. It increased with time and varied 

between 3.4 and 21.9 in shoot and between 1.93 and 5.84 in root after 7 days. Fan 

et al. (2007) showed that over 60-99% of nitrate reductase activity was attributed 

to shoot. 

 

2.6. Root induced nitrogen mineralization vis-à-vis priming effect 

Lohnis (1926) was the first to report an increase in the mineralization of 

native organic N in soil following addition of green manures. Subsequent 

experiments by Broadbent and co-workers (Broadbent and Bartholomew, 1948; 

Broadbent and Norman, 1948) demonstrated an increase in the mineralization of 

soil C and N following addition of plant residues and mineral N. Bingemann et al. 

(1953) introduced the term “priming effect” to interpret such phenomena. 

Jenkinson et al. (1985) introduced the term “added nitrogen interaction” or ANI to 

describe any effect that the addition of N may have on the N already present in the 

soil. This terminology has been extensively used in subsequent studies. Recently, 

however, Kuzyakov et al. (2000b) have opted to use “priming effects” to interpret 

“strong, short-term changes in the turnover of soil organic matter caused by 

comparatively moderate treatments of the soil”. These treatments may include 

input of organic or mineral fertilizer to the soil, exudation of organic substances by 

roots, mechanical treatment of soil, or drying and wetting cycles etc. 

Under laboratory conditions, Azam et al. (1989) reported a significant 

increase in the mineralization of native soil N following application of C and N; 

the effect was greater at the higher rate of addition. Like mineral fertilizers, plant 
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residues and components with high N content and a narrow C:N ratio are also 

reported to cause a net increase in the mineralization of native soil N. In fact, the 

first reports on this phenomenon were from studies using leguminous plant 

residues (Lohnis, 1926; Broadbent and Bartholomew, 1948; Broadbent and 

Norman, 1948). In a laboratory incubation experiment, plant residues of soybean, 

corn, and vetch were found to enhance the mineralization of native soil N (Azam et 

al., 1993b). It was suggested for the first time that one of the benefits of applying N 

rich plant components could be the enhanced availability of soil N through ANI. In 

an earlier report using rice and wheat as indicator crops, enhanced mineralization 

of native soil N or ANI was considered as one of the major factors in enhancing 

crop yields following amendment of soil with leguminous green manures (Azam, 

1990). 

In a comparative study using 15N-labelled organic and inorganic N sources 

for rice, Azam (1990) reported a substantial ANI and suggested this to be one of 

the mechanisms whereby leguminous plant residues enhance plant growth. 

However, the crop varieties may vary in supporting ANI, the variation being 

attributable to root proliferation and the quality and quantity of rhizodeposits 

(Azam et al., 1991; Azam, 1992). Similarly, the extent of ANI may differ 

depending upon the stage of plant growth at which fertilizer N is applied. Ashraf 

and Azam (1998) reported significant differences in wheat varieties in exhibiting 

ANI that also differed due to time of N application. In another study, a significant 

correlation (r = 0.89) was observed between soil N uptake and dry matter yield of 

wheat (Azam et al., 1990) suggesting that factors affecting availability of soil will 

have an important bearing on crop production. Thus, amendment of soil with plant 

residues with a wide C:N ratio will retard plant growth mainly by reducing the 

availability of soil N rather than fertilizer N (Azam et al., 1993c). Similarly, the 

soil factors that affect the mineralization and thus, the plant availability of soil N 

will lead to a reduction in crop production. 
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Stimulation in root proliferation vis-à-vis root biomass has been suggested 

as the mechanism responsible for ANI (Hills et al., 1978). Sanchez et al. (2002) 

has reported an increase in the release of organic N from soil due to living roots. 

Sapozhnikov et al. (1968) provided a clear evidence for this in a split-root 

experiment. Some other studies, however, show that root biomass may not 

necessarily be responsible for enhanced N uptake as pruned and restricted roots 

may be equally effective (Andrews and Newman, 1970; Burns, 1980). 

Nevertheless, roots do exert a positive effect on the mineralization of soil N 

through increased microbial activities at the expense of rhizodeposits (Haider et al., 

1987; Zagal, 1994; Kuzyakov et al., 2000a). The presence of plant roots is reported 

to have a significant positive effect on soil microbial population (Barber and 

Lynch, 1977; Bazin et al., 1990; Curl and Harper, 1990; Qian et al., 1997). 

According to Kuzyakov (2000b) the maximum priming effect appears 

approximately at the same time as the maximum activity or amount of 

microorganisms. Indeed production of rhizodeposits is a direct root control of N 

mineralization (Clarholm 1985, a,b), the former being a significant energy inputs 

for the soil microbial community (Bakken, 1990; Texier and Billes, 1990). Whipps 

(1985) reported that in young corn grown under greenhouse conditions, 47-69% of 

the total C transferred to the roots could be lost in the form of rhizodeposits. Helal 

and Sauerbeck (1987) estimated that the amount of C released by corn roots from 

7-30 days after planting in pots was equivalent to >1000 kg ha-1. 

Laboratory incubation experiments by Azam et al. (1989 and 1993c) 

demonstrated an increase in the extractability and mineralization of native soil 

following addition of C and N in laboratory incubation experiments. Root-induced 

N mineralization has also been reported that may increase with the increase in root 

proliferation. In addition, a healthier root system will support higher level of 

biological nitrogen fixation leading to increased uptake of unlabelled N and hence, 

a positive real ANI. It would appear, therefore, that plants with a more proliferated 
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root system induce higher ANI and thus, higher root-induced N 

mineralization/availability. Leguminous plants with relatively less proliferated root 

system will in principle be less effective in causing ANI. However, the differences 

in the quality and quantity of root exudates will have a bearing on the extent of 

ANI. Leguminous plants with rhizodeposits having a narrow C:N ratio will be 

expected to show higher root-induced N mineralization. This is because of the fact 

that root exudates with a narrow C:N ratio may act as primers for degradation of 

existing SOM and thus, lead to increased nutrient availability (Grayston et al., 

1996; Laidlaw et al., 1996). Even non-leguminous plants differ in causing a 

priming effect. For example, Sanchez et al. (2002) reported a higher ANI in maize 

than wheat. They attributed the difference to qualitative and quantitative 

differences in root exudates. According to these authors, root-derived C may be 

relatively more important energy source for microbial activity under maize than 

under wheat. Merckx et al. (1987) reported that rhizodeposits of corn were 

incorporated into the microbial biomass to a higher degree than those of wheat. 

Since biomass is the labile and dynamic entity in soil, any differences due to crop 

type will be reflected in N mineralization and uptake. Wedin and Tilman (1990) 

found strong divergences of net N mineralization rates for five different grass 

species growing in initially identical soils confirming the potential for strong 

interactions between plant species and N cycling. Greater mineralization of soil N 

can thus, be inked to an increase in the mineralization of soil C. 

Contradictory reports have been made on the direct influence of roots on N 

mineralization, both positive and negative effects being shown (Molina and 

Rovira, 1964; Huntjens, 1971; Texier and Billes, 1990; Bottner et al., 1991; Haider 

et al., 1993; Qian et al., 1997). Similar contradictory reports are also available as 

regards the effect of plants on OM decomposition. Billes and Bottner (1981), 

Cheng and Coleman (1990) reported an increase in the rate of SOM decomposition 

in planted soil. In another study, Personeni et al. (2005) reported that the presence 
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of grass rhizosphere led to an increase in the decay rate of native C. However, a 

negative (Faber and Verhoef, 1991) and no (Harmer and Alexander, 1985) effect 

of plant roots have also been reported. The discrepancy suggests the diversity of 

soils, plant species and experimental methods and the complexity of plant-soil 

interactions and their influence on C and N dynamics. 

 

2. 7. Concluding remarks 

In spite of a great deal of studies on individual plants, a comparison has 

seldom been made for legumes and non-legumes to establish the relationship of 

differences in root growth/characteristics with those of N uptake from the soil. 

Some indirect information is available from previous reports that have involved a 

cereal crop to quantify N2 fixation in a legume using isotopic dilution techniques. 

More direct studies are, however, needed on comparative root growth and nutrient 

uptake in leguminous and non-leguminous plants. 

From the review of literature presented herein it would appear that one of 

the reasons for differences in the uptake of N from soil pools by leguminous and 

non-leguminous grain crops may be the quality and quantity of rhizodeposits as 

they affect soil N mineralization. However, comparative studies need to be 

conducted to elucidate the differences in root-induced mineralization of N vis-à-vis 

rhizodeposition. Similarly, it is desirable to compare the two plant types for their 

influence on mineralization of soil N through the so-called “priming” effect. 

Likewise, studies are needed to compare leguminous and non-leguminous plants 

for root-induced changes in rhizospheric microbial/biochemical processes.  
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CHAPTER 3 
MATERIALS AND METHODS 

 

Surface soil (0-15 cm) used in different studies was collected from 

experimental fields of Nuclear Institute for Agriculture and Biology (NIAB), 

Faisalabad, Pakistan. Before use, the collected soil was air dried and grinded to 

pass through 2mm sieve and thoroughly mixed. A representative sample of the soil 

(Lyallpur soil series; Soil Survey of Pakistan Reports, 1972) was subjected to 

physico-chemical analyses as described in Table 3.1. 

Details of several experiments which were conducted under laboratory and 

greenhouse conditions are given below. 

 

3.1. Root architecture/proliferation of different crop types 

In most of the experiments conducted, observations were recorded on root 

architecture and proliferation. However, one experiment was conducted 

specifically to study the effect of N on roots using a Plexiglas cassette (Fig. 3.1). 

The cassette was constructed such as to have channels for accommodating a single 

seed of wheat and chickpea. The channels contained an aqueous solution of agar 

(0.8%) supplemented with 0, 20, and 40 µg N mL-1 as NH4
+-N (as ammonium 

sulphate) or NO3
--N (as potassium nitrate). After solidification of the agar medium, 

individual seeds were placed in individual channels and the cassettes left under 

dark conditions for seeds to germinate. After seed germination, the portion of 

cassette containing roots was wrapped in a black cardboard cover to obstruct light 

and the seedlings were allowed to grow for seven days under optimum light 

conditions. The plants were removed from the cassettes and photographed. 

In experiments using sand or soil as the plant growth medium, entire plants 

were removed with sand/soil intact. The root portion was either photographed as 

such to study the rooting characteristics vis-à-vis root adhering sand/soil or they 

were thoroughly washed, appropriately spread, and photographed to visualize the 

differences.  
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Table 3.1. Physico-chemical characteristics of the soil used for the studies. 

 

Characteristics Unit Value

Organic C % 0.58 

Total N % 0.065

NH4
+-N mg kg-1 soil 3.1

NO3
- -N mg kg-1 soil 8.9 

Electrical conductivity (1:1)* dSm-1 0.78

pH (1:1)* 7.6

Sand % 30 

Silt % 31

Clay % 39

Textural class Clay loam 

Taxonomic class Typic Camborthids

*, 1:1 soil:deionized water (W/V) 
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3.2. Rhizodeposition 

3.2.1. Use of 14C pulse labeling technique 

Experiments were conducted on wheat/chickpea in winter (November-

January) and on maize/sesbania in early summer (April-June 2004) to study 

rhizodeposition at seedling stage using 14C pulse labeling technique. Uniform size 

seeds of wheat and chickpea were surface sterilized using ethanol (1-min shaking 

in ethanol followed by 3 rinses with sterile distilled water) and planted in filter 

paper sandwiches, which were placed in glass containers having quarter strength 

Hoagland solution (Arnon and Hoagland, 1940). Seven days after germination, 

three seedlings of each plant type were transferred to half strength Hoagland 

nutrient medium that was contained in 30 cm deep plastic pots (10 cm in diameter). 

The seedlings were held in polystyrene discs to allow continuous submergence of 

roots in the rooting medium. The rooting medium was aerated using an air 

distribution system that consisted of i) 20-mm diameter polyvinyl chloride (PVC) 

pipe with holes at regular intervals to accommodate tight-fitting silicon tubing (3-

mm diameter) and ii) a diaphragm pump to push the air through the rooting 

medium. This system provided sufficient aeration in the root zone to inhibit 

bacterial growth (Fig. 3.2). 

Seven days after transplanting the seedlings, the pots were transferred to a 

500 L polyethylene chamber (Fig. 3.3) provided with i) 14CO2 generator that 

consisted of a) a burette containing Na2
14CO3 (ca 140 μCi 14C), b) a magnetic 

stirrer c) a 250-ml beaker containing 50-ml lactic acid and d) a magnet bar, ii) a fan 

to facilitate mixing of newly generated 14CO2, iii) brass tubing through which 

chilled water was circulated to keep the chamber temperature at around 20-25 oC, 

iv) a glass trough containing a sheet of filter paper to be soaked in 10% NaOH 

solution for trapping residual 14CO2, and a silicone tube (the protruding end was 

plugged with a rubber bung) piercing through the polyethylene cover was left in 

the trough to be used for pouring NaOH solution after competing the pulse labeling 

protocol. Polyethylene chamber was tightly sealed after completing the interior 

setup. 
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For generating 14CO2, Na2
14CO3 (37 kBq 14C μL-1) was allowed to flow 

through the burette (stopcock was pre-adjusted such that the liquid flowed drop-

wise) into the lactic acid-containing beaker that was continuously being stirred. 

Efficiency of CO2 generation using such an arrangement is reported to vary 

between 70 and 95 % (Kuzyakov and Domanski, 2002). Enough Na2CO3 (labeled 

+ unlabeled) was decomposed to raise the level of chamber CO2 by about 100% to 

mitigate any adverse chamber effects on the rate of photosynthesis. The amount of 

14C introduced into the chamber was 2000 kBq, i.e. the chamber CO2-C would 

have a specific activity of about 13 KBq mg-1. After 24 hrs exposure to 14CO2 

atmosphere, 500-ml of 10% NaOH solution was allowed to flow into the trough 

that contained a sheet of filter paper to increase the surface area for absorbing CO2. 

After 4 hrs of this intervention that was meant to absorb the entire 14CO2, the 

chamber was dismantled. Filtre paper sheet was removed, shredded and allowed to 

stay in NaOH solution with continuous stirring (2 hrs.) followed by scintillation 

counting of an aliquot for 14C. Plants from 3 randomly placed pots were removed, 

weighed fresh, dried to a constant weight, and aliquots analyzed for 14C by wet 

oxidation followed by liquid scintillation counting. 

The rooting medium in the remaining pots was replaced with fresh half 

strength Hoagland solution and the plants were allowed to grow for another 7 days 

with continuous aeration of the rooting medium as described above. The plants 

were removed from the pots, weighed fresh (root and shoot portions separately), 

dried at 65 oC in paper sandwiches and preserved for 14C measurements. Entire 

volume of rooting medium was filtered, stored at -20 oC and freeze-dried. Portions 

of the freeze-dried material that contained rhizodeposits were subjected to analysis 

for total C and 14C. 
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       Fig. 3.1. Plexiglas cassette to observe rooting in wheat and chickpea. 

 

 

 

 

 

 

 

 

 

 
 

 
 
Fig. 3.2. System to grow plants with arrangement for aerating rooting medium.  
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Fig. 3.3. Pulse labeling setup. 
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3.2.2. Use of root adhering sand as an indirect measure of rhizodeposition 

This study was conducted to compare the effect of NH4
+ or NO3

- on i) 

growth characteristics of two varieties of maize with special reference to root 

development and relative water contents of root/shoot portions and ii) the amount 

and water holding capacity of rhizospheric sand that is found adhering to the roots. 

Sand was used as the rooting medium to avoid interference by compounds other 

than those released from the plants during seed germination and seedling 

development. The quantity of root adhering sand was used an indirect measure of 

rhizodeposits as affected by form of available N, i.e. NH4
+ or NO3

-. 

Four hundred g portions of acid-washed sand were filled in 500-ml plastic 

containers and brought to 15% moisture with deionized water. Five seeds of each 

maize variety (C-20 and C-77) were sown per pot. The stand was thinned out to 3 

seedlings pot-1 3 days after seed germination. After 5 days of germination, the pots 

were irrigated either with i) deionized water, ii) a solution of ammonium sulphate 

or iii) a solution of potassium nitrate. The solutions were prepared in such a way 

that the final concentration of N in the sand solution was either 50 or 100 mg L-1. 

 One week after exposing the plant roots to ammonium (NH4
+) or nitrate 

(NO3
-) nutrition, moisture level of the sand was brought to 15% with deionized 

water and immediately sand + plants were removed carefully from the pots as a 

whole. The shoot portion was separated, weighed fresh and then dried to a constant 

weight at 65 oC. Bulk of the sand was dislodged from the roots by gentle hand 

tapping taking care that no root breakage occurred. Roots along with the adhering 

sand were weighed as such and the weight designated as (a). The root-adhering 

sand (RAS) was then washed away with a pre-weighed quantity of water followed 

by repeated rinsing to completely remove the sand. The sand-water suspension was 

oven-dried at 105 oC and the dry weight of RAS determined. The weight of wet 

sand was calculated and designated as (b). Fresh weight of roots was determined as 

the difference of (a) and (b). This exercise eliminated the possibility of getting 
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inflated values of root fresh weight during washing. The washed roots were blotted 

and then dried to a constant weight at 65 oC. Tissue water contents was determined 

as: [(fresh weight – dry weight)/dry weight] and expressed as g g-1 dry matter. 

 

3.3. Root-induced changes in potential nitrification and nitrate reductase 

activity of the rhizospheric soil of wheat (Triticum aestivum L.) and 

chickpea (Cicer arietinum L.) 

This experiment was conducted to compare four varieties each of wheat and 

chickpea for i) Biomass accumulation, ii) inducing changes in nitrification and 

denitrification activities of the rhizospheric soil using potential nitrification and 

nitrate reductase (assimilatory/dissimilatory) activity as a measure of the two 

microbial processes, respectively, and iii) visualizing the implications of root-

induced changes in potential nitrification and nitrate reductase activity for nitrogen 

nutrition of the two plant types, i.e. leguminous (chickpea) and non-leguminous 

(wheat). 

Four varieties each of wheat i.e. U-2000, Inqlab, Chenab, and WL-1076 

and chickpea, i.e. 98004, P-2000, 90261, and 97086 were used in the study. 

Portions (500 g) of soil contained in plastic pots (9 x 20 cm; width x height) were 

fertilized with a solution of ammonium sulphate and potassium dihydrogen 

phosphate to obtain N, P and K concentration of 25, 25 and 32 mg kg-1 soil, 

respectively. Fifteen seeds of each variety of wheat and 8 of chickpea were planted 

per pot using triplicate pots for each variety. Triplicate pots were left unplanted to 

serve as control. After germination, the crop stand was thinned out to 10 and 5 

seedlings pot-1 in case of wheat and chickpea, respectively. This plant number was 

considered sufficient for achieving effective root distribution in the entire soil mass 

and to get good rhizospheric effect. Both planted and unplanted pots were weighed 

twice daily and the loss in weight made up by adding deionized water to maintain 

the moisture content of the soil to 15% (w/w) throughout the experiment period. 

The pots were placed in a netted house with day/night temperature of 20/14 oC, 40-
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52% relative humidity and photosynthetic photon flux density of 1450-1675 μmol 

m-2 s-1. 

 After 3 weeks of growth, the entire soil-plant system was removed from the 

pots as a column by gently tapping the pots. Before this exercise, however, it was 

ascertained that soil moisture content was about 13-14%, which was reasonable for 

removing root-adhering soil with the minimum root breakage. The soil adhering to 

the roots was removed by gentle tapping of the root system with hand. Total potted 

soil was considered as rhizospheric and that from the unplanted pots was taken as 

non-rhizospheric or bulk soil. In either case, the soil was passed through a 0.5 mm 

sieve and visible pieces of roots removed to the maximum extent. Aliquots of the 

soil were immediately subjected to determination of potential nitrification and 

nitrate reductase activity. The roots were washed free of remnant soil using 

running tap water and blotted. Fresh weight of both root and shoot portions was 

noted dry weight determined after keeping at 65 oC for 48 hrs.  

 

3.4.   Root-induced changes in some biological and biochemical characteristics 

of soil sown to wheat and chickpea  

This was an extension of the preceding study with a view to compare wheat 

and chickpea for root-induced changes in parameters like i) bacterial/fungal 

population of rhizospheric soil, ii) microbial biomass, iii) immobilization/loss of N 

applied as NH4
+ and NO3

-, iv) dehydrogenase and nitrate reductase (NRA), and v) 

potential nitrification activity (PNA). Immobilization-remineralization of N in the 

rhizosphere was taken as an indirect measure of the quantity of rhizodeposits, i.e. 

net immobilization of N will reflect the quantity and quality of the rhizodeposits. 

Experimental set up was the same as for the preceding study except that plants 

were harvested after 4 rather than 3 weeks. The photosynthetic photon flux density 

during the growth period ranged between 750 and 975 μmol m-2 s-1. Rhizosphere 

and non-rhizosphere soil was obtained as described in section 3.3. above.  
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The potential of rhizosphere and non-rhizosphere soil to immobilize and/or 

loose inorganic N was determined after moistening 20 g portions of relatively dried 

soil (10% moisture) by adding appropriate volumes of (15NH4)2SO4 and K15NO3 

(atom % 15N excess of 2.0211 and 2.0234, respectively) solutions so as to have a N 

concentration of 100 mg kg-1 and soil moisture content of 15% (w/w). The treated 

soil samples in triplicate were incubated at 30 oC for one week and extracted with 

100 ml of 2N KCl (60 min shaking on a reciprocating shaker followed by 

centrifugation at 5000 g). Supernatant was recovered and the residue washed twice 

with 25 ml of 1N KCl. All the KCl fractions were pooled and analyzed for NH4
+ + 

NO3
--N and 15N. The residual soil was freeze-dried and portions analyzed for total 

N and 15N. The proportion of applied N (expressed as per cent) in KCl-extracted 

residual soil (organic N) was attributed to N immobilization. Applied N not 

accounted for in organic and inorganic forms was assumed to be lost from the soil. 

 

3.5. Plant growth characteristics of wheat/chickpea and rhizospheric 

microbial functions as affected by rate of N application 

This experiment was conducted to compare wheat and chickpea in terms of 

i) biomass accumulation (especially root proliferation), concentration of different 

elements in root and shoot portions with emphasis on N uptake parameters, iii) 

water relations iv) nitrate reductase activity in the root and shoot portions, v) 

rhizospheric fungal/bacterial population and diversity. 

Three and half kg portions of the soil were weighed in 42 plastic pots. Half 

of the pots were sown to wheat and the remaining half to chickpea (5 seeds pot-1 in 

each case were pushed into the soil to a depth of 15 mm; upon germination, the 

stand was thinned to 3 seedlings pot-1. Soil in all the pots was irrigated with a 

solution of KH2PO4 to deliver P and K equivalent to 25 and 31 mg kg-1 soil and to 

bring soil moisture content to 20%. The pots were randomly placed in a 

greenhouse and irrigated with deionized water as required to maintain soil moisture 

level around 15% (v/w). 
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After 18 days of sowing, plants from triplicate pots of each crop type were 

harvested. The plants together with the entire soil were drawn out of the pots by 

gentle hand tapping. Bulk of the soil was removed from the root system by hand 

tapping, thoroughly mixed and a portion stored in the refrigerator for subsequent 

analyses (bulk soil). The shoot and root portions were cut apart and the latter fixed 

in the vibrating arm shaker to collect RAS following 1 minute shaking. The 

collected RAS was stored in refrigerator for subsequent analyses. Before storage, 

both bulk soil and RAS were sieved through 0.5 mm sieve and root debris removed 

to the maximum possible extent. The roots were washed free of remaining soil 

using tap water. The whole plants, especially the root portion, were blotted, 

weighed fresh and then dried at 65 oC. 

Soil in the remaining 18 pots of each plant type was irrigated with water or 

a solution of ammonium sulphate to create added N concentration of 0, 50 and 100 

mg kg-1 soil. Before applying N, soil moisture level in the pots was allowed 

maximum depletion avoiding plant wilting. This was considered essential to apply 

the maximum volume of the solution so as to achieve reasonably good distribution 

of added N in soil. Triplicate pots from each plant type and N level were harvested 

6 days after N application (second harvest). The remaining pots were harvested 

after another 8 days (third harvest). Processing was the same as described for the 

first harvest. Before harvesting the plants, relative leaf water content of the leaves 

was determined. 

The dried root and shoot portions were finely grinded and analyzed for 

organic C, total N, P, S, K, and Na. Calculations were also made for N use 

efficiency (ratio of biomass produced to N uptake) and root N uptake efficiency 

(ratio of N uptake to root biomass). Samples of RAS and bulk soil stored in the 

refrigerator were studied for i) moisture per centage, ii) microbial population, and 

bacterial diversity. 
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3.6. Mixed cropping effects on growth of wheat and chickpea 

This pot experiment was conducted to study the effect of mixed cropping on 

the growth of wheat and chickpea and nodulation in the latter. Six-kg portions of 

air-dried and sieved soil were filled in 27 plastic pots closed at the bottom and 

moistened to 15% (w/w) using a solution of KH2PO4 to obtain P and K addition 

rates of 25 and 31 mg kg-1 soil, respectively. Three sets of triplicate pots were 

sown to: i) wheat (CV WL-1076), ii) chickpea (CV Punjab-2000), and iii) wheat + 

chickpea mixture. In each case, 4 seeds were sown pot-1 and in case of 

intercropping 2 seeds of wheat and 2 of chickpea were sown pot-1. Triplicate pots 

from each set of nine were harvested 8, 10 (boot stage of wheat), and 17 (maturity) 

weeks after seed sowing. At the first harvest data were collected on i) fresh and dry 

matter of root and shoot portions of the two plant types and ii) green-ness of wheat 

leaves using Minolta Green-ness meter. At the second harvest data were collected 

on i) fresh and dry matter of root and shoot portions of the two plant types also 

collected on number and ii) number and weight of nodules. At maturity biomass 

distribution in root, straw, and grain portions was quantified and harvest index 

calculated. 

Tissue water contents (TWC; defined as the amount of water held per unit 

dry weight of root or shoot portions; g g-1) was calculated from the fresh and dry 

weight of root and shoot portions at first and second harvest. For the determination 

of root biomass, plants were removed from the pots along with soil and the latter 

was removed by gentle hand tapping. Moisture content of the soil was determined 

by drying an aliquot at 65 oC. Roots plus remnants of soil were weighed (a), rinsed 

in pre-weighed water and the weight of soil determined (b). Difference of (a) and 

(b) was taken as fresh weight of roots. This exercise precluded the error that could 

arise if the roots were weighed following rinsing with water to remove the soil. 

Care was also taken to establish a similar level of soil moisture (15%, w/w) in all 

the pots at the time of harvesting the plants. 
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3.7.  Root-induced mineralization and availability to plants of N in soil planted 

to sesbania (Sesbania aculeata L.) and maize (Zea mays L.) – effect of 

applied N 

In this experiment maize and sesbania were compared in terms of: i) biomass 

accumulation (especially root proliferation), concentration of different elements in 

root and shoot portions with emphasis on N uptake parameters, iii) water relations 

and iv) rhizospheric bacterial diversity, microbial biomass and functions. Three kg 

portions of the air-dried and sieved (>2 mm) soil were placed in 54 plastic pots (12 

cm diameter, 25 cm depth). Five seeds of sesbania and maize were pushed to a 

depth of 15 mm in the dry soil of 27 pots. A solution of potassium dihydrogen 

phosphate was prepared with or without ammonium sulphate in such a way that 

upon application to soil it should deliver: i) a uniform level of P and moisture (25 

mg P kg-1 soil and 20%, respectively) in all 54 pots and ii) a variable level of N 

(added as ammonium sulphate), i.e. 0, 50, and 100 mg kg-1 soil (9 pots for each N 

level for either of crop type). The pots were placed in a greenhouse and the plant 

stand thinned to 3 after 5 days of sowing. During 32 days of the experiment, 

temperature in the greenhouse varied from 35 to 44 oC and relative humidity from 

40 to 52%; photosynthetically active radiation as measured by CI-340 (CID, USA) 

was 894 µmols cm-1 sec-1. 

Triplicate pots were sacrificed 18, 24, and 32 days after seed sowing. The 

plants together with the entire soil were drawn out of the pots by gentle hand 

tapping of the latter. Bulk of the soil was removed from the root system by hand 

tapping, thoroughly mixed and a portion stored in the refrigerator for subsequent 

analyses (bulk soil). The shoot and root portions were cut apart and the latter fixed 

in the vibrating arm shaker to collect RAS following 1 minute shaking. The 

collected RAS was stored in refrigerator for subsequent analyses. Before storage, 

both bulk soil and RAS were sieved through a 0.5 mm sieve and root debris 

removed to the maximum possible extent. The roots were washed free of 
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remaining soil using tap water. The whole plants, especially the root portion, were 

blotted, weighed fresh and then dried at 65 oC. 

At 2nd harvest, i.e. 24 days after seed sowing, the pots immediately after 

watering were weighed to a 2 digit precision and the loss in weight noted after 

different time intervals during the day-night period. The purpose was to roughly 

compare the two plant types in causing the weight loss through transpiration plus 

evaporation. Since the biomass was also known it was possible to assess the extent 

of transpirational water loss per unit plant or shoot biomass assuming (albeit not 

realistic) that evaporation will be essentially similar due to root-induced and 

transpiration dependent downward movement of water. 

The dried root and shoot portions were finely grinded and analyzed for total 

N, P, S, K, Na, and C. Calculations were also made for N use efficiency (ratio of 

biomass produced to N uptake) and root N uptake efficiency (ratio of N gathered to 

root biomass). Samples of RAS and bulk soil stored in the refrigerator were studied 

for i) moisture per centage, ii) nitrate reductase activity, iii) dehydrogenase 

activity, iv) microbial biomass, and v) fungal/bacterial population and diversity. 

 

3.8.  Root-induced mineralization and availability to plants of N in soil planted 

to sesbania and maize following build up in soil of potentially 

mineralizable 15N 

A greenhouse experiment was conducted to compare maize and sesbania in 

terms of biomass accumulation (especially root proliferation) and efficiency of N 

uptake from potentially mineralizable pool with emphasis on root-induced N 

mineralization. Labeled pool of potentially mineralizable N was created in the soil 

to facilitate the determination of root-induced mineralization and plant uptake of 

N. 

Sixty kg of air-dried and sieved (<2 mm) soil was placed in six plastic tubs 

(10 kg tub-1) and moistened to 15% (w/w) with a solution of sucrose and 15N-

labelled ammonium sulphate (4.123 atom % 15N). The concentration of the two 
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ingredients in the solution was adjusted such that 1500 mg C and 50 mg N were 

added kg-1 soil (C:N ratio of the added material being 30). The treated soil was 

placed at 25 oC and the moisture content maintained by regularly weighing and 

making up the weight loss with distilled water. At weekly intervals during 5 weeks 

of incubation, the soil samples were given 0.1% sucrose in aqueous solution to 

maintain mineralization-immobilization cycling of N. During the 5th week, aliquots 

of soil were analyzed daily for the determination of mineral N. Only traces of 

mineral N were recorded. The soil was air-dried for 30 h and sub-samples analyzed 

for i) total N, ii) potentially mineralizable N, and iii) isotopic composition of both 

the N pools. The bulk soil was used in the plant growth experiment. 

Three kg portions of the air-dried and sieved (>2 mm) soil were placed in 

18 plastic pots (12 cm diameter, 25 cm depth). Five seeds of sesbania and maize 

were pushed to a depth of 15 mm in the dry soil of 9 pots and a solution of 

potassium dihydrogen phosphate added to bring the soil moisture content to 15% 

(w/w) and P addition level of 25 mg kg-1 soil. The pots were placed in a 

greenhouse and the plant stand thinned to 3 after 5 days of sowing. During 5 weeks 

of the experiment, temperature in the greenhouse varied from 33 to 42 oC and 

relative humidity from 30 to 40%; photosynthetically active radiation (PAR) as 

measured by CI-340 (CID, USA) was 850 µmols cm-1 sec-1. Triplicate pots were 

sacrificed 3, 4, and 5 weeks after sowing. The plants were removed from the pots 

together with the soil and the latter was washed away using a stream of water. The 

plants were immediately blotted, root and shoot portions separated, and subjected 

to the determination of fresh and dry weight (at 65 oC in a hot air oven). Water 

contents was calculated as per cent of the dry matter in root or shoot portions. 

3.9. Organic amendment accelerates nitrification in soil – an indirect 

evidence that plant growth affects rhizospheric microbial functions 

Objective of this experimentr was to study the effect of low and normal 

levels of CO2 in the incubation vessels on the process of nitrification. For 
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nitrification to occur, availability of NH4
+ is the necessary prerequisite. It is 

known, however, that the predominant nitrifiers, i.e. Nitrosomonas and Nitrobacter 

use CO2 as a sole source of C. Hence, any agricultural management practice 

(including organic matter amendment and rhizodeposition/rhizorespiration) that 

leads to enhanced availability of CO2 is expected to favour the process of 

nitrification. This experiment will provide indirect evidence that CO2 resulting by 

any means will affect the process of nitrification. 

Portions of soil (50 g) were placed in 54 plastic jars (250-ml capacity, 7.5 

cm diameter, and 10 cm height). Three sets of 18 jars each received powdered 

wheat straw at 0%, 0.1%, or 0.2% that was thoroughly worked out with the soil. 

Soil in all the jars was moistened to 15% (w/w) with a solution of (NH4)2SO4 to 

achieve NH4
+-N level in soil of 200 mg kg-1. Nine jars from each set of 18 were 

provided with a setup to trap CO2. The setup consisted of a plastic cups (3 cm 

diameter) containing 10 ml 10% NaOH solution and a rolled piece of filter paper 

(2 cm diameter, 5 cm height) to enhance the surface area for more efficient 

absorption of CO2 in NaOH. The absorbing surface was 3 times higher with than 

without the rolled filter paper (data not shown) thereby ensuring almost complete 

absorption of CO2. In some other related studies dealing with denitrification 

(unpublished), it was possible to maintain almost CO2-free conditions in the 

headspace of 250-ml serum bottles using NaOH traps. However, no attempt was 

made to ascertain the level of CO2 in the present study. The jars were closed with a 

perforated lid to allow for gaseous exchange and incubated for 20 days at 30±2°C. 

The loss of moisture during incubation was made up with distilled water. 

 Triplicate jars were removed at 1, 3, and 5 days of incubation from each set 

(i.e. those with or without the arrangements for trapping CO2) for the 

determination of NH4
+ and NO3

-+ NO2
--N content of the soil [a maximum of 5 

days incubation was considered sufficient in light of the previous experiences 

showing almost complete nitrification during this time]. The cups were removed 



 48

from the jars, the soil thoroughly mixed and 20-g portions extracted with 50 ml 1N 

KCl solution by shaking for 1 h on a reciprocating shaker. The suspension was 

suction-filtered through Whatman no. 4 filter paper followed by two washings of 

residual soil with 20 ml aliquots of water. The combined filtrate was analyzed for 

NH4
+ and NO3

-
 + NO2

--N (referred to as NO3
--N hereafter) by the micro-Kjeldahl 

method (Keeney and Nelson, 1982). 

 

3.10. Analytical methods 

3.10.1. Particle-size analysis 

The particle size analysis was done by Buoyoucos hydrometer method (Gee 

and Bauder, 1986). Aliquot of an air-dried and sieved soil sample (40 g) was taken 

in a beaker to which 100 mL of 2% sodium hexa-metaphosphate solution were 

added. After 18 hours, the suspension was shaken for 10 minutes and then volume 

was made to 850 mL with deionized water. The initial temperature (t1) and 

hydrometer reading (h1) of the suspension were noted after 4.5 minutes and final 

temperature (t2) and hydrometer reading (h2) were noted after 120 minutes. The per 

centage of clay, silt and sand were calculated by the following equations: 

 % Clay = (h2 + t2) x 100/soil weight (g) 

 % Silt = (h1 + t2)- (h1 + t1) x 100/soil weight (g)  

 % Sand =100 – (%clay + % Silt) 

Textural class was determined using international textural triangle. 

3.10.2. Saturation per centage 

Method (10-2.3) described in USDA Handbook 60 (Richards, 1954) was 

used for the determination of saturation per centage of the soil. 

 

3.10.3. pHs and electrical conductivity (ECe) 
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Method (21a) described in USDA Handbook 60 (Richards, 1954) was used. 

The pH was determined with pH meter (EIL 7015) and ECe with conductivity 

meter (Hanna HI 8733). 

 

3.10.4. Determination of organic C in soil, plant and liquid samples 

Colorimetric method described by Rhiem and Ulrich (1954) with 

modification proposed by (Azam and Sajjad, 2005) was used for the determination 

of organic C. Briefly, aliquots of the test sample in triplicate containing about 5 mg 

C were taken in 100 mL beakers to which 8 mL concentrated H2SO4 and 5 mL of 2 

N K2Cr2O7 solution were added. One mL of a standard solution of glucose (5 mg C 

mL-1) in triplicate to serve as reference and a control set containing only H2SO4 

and 5 mL of 2 N K2Cr2O7 solution were also prepared. The samples were heated in 

a microwave oven for 90 sec. and the volume made to 50 mL with distilled water. 

The samples containing soil were centrifuged for 10 min at 4000 rpm to obtain a 

clear supernatant. Optical density (OD) of the samples was measured at 590 nm 

using Spectronic-21 (Bausch and Lomb). Calculations for C content were made 

against a glucose standard that contained 5 mg C mL-1 using the expression: 

 

mg C in the sample = [OD of the sample x mg C in the glucose standard / 

                                   OD of the standard] 

 

3.10.5. Determination of total N in soil and plant samples 

Micro-Kjeldahl digestion distillation procedure (Bremner, 1996) was 

followed for the quantification of total N in soil and plant samples. Appropriate 

quantities of plant samples containing approximately 2-3 mg N were digested in 

conc. H2SO4 on a heating block using a mixture of K2SO4, CuSO4, and Se 

(100:10:1) as catalyst. The digests were distilled and the distillate collected in 5 

mL of a boric acid indicator solution. The distillates were titrated against 0.01 N 

H2SO4. The content of N in the distillate was calculated as: 
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       mg N in sample = mL of 0.01N acid used x 0.14 

 

For the determination of total N (including NO3
-+NO2

--N) in soil, aliquots were 

digested with conc. H2SO4 containing 2.5% salicylic acid instead of H2SO4 alone 

with 1 hour heating at 100 oC. Rest of the procedure was the same as described for 

N content of plant samples. 

 

3.10.6. Determination of NH4
+-N and NO3

-+NO2
-- N in soil 

Mineral N was determined as described by Keeney and Nelson (1982). Five 

g of soil sample was shaken for one hour with 50 mL of 2 N KCl in a 100 mL 

narrow mouthed plastic bottle. After shaking, the bottles were allowed to stand for 

one hour. In 20 mL of filtrate taken in distillation flask, 0.2 g of MgO (pre-heated 

for 5-6 hrs at 500 oC) was added and the flask was attached to the steam distillation 

unit. The distillate was collected in 5 mL of 2% boric acid indicator solution until a 

volume of about 40 mL was obtained. The distillate containing NH4
+-N was saved 

for titration. The flask was detached from the distillation unit and allowed to cool. 

Devarda’s alloy was then added (0.1g flask-1) and distillation carried out to obtain 

NO3
--N+NO2

--N. The distillates were titrated against 0.002 N H2SO4. The nitrogen 

content in the sample was calculated by using the formula:  

 

    mg N in sample = mL of 0.002 N acid used x 0.028 

 

3.10.7. Potentially mineralizable N in soil 

Method described by Waring and Bremner (1968) was followed for the 

determination of potentially mineralizable N with some modifications as described 

by Sajjad et al. (2003). Briefly, 20 g portions of soil in tightly sealing test tubes 

were incubated under submerged conditions with 25 mL of 1N KCl solution for 2 
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weeks. The entire contents of a tube were transferred into the distillation flask and 

analyzed for NH4
+-N and NO3

--N as described earlier. Determinations were also 

made on separate un-incubated samples. The difference in NH4
+-N content of 

incubated and un-incubated samples was taken as potentially mineralizable N. 

 

3.10.8. Nitrogen isotope ratio analysis 

In experiments where 15N-labelled nitrogenous source was added to the soil 

for studying plant uptake of N from different sources and/or transformations of N 

in soil, the distillates obtained from 3.10.5., 3.10.6., and 3.10.7. above were 

subjected to N isotope ratio analysis on a mass spectrometer (VG Isogas fitted with 

a double inlet system and having a sensitivity of 0.001%) using methods described 

by Buresh et al. (1982) and Mulvaney et al. (1997). To cut short, the distillates 

were acidified with 1 M H2SO4 (0.1µL µg-1 N), concentrated to 1 mL at 90 oC on a 

hot plate, and appropriate volumes (containing about 2 mg N) subjected to N 

isotope ratio analyses using KOBr as alkalizer. Calculations for per cent N derived 

from applied fertilizer (% Ndff) and amount of N derived from fertilizer were 

made using the equations described by Rennie et al. (1978):  

 

         % Ndff = [(atom % 15N excess of the sample/atom % 15N excess of the  

                         added fertilizer] x 100 

         mg Ndff = [%Ndff/100] x mg N in a particular pool e.g. soil or plant part 

 

In some studies contribution of biological N2 fixation to the total plant N was also 

determined. In this case, non-leguminous crop served as a reference and both 

leguminous and non-leguminous crops were given 15N-labelled fertilizer. Isotope 

ratio analyses of the samples were performed as described above. In both legume 

and non-legume, per cent N derived from fertilizer was determined as: 
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%Ndff = [(atom % 15N excess of the sample/atom % 15N excess 

               of the added fertilizer] x 100 

 

In the non-legume, N derived from soil was calculated as:  

                                               %Ndfs = 100 - %Ndff 

 

In the legume, % N derived from atmosphere through fixation (Ndfa) was 

calculated as: 

                                      100 – [% Ndff + %Ndfs] 

Amount of N derived from different sources was calculated as: 

 mg Ndff = [(%Ndff/100) x total plant N in mg] 

 mg Ndfs = [(%Ndfs/100) x total plant N in mg] 

 mg Ndfa = Total plant N in mg – [mg Ndff + mg Ndfs] 

 

To calculate 15N excess, natural abundance was taken as 0.3663 (Junk and Svec 

1958). 

 

3.10.9. Determination of Na, K, P, and S in soil and plant samples 

Methods described by Tandon (1993) were followed for the determination 

of Na+, K+, and S in soil and plant samples. For P, method described by Chapman 

and Pratt (1961) was used. 

 

3.10.9.1. Digestion of samples 

Aliquots of plant samples (0.1 g) were subjected to wet digestion. The 

samples were taken in 100-mL conical flasks to which 10 mL of a mixture of nitric 

acid and perchloric acid (9:4 ratio) was added. The mix was digested on a hotplate 

at 220-230 oC until the solution was clear and the volume reduced to about 1 mL.  
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Volume of the digest was made to 50 mL with distilled-deionized water for further 

analyses. 

 

3.10.9.2. Determination of Na+ and K+ 

Aliquots of the digest from 3.10.9.1. were subjected to flame photometric 

determination of Na+ and K+ using Jenway PFP flame photometer. A standard 

solution of 0 and 10 ppm was used to obtain final concentrations of the two 

cations. Per cent Na+ or K+ in the plant sample was calculated followed by the 

determination of total amount in the plant material. 

 

3.10.9.3. Determination of S 

Aliquot (10 mL) from 3.10.9.1 above were pipetted into 25 mL volumetric 

flasks followed by the addition of 1 mL 6N HCl and 1-mL 0.5% gum acacia 

solution. After mixing the contents, 0.5-1.0 g of BaCl2 crystals were added and 

volume made to 25 mL. Turbidity was measured at 420 nm using Spectronic 21 

(Bosch and Lomb) and % S calculated against a standard curve based on solutions 

containing 0, 4, 8, 12, 16, and 20 ppm S as K2SO4. Following expression was used 

to calculate % S: 

   [Reading on the spectrophotometer/4] x [(100/vol of sample)] x 100/1000000 

 

3.10.9.4. Determination of P 

Colorimetric method of Chapman and Pratt (1961) was used for the 

quantification of P in plant samples. 5 mL aliquots from 3.10.9.1 above were 

pipetted into 25 ml volumetric flask followed by addition of 10 mL of 

vanadomolybdate reagent. Swirling of the contents for a few seconds followed by a 

waiting time of about 30 minutes led to the development of colour. Optical density 

was measured at 420 nm using Baush and Lomb Spectronic-21. A standard curve 

using maximum P concentration of 5 ppm was employed for final calculations 
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leading to the determination of % P in plant samples. [OD x 17.5] will give ppm 

values. These values are put in the equation: 

                            ppm/wt of samples x 100/aliqut taken x final vol /10000 

For example 0.1118 g sample digested and made to volume 25 mL had an OD of 

0.064 

 

3.10.10. Dehydrogenase activity in soil and plant samples 

Method described by Friedel et al. (1994) was followed for the 

determination of dehydrogenase activity. In the 3 g moist soil or appropriate 

amounts of shoot and root samples, 1 mL of glucose solution (30 mg L-1) and 0.5 

mL of 3% solution of 2,3,5 triphenyl tetrazolium chloride (TTC) was added and 

volume was made to 5 mL with 0.1 M Tris buffer (2.42 g of Trizma dissolved in 

200 mL of distilled water; pH 7.6-7.8). A control was also kept containing glucose 

solution and tris buffer but without the substrate. After mixing thoroughly, samples 

were incubated at 37 oC for 24 hours followed by centrifugation. The supernatant 

was transferred to a flask containing 10 mL of acetone. After shaking for ½ hr, the 

samples were centrifuged at 4000 rpm for 10 minutes and absorbance was noted at 

485 nm on spectrophotometer (Spectronic-21, Bausch and Lomb). A correction 

factor (c.f.) was calculated by dividing different concentrations (ppm) of 1,3,5-

triphenyl tetrazolium formazan (TPF) with absorbance. Unit of activity was g 

formazan formed g-1 soil 24hr-1 and calculated by using the formula: 
 
  g formazan formed g-1 soil (plant material) 24hr-1 =      cf. x 100 x volume made x O.D 

                 Weight of moist soil x % dry matter 

 

3.10.11. Urease activity in soil 

Urease activity in soil was measured following method described by 

Pancholy and Rice (1973). Briefly, 0.5 mL toluene was mixed with 5 g moist soil. 

After 15 minutes, 10 mL of phosphate buffer (17.85g KH2PO4 per 500 mL added 

to 500 mL solution of K2HPO4 containing 20.66g of the salt, pH 7.6) and 10 mL of 
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10% urea solution was added. The reactants were incubated at 30 oC for 24 hrs, 

followed by shaking for 15 minutes with 15 mL of 1 N KCl solution. After 

filtration, 5 mL of the filtrate were analyzed for NH4
+-N by steam distillation 

according to Kjeldahl method (described earlier). Urease activity was expressed as 

µg NH4
+-N g-1 dry soil 24 h-1. 

 

3.10.12. Cellulase activity in soil 

Method described by Pancholy and Rice (1973) was followed. Toluene 

treated samples (as described for urease) were mixed with 10 mL of 0.5 M acetate 

buffer (solution of 15.72 mL acetic acid and 34.02 g of CH3COONa in 1L flask 

containing deionized water, pH 5.9) and 10 mL of 1% carboxy methylcellulose 

(CMC). In control the substrate CMC was not added. After incubation at 30 oC for 

24 hrs, samples were centrifuged at 4000 rpm for 20 minutes. The supernatant was 

filtered and aliquots were analyzed for reducing sugar using DNS method of 

Gascoigne and Gascoigne (1958). Cellulase activity was expressed as mg reducing 

sugars g-1 dry soil 24 hr-1. 

 

3.10.13. Invertase activity in soil 

The method described by Schinner and von Mersi (1990) was followed. 

Five g portions of moist soil in triplicate were taken in 100 mL Erlenmeyer flasks. 

In 2 of the flasks 15 mL of 3.5 mM sucrose solution (substrate) and 15 mL of 

acetate buffer (2 M, pH 5.5.) were added; in the third flask (control) only buffer 

was added. The flasks were stopperred and incubated for 3 h at 50 oC. After 

incubation 15 mL of substrate solution was added to the control flask, all the flasks 

shaken briefly and the contents filtered. Aliquots of the filtrate (0.5 mL) were 

processed for the determination of reducing sugars as described in the next section. 

Invertase activity was expressed as µg of glucose equivalent g-1 dry soil 24 h-1.  
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3.10.14. Determination of reducing sugars resulting from enzyme action 

Reducing sugars resulting from cellulose and invertase action were 

measured by a colorimetric method (Gascoigne and Gascoigne, 1958). To 5 mL of 

the filtrate, equal amount of DNS solution (3,5-dinitrosalicylic acid) were added 

and left in boiling water for 5 min, the samples were quickly cooled and after 

centrifugation at 4000 rpm for 10 minutes, absorbance was noted at 550 nm on 

Spectronic 21. Sugar content was calculated against a standard curve developed 

from different concentrations of glucose. Unit of activity was defined as mg 

glucose released g-1 soil 24 hr-1. 

DNS reagent was prepared by dissolving 128 g sodium potassium tartarate, 

10 g sodium hydroxide, 10 g DNS, 2 g phenol, and 0.5 g sodium sulphate in water 

and making the volume to 1L. The reagent was always kept refrigerated. 

 

3.10.15. Potential nitrification in soil samples 

Aliquots of moist soil were subjected to determination of potential 

nitrification activity as described by Kandeler (1996). To triplicate 5 g portions of 

soil weighed in 100 mL Erlenmeyer flask was added 20 mL of substrate working 

solution (1 m M ammonium sulphate) and 0.1 mL of 1.5 M sodium chlorate. Two 

flasks were incubated on a rotary shaker at 30 oC for 5 h and the third replicate 

flask was kept at -20 oC for a similar duration.  The frozen blank sample was 

thawed and to all samples was added 5 mL of 2 M potassium chloride followed by 

mixing and filtration. For colorimetric determination of NO2 in the incubated 

samples, 5 ml of filtrate was taken in test tubes to which was added 3 ml of 

ammonium chloride buffer (0.19 M, pH 8.5) and 2 mL of colour reagent [2 g 

sulfanilamide and 0.1 g of N-(1-naphthyl)-ethylenediamine hydrochloride in 150 

mL water] followed by addition of 20 mL conc. Phosphoric acid and making up 

the volume to 200 mL]. The contents were mixed and left for 15 min at room 

temperature. Optical density of the reactants was taken at 520 nm. 
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 The content of NO2 in the samples was determined against a standard curve 

prepared by treating 5 mL of the standard solutions (0, 0.2, 0.4, 0.8, and 1 µg NO2-

N mL-1 using NaNO2) as described for sample filtrates and taking the optical 

density at 520 nm. Potential nitrification was taken as expressed as µg NO2-N 

released g-1 dry soil 5 h-1. 

 

3.10.16. Nitrate reductase activity in soil and plant samples 

Method described by Kandeler (1996) was followed for the determination 

of nitrate reductase activity. Five g soil samples were weighed in triplicate screw-

capped test tubes followed by addition of 4 mL 0.9 mM 2,4-dinitrophenol 

(inhibitor of nitrite reductase), 1 mL of substrate solution (25 mM KNO3) and 5 

mL of distilled water. The tubes were capped, 1 tube (control) placed at -20 oC and 

2 were incubated at 25 oC for 24 h. The control sample was thawed and 10 mL of 4 

M KCl solution added to all tubes followed by immediate mixing and filtration. 

For the colorimetric determination of NO2
- in the incubated samples and control, 5 

mL of filtrate was treated as described for potential nitrification followed by 

measurement of optical density at 520 nm. The amount of NO2
--N was determined 

against a standard curve as described above and nitrate reductase activity expressed 

as µg NO2
--N released g-1 dry soil 24 h-1.  

 

3.10.17. Microbial population in the root zone 

Bacterial and fungal population was determined using dilution plate method 

of (Booth, 1971). One-gram portions of soil were suspended in 100 mL sterilized 

distilled water followed by serial dilutions to 10-3 and 10-4 (for fungi) and 10-5 and 

10-6 (for bacteria). Malt extract agar medium (2% malt extract + 2% agar in 

deionized/distilled water) was used as the plating medium; incubation temperature 

being 30 oC. Bacterial counts were taken after 24-48 hours and fungal counts after 
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4-5 days of plating. The results were presented as colony forming units per g soil. 

Both rhizospheric and bulk soil was studied for microbial counts. 

 

3.10.18. Rhizospheric bacterial diversity 

Plants with intact root system were recovered from the pots and excessive soil 

was removed from the roots by gentle hand tapping followed by agitation for 5 

minutes on a wrist-arm shaker (Gouzou et al., 1993) to free the roots from non-

adhering or loosely adhering soil. The soil left on the roots after shaking was termed 

as RAS. The shoot portion was then separated and the roots along with RAS 

thoroughly washed in known volume of deionized autoclaved water under aseptic 

conditions. An aliquot of the soil-water suspension was subsequently used for 

studying bacteria both quantitatively as well as qualitatively. 

For bacterial studies on rhizosphere soil, 1 mL aliquots of the RAS 

suspension in water obtained above were serially diluted and 0.1 mL of the 10-4, 10-5 

and 10-6 dilutions spread onto triplicate plates containing nutrient agar. The 

inoculated plates were incubated at 30 oC and bacterial enumerations made after 48 

hrs. The results were expressed as colony forming units (cfu) g-1 sample (as a 

measure of population density) and cfu in the total weight of sample (as a measure of 

total population being supported). Based on visual and stereomicroscopic 

observations, bacterial colonies were grouped and numbered for subsequent 

isolation/identification and to get a rough idea of predominant bacteria by frequency 

determinations expressed as per cent of total cfu plate-1. A minimum of 5 colonies 

plate-1 was considered to form a group. This approach would disregard bacterial 

strains showing >5 cfu plate-1. 

The isolated and purified bacterial strains were identified using API 20NE 

strips (bioMerieux). The strips representing 49 substrates were inoculated with 

bacterial suspension and observed for a positive change after recommended period. 
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The data obtained were submitted to the specific database and the bacteria were 

identified by numerical taxonomy giving a range of per centage identification. 

 

3.10.19. Microbial biomass in soil 

Microbial biomass N was determined by the chloroform-fumigation 

extraction method of Witts et al. (2000). Briefly, 35 g aliquots of moist soil were 

weighed in six replicate glass bottles. In three of the bottles 1 mL of CHCl3 was 

added and mixed thoroughly with a spatula so as to spread it along the walls of the 

bottle. The bottles were air-tightly capped and left overnight for CHCl3 to diffuse 

into the soil matrix. Bottles without CHCl3 were treated the same way. 

Subsequently, the caps were removed and CHCl3 was allowed to evaporate for 30-

40 minutes in a fume hood. The contents of fumigated and unfumigated bottles 

were extracted with 0.5 M K2SO4 (30 minutes shaking followed by centrifugation) 

and the extract analyzed for Kjeldahl-N (Bremner, 1996). Microbial biomass N 

was calculated as: 

BN = F/k 

where F is the K2SO4-extractable Kjeldahl N in fumigated minus that in 

unfumigated soil and k is a constant the value of which was taken as 0.54 (Brookes 

et al., 1985). 

 

3.10.20. Determination of 14C 

For the determination of 14C in any sample, aliquots were combusted in a 

biological oxidizer followed by liquid scintillation counting using Packard Tricarb 

LSC-4550 (counting efficiency, 94%). Specific activity of the rhizodeposits was 

measured as kBq 14C g-1 C. 

3.10.21. Greenness of leaves 
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Greenness of leaves was measured using Minolta Greenness meter (Minolta 

SPAD 502). The units on the meter were used to compare greenness of leaves as 

an indirect measure of chlorophyll content. 

 

3.10.22. Relative leaf water content 

Method described by Turner (1981) was followed for the determination of 

relative leaf water content (RWC). Ten cm discs (10 in number) cut from a freshly 

plucked leaf with a cork borer were weighed fresh and placed in distilled/deionized 

water in the Petri plates with lower leaf surface facing water. The plates were kept 

overnight in a refrigerator (4 oC) followed by removal and blotting of leaf disks. 

The blotted pieces were weighed to obtain turgid weight and RWC calculated as 

follows: 

 
RWC = (fresh weight - dry weight) / (turgid weight - dry weight) x 100 

 

3.10.23. Tissue water contents of root and shoot portions 

This parameter was considered as a measure of the capacity of specific 

plants or plant parts to maintain tissue water contents (TWC) under different 

growth conditions. It was determined by using the formula: 

        TWC = (Fresh weight – dry weight)/dry weight 

 
 
 
 
 
 
 
 
 
 
 
 

CHAPTER 4 
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RESULTS AND DISCUSSION 
4.1. Results 

Several experiments were conducted using two leguminous (sesbania and 

chickpea) and two non-leguminous (wheat and maize) test plants. Some supporting 

studies were also conducted. One or more varieties of each crop type were used in 

a given experiment and accordingly mentioned at appropriate places. Results 

obtained are described in the ensuing paragraphs. 

 

4.1.1. Root architecture/proliferation in different crop types 

4.1.1.1. Wheat and chickpea 

Root proliferation and branching was fairly different in the two plant types 

(Fig. 4.1). Roots in chickpea were thick with fair degree of branching and those in 

wheat were thin and fibrous and did not show significant branching during seven 

days of growth period. Presence of both NH4
+ (Fig. 4.1) and NO3

- (Fig. 4.2) had a 

negative effect on the root proliferation of both wheat and chickpea. 

The negative effect was more severe in case of chickpea and at highest 

NH4
+-N level (40 mg L-1), root growth was highly stunted with significantly low 

secondary branching. In wheat, NH4
+ had a negative impact at 40 mg L-1. At 20 mg 

L-1, root length and secondary branching improved considerably. Presence of NO3
- 

in the rooting medium at either level significantly inhibited the development of 

secondary roots in wheat but root elongation was improved. When both NH4
+ and 

NO3
- were applied in the rooting medium at 0, 20, and 40 mg L-1 of NO3

- -N, the 

response was fairly different although the two plant types different in basic root 

architecture (Fig. 4.3). Root proliferation in chickpea showed only a slight 

decrease at 40 mg N L-1. At 20 mg N L-1, the root growth was better than in the 

absence of N. In wheat, however, immense increase in root proliferation was 

observed at 40 mg N L-1 with no to negligible change at 20 mg N L-1. 
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Fig. 4.1. Roots of wheat and chickpea (arranged alternately) grown at NH4
+-N 

concentrations of 0, 20, and 40 mg L-1 (arranged from left to right).  

 

 

 

 

 

 

 

           

 

 

 

 

 

 

 

 

 Fig. 4.2. Chickpea and wheat grown at NO3
--N concenration of 0, 20, and 40 mg 

L-1; concentrations increase from left to right. 

 

 

In this study, the rooting medium contained different concentrations of N as 

NH4
+ or NO3

-. Thus, the difference due to form and quantity of N and seed size 

Chickpea Wheat
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(seed reserves) became very obvious. Chickpea seeds being several times in weight 

than wheat seeds led to development of healthier seedlings and the root portion 

appeared to benefit the most. However, the two plant types differed in response to 

the level and form of N. It may be possible therefore to manipulate root growth 

through regulating the supply of NH4
+ and NO3

- in the rhizosphere. 

In a pot experiments where chickpea and wheat were grown together plants 

harvested at boot stage showed an interesting situation (Fig. 4.4). When chickpea 

was intercropped with wheat, the latter had a highly negative impact on the growth 

of the former. Both root and shoot portions of chickpea were poorly developed 

while wheat appeared to benefit from the companion. Apparently, wheat may have 

exerted an allelopathic effect on chickpea; an observation worth detailed 

investigations. 

Fig. 4.5 compares four varieties each of wheat (U-2000, Inqlab, Chenab and 

WL-1076) and chickpea (98004, P-2000, 90251 and 97086) that were grown in 

soil for four weeks. Inter-varietal differences in root proliferation were obvious. 

However, the roots in wheat were more fibrous than those of chickpea and a 

greater proportion of the root mass was restricted to upper half. However, a greater 

number of roots penetrated in deeper soil layers in wheat compared to chickpea. 

Fig. 4.6 compares roots of wheat and chickpea in terms of root adhering sand 

following two weeks of plant growth in sand and soil. The two plant types showed 

a clear difference in binding sand to the roots. Apparently, the wheat roots either 

release aggregation/adhesion macromolecules in significant quantities leading to 

adherence of sand particles to the surfaces and their entrapment between the root 

hairs. Chickpea roots were almost clear of sand particles. The property of 

producing exopolysaccharides and the subsequent adherence of sand (or soil when 

this is the rooting medium) has significance for dynamics of microbial population 

as well as different microbial functions vis-à-vis soil structuring. Thus, the two 

plant types will have a different influence on the rhizospheric activities. 
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Fig. 4.3. Chickpea and wheat grown at NH4
++NO3

--N concentrations of 0, 20, and 

40 mg L-1; concentrations increase from left to right. 

 

 

 

 

 

 

 

 

 

 

Fig. 4.4. Mix cropping effect on root and shoot development of chickpea and 

wheat. 
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   Fig. 4.5. Comparison of rooting in 4 varieties of wheat and chickpea. 

 

 

 

 

 

 

 

 

 

Fig. 4.6. Comparison of root adhering sand (left) and soil (right) in wheat and 

chickpea 

 

 

 

 

4.1.1.2. Maize and sesbania 
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Fig. 4.7 shows well spread-out roots of maize and sesbania grown for 2 

weeks using potted sand as the rooting medium. The figure also shows the shape 

that roots assume in a shallow round pot (10 cm dia). Root proliferation and 

branching in sesbania was highly restricted as only seed reserves were being 

utilized. Maize grain having several times higher reserves led to the development 

of bigger root system. There were basic differences in rooting characteristics of the 

two plant types. Maize roots were highly fibrous and branched and those of 

sesbania were fairly restricted with the minimum branching. 

 Unlike wheat and chickpea, root proliferation even after 3 weeks of growth 

was immense, maize showing relatively more proliferated root system (Fig. 4.8). 

Nitrogen application had somewhat negative effect in both the crops, the effect 

being more severe in case of sesbania. After 3 weeks (first harvest), maize roots 

appeared to have less dense but more elongated at the both 50 and 100 mg N kg-1 

soil. Root growth of sesbania was substantially reduced at N level of 100 mg kg-1 

soil. The negative effect of N on root proliferation appeared to persist throughout 

and even after 5 weeks, the root mass in both the crops appeared lower at 100 mg 

kg-1 soil than at 0 or 50 mg kg-1 soil (Fig. 4.9 and 4.10). Root branching and 

proliferation was more in maize than in sesbania at all N concentrations; the latter 

had less fibrous and stronger roots. In sesbania, N application had a negative effect 

on nodulation (Fig. 4.9 and 4.10), the effect being more prominent at 100 than at 

50 mg N kg-1 soil. Negative effects of mineral N (both NH4
+ and NO3

-) on 

nodulation are well documented.  
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Fig. 4.7. Root growth pattern of maize in a small shallow container (upper right) 

and comparison of rooting in maize and sesbania at early growth stages. 

 

 

 

 

 

 

 

 

 

 

 

 

 

Fig. 4.8. Effect of N concentrations (0, 50, 100 mg kg-1; left to right) on growth of 

maize and sesbania after 3 weeks (upper half) and 4 (lower half) weeks.  
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Fig. 4.9. Effect of N concentrations (0, 50, 100 mg kg-1; left to right) on growth of 

maize and sesbania after 5 weeks; nodulation is obvious. 

 

 

 

 

 

 

 

 

 

 

 

Fig. 4.10. Effect of N concentrations (0, 50, 100 mg kg-1; left to right) on 

nodulation of sesbania after 5 weeks. 

 

 

 

4.1.2. Rhizodeposition 

4.1.2.1. Use of pulse labeling technique 
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Fig. 4.11 shows the data of fresh weight of root and shoot portions of 4 

different plant types immediately after exposure to 14CO2 for 24 hrs and per cent 

gain after 7 days of growth. Root portion weighed 1.31, 2.67, 1.28, and 0.98 g, in 

wheat, maize, chickpea, and sesbania, respectively. Shoot weight in the respective 

crops was 0.86, 2.36, 1.137, and 0.71 g. Thus, of the 4 plant types, maize gathered 

the maximum biomass and sesbania had the minimum. Distribution of biomass 

into root and shoot portions was tilted towards root portion as the ratio of root: 

shoot was always >1. The maximum ratio was observed in wheat, while chickpea 

and maize had similar but lowest values. 

During 24 hrs of exposure to 14C, the plants assimilated 34.2% of the 14C 

introduced into the chamber. Of the total 14C assimilated, 11.4, 55.3, 21.0, and 

12.3% was determined in wheat, maize, chickpea, and sesbania, respectively (Fig. 

4.12, upper part). Thus, maize was the most efficient to harvest C and wheat the 

least. Of the 34.2% 14C assimilated, wheat, maize, chickpea, and sesbania 

contained 3.89, 18.94, 7.17, and 4.22%, respectively. The data on specific activity 

(KBq 14C mg-1 plant C) showed maize to be the most heavily labeled suggesting a 

very rapid photosynthetic rate being a C-4 plant. Specific activity of wheat, maize, 

chickpea, and sesbania was 0.88, 1.70, 1.23, and 1.10 KBq 14C mg-1 plant C, 

respectively. The gain in biomass during one week after exposure to 14C was the 

maximum in maize followed by wheat and chickpea; sesbania was the slowest to 

gain weight (Fig. 4.12, lower half). Gain in root weight varied from 19 to 30% and 

that in shoot from 12 to 35% in four different plant types i.e., wheat, maize, 

chickpea, and sesbania. 

The proportion of 14C in a plant type unaccounted for in root, shoot, and 

rooting medium was considered as lost through respiration (Fig. 4.13). The plant 

types differed considerably in affecting the fate of assimilated 14C. Respiratory loss 

of 14C varied from a minimum of 31% in Wheat to a maximum of 44% in 

chickpea. In fact wheat and maize were similar in respiration in spite of significant 
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differences in fresh biomass. Similarly, sesbania and chickpea were fairly similar 

in respiring newly assimilated C. 

Differences were also observed in the proportion of 14C released into the 

rooting medium as rhizodeposits. From 1.45 to 2.52% of the assimilated 14C was 

determined as rhizodeposits (Fig. 4.12). Since microbial component in the rooting 

medium was assumed to be negligible, entire root exudates would have been 

determined as rhizodeposits. Although wheat showed highest proportion of 14C as 

rhizodeposits (2.52%), maize proved to be the most efficient as 14C released per 

unit plant biomass was 1.7 KBq g-1 plant biomass compared to 0.83, 1.23, and 1.10 

in case of wheat, chickpea and sesbania, respectively. The results of this study 

suggest that maize was not only most efficient in assimilated CO2 but was also the 

most efficient in net rhizodeposition. 

 

4.1.2.2. Use of root adhering sand as an indirect measure of rhizodeposition 

Data regarding number and greenness of leaves are presented in Fig. 4.13. 

The maximum number of leaves pot-1 i.e. 18 was found in C-20 receiving 50 mg 

NH4
+-N L-1. In general, however, the form and amount of N had no significant 

effect on number of leaves although greenness of leaves was only slightly 

improved by the applied N. The variety C-20 showed higher biomass than C-77; 

average dry biomass of root + shoot for all treatments being 0.67 and 0.59 g pot-1, 

respectively (Fig. 4.14). Higher level of NH4
+ (100 mg L-1) had in general a 

significant negative effect on shoot and root biomass; the effect of NO3
--N was 

significantly positive in C-20 and negative in C-77. The biomass was relatively 

equally distributed amongst root and shoot portions leading to a root/shoot ratio 

around 1 in both maize varieties; C-77 generally had a wider root/shoot ratio. 

Among N sources, NO3
- led to a narrower root/shoot ratio although the differences 

were not significant. 
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Fig. 4.11. Fresh biomass of different plant types after one week of growth 

following pulse labeling (middle part) and % gain in weight during 7 

days. The bars denote standard deviation. 
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Fig. 4.12. Comparative assimilation of 14C in different plant types and % of the 

assimilated 14C in different components. A, % of total 14C assimilated; B, 

% of introduced 14C assimilated.  
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Fig. 4.13. Number and greenness of leaves as affected by N in two maize varieties. 

Nil, control; AS, ammonium sulphate; KN, potassium nitrate. Nitrogen 

was applied at 50 or 100 mg kg-1. The bars denote standard deviation. 
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Fig. 4.14. Dry matter content and its distribution in shoot and root portions of two 

varieties of maize as affected by form and amount of N. Nil, control; AS, 

ammonium sulphate; KN, potassium nitrate. Nitrogen was applied at 50 

or 100 mg kg-1. The bars denote standard deviation. 

 

0.0

0.2

0.4

0.6

0.8

1.0

Nil AS-50 AS-100 KN-50 KN-100

Form and level of applied N

D
ry

 m
at

te
r (

g 
po

t-1
)

Shoot Root Total

0.0

0.2

0.4

0.6

0.8

1.0

Nil AS-50 AS-100 KN-50 KN-100

Form and level of applied N

D
ry

 m
at

te
r 

(g
 p

ot
-1

)

Shoot Root Total
C-77

C-20



 75

Tissue water contents plays a significant role in maintaining optimum 

physiological activities of the plants. The two varieties differed in maintaining 

tissue water contents; C-20 being better in shoot and the C-77 in root water 

contents (Fig. 4.15). Water contents of both shoot and root portions of C-20 was 

higher in the presence of NH4
+; C-77 showed higher water contents in the shoot 

portion only. As a whole, NH4
+-N had a more positive effect on tissue water 

contents than NO3
--N in both the maize varieties. Presence of inorganic N in the 

rooting medium had generally a positive effect on root water contents in both the 

varieties; shoot water contents was not affected. Roots contained as much water as 

shoot with no clear trends as far as the presence and form of N is concerned. 

Although N content of root and shoot portions increased because of the 

presence of NH4
+ and NO3

- in the rooting medium, higher levels particularly of 

NH4
+ had a negative effect (Fig. 4.16). Variety C-22 was more efficient in 

accumulating N. Compared to biomass which was almost equally distributed 

amongst root and shoot portions, partitioning of N was more towards shoot portion 

in both the varieties. Per cent N of wheat increased in the presence of both NH4
+ 

and NO3
-. This increase in N concentration was more for NO3

- than NH4
+ (Fig. 

4.17). On an average, C-20 had relatively higher concentration of N than C-77 in 

both shoot and root portions, i.e. 2.57% vs 2.50% and 1.25% vs 1.20%.  

Nitrogen utilization efficiency (NUE: biomass produced per unit of N 

uptake) of the two varieties decreased in the presence of both N sources; NO3
- had 

a greater effect on NUE (Fig. 4.18). However, the amount of N in the rooting 

medium did not have a significant effect and the two varieties were almost 

comparable in NUE. As in other parameters, C-20 was more efficient in utilizing N 

for biomass production irrespective of the rooting medium conditions. Although 

the two varieties differed in other parameters, root N uptake efficiency (RNUE, 

expressed as amount of N taken up per unit of root weight) in taking up N was 

essentially similar, i.e. 37 and 38 in C-20 and C-77, respectively. 
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Fig. 4.15. Tissue water contents and root/shoot relationship as affected by form and 

concentration of N. Nil, control; AS, ammonium sulphate; KN, 

potassium nitrate. Nitrogen was applied at 50 or 100 mg kg-1. The bars 

denote standard deviation. 
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Fig. 4.16. Nitrogen yield and its distribution in root and shoot portions of the two 

maize varieties as affected by form and amount of N in the rooting 

medium. Nil, control; AS, ammonium sulphate; KN, potassium nitrate. 

Nitrogen was applied at 50 or 100 mg kg-1.The bars denote standard 

deviation. 
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Fig. 4.17. Per cent N in root and shoot portions of the two maize varieties as 

affected by form and amount of N in the rooting medium. Nil, control; 

AS, ammonium sulphate; KN, potassium nitrate. Nitrogen was applied at 

50 or 100 mg kg-1. The bars denote standard deviation. 
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Fig. 4.18. Nitrogen utilization efficiency (NUE) and root N uptake efficiency 

(RNUE) of the two maize varieties as affected by form and 

concentration of N in the rooting medium. Nil, control; AS, ammonium 

sulphate; KN, potassium nitrate. Nitrogen was applied at 50 or 100 mg 

kg-1. The bars denote standard deviation. 
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Significant amounts of sand were found adhering to the roots (RAS) 

suggesting the presence of aggregation enhancing macromolecules. The amount of 

RAS ranged between 9 and 14 g pot-1 and was consistently higher in C-20 as 

compared to C-77 (average for all treatments being 12.0 and 10.4, respectively) but 

was the maximum at 50 mg NH4
+-N kg-1 sand (Fig. 4.19). The sand retained on the 

root surface ranged between 2 and 2.7 g g-1 fresh weight and 31 and 42 g g-1 dry 

weight of root. A significant positive correlation (r = 0.84, n = 10) was observed 

between RAS and root mass suggesting a relatively symmetrical release of binding 

materials (rhizodeposits) by the roots. 

Presence of polysaccharides in the RAS was supported by higher moisture 

content of the later (Fig. 4.19). Against 15% moisture of the bulk sand maintained 

before plant removal, the RAS contained 16-23% moisture. Higher moisture 

content of RAS was observed for NH4
+-fed maize plants. However, average for the 

2 varieties (19.3 and 19.4%) was not significantly different. The RAS was more in 

NH4
+- than NO3

- fed plants of both the varieties. Likewise, the amount of RAS g-1 

fresh and dry weight of roots was also higher in the presence of NH4
+ than NO3

-. A 

highly significant correlation (r = 0.99, p ≤ 0.05) was observed between moisture 

held and the weight of RAS suggesting that the amount of RAS could serve as an 

indirect measure of root exudates. 

 

4.1.3. Root-induced changes in potential nitrification and nitrate reductase 

activity of the rhizospheric soil of wheat (Triticum aestivum L) and 

chickpea (Cicer arietinum L.) 

Data in Fig. 4.20 present a comparison for root and shoot mass of different 

varieties of wheat and chickpea. Root proliferation (that is considered to affect the 

rhizospheric functions) was not very different in wheat and chickpea. Visual 

observation of Fig. 4.20 suggests that root distribution in soil and the volume of 

soil being influenced was fairly similar for both plant types. 
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Fig. 4.19. Parameters related to root adhering sand (RAS) as affected by form and 

concentration of N. Nil, control; AS, ammonium sulphate; KN, 

potassium nitrate. Nitrogen was applied at 50 or 100 mg kg-1. The bars 

denote standard deviation. 
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Fig. 4.20. Comparison of root and shoot of different varieties of 

wheat (U-2000, Inqlab, Chenab, WL-1076) and chickpea 

(98004, P-2000, 90261, 97086); varieties arranged from 

left to right. 
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Data reported in Table 4.1 indicate that fresh weight and water contents of 

shoot and root portions were significantly different for the two crop types. 

Chickpea varieties accumulated three times more biomass pot-1 as compared to 

wheat varieties. Chickpea roots showed significantly lower dry matter (DM) 

content, i.e. about 50% of that determined for wheat varieties, while there was no 

difference in per cent DM of shoot of the two crop types. However, water retaining 

capacity (expressed as the ratio of water held per unit weight of dry matter) of both 

root and shoot portions of chickpea varieties was about 34% better than that of 

wheat. Water retaining capacity of chickpea roots was 9.9-11.0 times the dry 

matter (average for four varieties being 10.4 times) as compared to 5.3-11.5 times 

in wheat varieties (average for 4 varieties being 7.8 times). Ability to maintain 

higher water content of the cells could possibly be one of the reasons for survival 

of chickpea under water limiting conditions. Roots of only one wheat variety, i.e. 

WL-1076 were comparable to chickpea varieties and held water equivalent to 11.5 

times the dry weight. 

The two crop types differed significantly (Table 4.2) in root-induced effects 

on potential nitrification (PN) and nitrate reductase activity (NRA) in the 

rhizospheric soil. Unplanted soil was used as a reference for both the assays. Two 

of the wheat varieties, i.e. Chenab and WL-1076 had a significant inhibitory effect 

on PN; the remaining two had no effect. In comparison to wheat, all the chickpea 

varieties caused a significant increase in PN with two of the varieties showing 

about two times more PN compared to unplanted soil. With reference to unplanted 

soil, an inhibition of NRA in wheat rhizosphere and enhancement in chickpea 

rhizosphere was obvious. When data for different varieties within a crop type were 

averaged, NRA and PN were about 2 and 45 times higher in chickpea as compared 

to wheat. The two parameters were significantly correlated (r = 0.97, n = 9) 

suggesting that NR was dependent on in situ formation of NO3
-. 
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Table 4.1. Fresh biomass and water contents of root and shoot portions of different 

varieties of wheat and chickpea. 

 

Crop Variety Fresh weight (g pot-1) % dry matter 

  Root Shoot Root Shoot

Wheat U-2000 

 

 3.02e* 2.57d  18.00a 

(5.34e)§ 

18.50a 

(1.52g)

 Inqlab 

 

 3.72e 

 

3.19c 

 

 12.23b 

(8.76d) 

11.90d 

(2.81c) 

 Chenab 

 

 3.34e 3.33c  18.03a 

(5.62e) 

15.12b 

(2.02f)

 WL-1076  4.59d 

 

3.01c  10.17c 

(11.48a) 

12.24cd 

(2.60d) 

 Average 

 

 3.67 3.00  14.61 

(7.80) 

14.46 

(2.24)

   

Chickpea 98004 

 

 6.10c 3.80b  8.74d 

(9.87c) 

14.55b 

(2.52d)

 P-2000 

 

 6.99b 4.83a  7.94e 

(10.37bc) 

12.74c 

(3.13b)

 90261 

 

 8.73a 4.69a  7.76e 

(10.98ab) 

15.55b 

(2.33e)

 9708 

 

 6.30c 4.88a  6.55f 

(10.35bc) 

11.38d 

(4.04a)

 Average 

 

 7.01 4.55  7.55 

(10.4) 

13.56 

(3.01)
§ Figures in parentheses show the ratio of water content and dry matter content 

(water contents) signifying the water holding capacity of the plant material on dry 

weight basis. 

*Values sharing a similar letter for a parameter in a column are not significantly 

different from each other at p ≤ 0.05. 
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Table 4.2. Nitrate reductase activity (NRA) and potential nitrification (PN) in the 

rhizosphere and non-rhizosphere soil of different varieties of wheat and 

chickpea. 

 

Crop Variety PN NRA NRA/PN 

  NO2
- formed (μg h-1 5-g-1 soil)  

Wheat U-2000  2.57d 0.07e 0.027e 

 Inqlab  2.61d 0.01e 0.006f 

 Chenab   2.18e  0.05e 0.024e 

 WL-1076  2.10e 0.06e 0.029e 

 Average  2.37 0.05 0.020 

       

Chickpea 98004  7.77a 3.57a 0.459b 

 P-2000  2.87c 0.53d 0.184c 

 90261   2.99c  1.94c 0.648a 

 97086  6.48b 3.10b 0.478b 

 Average  5.03 2.28 0.440 

       

Unplanted  2.60d 0.11e 0.043d 

Values sharing a similar letter in a column are not significantly different from each 

other at p ≤ 0.05. 
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Results presented here suggest that the plant types that encourage 

nitrification may induce enhanced NO3
- reduction as well. However, ratio of 

NRA/PN suggested chickpea varieties to be more efficient in inducing NO3
- 

reduction than nitrification. In wheat varieties NRA was not induced although 

NO3
- was being formed at rates comparable to that in unplanted soil and in soil 

planted to the two of the chickpea varieties. Average ratio for all chickpea varieties 

was about 22 times higher as compared to wheat varieties (0.184 - 0.648 and 0.006 

- 0.029, respectively; Table 4.2) suggesting that in the chickpea rhizosphere, NO3
- 

will be much more quickly eliminated. When grown alone, elimination of NO3
- 

from the chickpea rhizosphere through reduction can be considered advantageous 

for the process of N2 fixation that is inhibited more by NO3
- than NH4

+. 

Two of the chickpea varieties (98004 and 97086) showed significant increase 

in PN (Table 4.2). This phenomenon could benefit the associated cereal crop like 

wheat which itself does not seem to support nitrification in its rhizosphere. Being 

fairly mobile, NO3
- will easily be available for uptake by wheat crop but its 

reduction is being curtailed at the same time. Since availability of both NH4
+ and 

NO3
- compared to either N source alone is more beneficial for wheat. The wheat 

crop will benefit from the rhizospheric effects of chickpea on nitrification and 

denitrification. Similarly, wheat plants can help associated leguminous crop by 

efficiently taking up NO3
- and thus, facilitating N2 fixation. Therefore, differential 

effect of roots of the two crop types on rhizospheric nitrification and nitrate 

reduction could be of value in mixed cropping. 

The results of the present study also show significantly wide varietal 

differences in root-induced changes in N transformation processes. It was 

interesting to note that chickpea varieties P-2000 and 90261 were not different in 

affecting PN but the latter was 4 times more efficient in reducing NO3
- as 

compared to the former. Such variations are useful in the sense that the varieties 

with a higher NRA could support higher nodulation and N2 fixation.  
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4.1.4. Root-induced changes in some biological and biochemical 

characteristics of soil sown to wheat (Triticum aestivum, L) and 

chickpea (Cicer arietinum L)  

 

Data reported herein indicate that average root dry matter of wheat varieties 

was similar to that of chickpea varieties (Table 4.3). Shoot dry matter and total 

plant biomass was 80% and 44% higher, respectively, in chickpea as compared to 

wheat in spite of the fact that the number of plants pot-1 was twice in the latter; 

inter-varietal differences within a crop type were significant in most cases (Table 

4.3). The difference in biomass of the two crop types could partly be attributed to 

the seed reserves, particularly the protein content and concentration. Chickpea 

grain weighed 5 times more than wheat grain (268 mg vs 55 mg) and contained 9 

times more proteins (62 mg vs 7 mg seed-1). These characteristics would have 

helped chickpea plants sustain higher photosynthesis and accumulation of dry 

matter early on over the short period of 4 weeks. 

Per cent dry matter of roots was significantly lower and that of shoot higher 

in chickpea as compared to wheat (Table 4.3). Thus, chickpea roots appeared to 

maintain higher water contents (100-% dry matter) in the roots as compared to 

wheat when both were grown under similar conditions of soil moisture. The 

difference in root water contents could be an important factor in determining plant 

growth under water limiting conditions. Of the 4 wheat varieties, roots of WL-

1076 had lowest per cent dry matter (12.28%) and thus, highest water contents 

(87.72%). The observations on water content of roots suggest that this parameter 

could be important in influencing plant growth and root-induced rhizospheric 

microbial functions. 
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Table 4.3. Dry matter yield and % dry matter of root and shoot portions of different 

varieties of wheat and chickpea. 

 

Crop/variety  Dry matter (g pot-1) % dry matter 

  Root Shoot Total Root Shoot 

Wheat    

U-2000  0.54b 1.13c 1.67de 16.22a 18.26bc 

Inqlab  0.57b 0.79e 1.36f 13.74b 14.58e 

Chenab  0.65a 0.92d 1.57e  16.33a 17.78c 

WL-1076  0.54b 0.86de 1.40f 12.28b 13.23f 

Average  0.575 0.925 1.5 14.645 15.9625 

Chickpea    

98004  0.54b 1.66b 2.20b  7.85e 18.64b 

P-2000  0.44c 1.30b 1.74d 8.89d 16.60d 

90261  0.52b 1.45b 1.97c 9.28c 16.48d 

97086  0.64a 2.12a 2.76a 8.93d 20.01a 

Average  0.535 1.6325 2.1675  8.7375 17.9325 

Values sharing a similar letter for a parameter in a column are not significantly 

different from each other at p ≤ 0.05. 
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The N content in wheat varieties varied between 24.0 and 30.4 mg pot-1 and 

that in chickpea varieties between 47 and 75 mg pot-1; average being 25.7 and 57.7 

mg pot-1, respectively (Fig. 4.21). Generally one-third of N in wheat was 

attributable to roots while in chickpea it was about one-sixth of the total plant N 

was in the root portion. On an average N concentration of wheat and chickpea 

roots was 1.05 and 1.85% while that of shoot portion was 2.12 and 2.93%, 

respectively. Shoot-N/root-N ratio varied from 2.72 to 4.49 in wheat and from 4.21 

to 5.31 in chickpea with an average of 3.27 and 4.84, respectively (Fig. 4.21). 

Nitrogen utilization efficiency (NUE) was greater in wheat than chickpea 

(average of 58.64 vs 37.54 for the 4 varieties). Opposite was true for root N uptake 

efficiency (RNUE) that averaged 44.8 and 107.9 in wheat and chickpea 

respectively (Fig. 4.21). Varieties of chickpea showed differences in RNUE but not 

in NUE while wheat varieties were different in both respects. A strong correlation 

between root biomass and N yield (r = 0.93**) was suggestive of the role of the 

former in N acquisition. However, a RNUE of chickpea compared to wheat 

suggests that factors other than root biomass/architecture are responsible for such a 

difference; roots of wheat being more proliferated than that of chickpea varieties. 

Data in Fig. 4.22 pertains to organic C of soil as affected by plant growth 

and root action. Varietal differences were observed for C content of the soil due to 

the growth of the two plant types. Wheat varieties did not influence soil C whereas 

chickpea caused a net decrease in soil C. This difference could be the result of a 

net positive priming effect of chickpea (but not of wheat) on the decomposition of 

SOM. Due to lower root biomass in chickpea, quantity of rhizodeposits could also 

be lower than that of wheat. However, wheat appeared to have balanced the 

priming effect (if any) through higher rhizodeposition vis-à-vis more proliferated 

root system. 
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Fig. 4.21.  N yield, % N content and use efficiency of N in different varieties of 

wheat and chickpea. The bars denote standard deviation. 
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Fig. 4.22. Organic C in soil and changes due to plant growth. The bars denote 

standard deviation. 
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Changes in the activity of dehydrogenase enzyme could provide a useful 

index of soil quality vis-à-vis availability of carbonaceous materials to rhizospheric 

microflora (Dick, 1992; Visser and Parkinson, 1992). In the present study, both 

wheat and chickpea varieties had a significantly positive effect on DA of the soil, 

the effect being significantly greater for the latter although the root mass was 

statistically similar in both crop types (Table 4.4). This suggests that chickpea 

supports higher microbial activity that differed significantly with the varieties. 

Higher plant biomass of chickpea varieties (Table 4.3) and consequently higher 

rhizodeposition would have led to enhanced rhizospheric microbial activities 

including DA. The inter-varietal difference in DA was observed for both the crops 

but chickpea varieties were more diverse compared to wheat varieties (deviation 

for wheat and chickpea varieties was 20 and 80%, respectively). A significant 

correlation between DA and total plant biomass (r = 0.91, n = 8) and DA and shoot 

biomass (r = 0.92, n = 8) supports this contention.  

Microbial biomass N content of planted soil (Table 4.4) was significantly 

higher in wheat (18.5 μg g-1 soil) and chickpea (22.1 μg g-1 soil) as compared to 

unplanted soil (13.9 μg g-1 soil). Microbial biomass N accounted for 2.7 – 3.5% of 

the total N under different crop varieties and was significantly correlated with DA 

(r = 0.92, n = 9, p ≤ 0.05). The differences within chickpea varieties were also 

generally significant; wheat varieties were similar in this respect. The two crop 

types not only differed in microbial biomass N but significantly (p ≤ 0.05) in the 

amount of extractable N from unfumigated soil as well (average for different 

varieties of wheat and chickpea being 5.8 and 6.5 μg g-1 soil, respectively) 

suggesting that chickpea maintains a higher proportion of N in relatively labile 

fractions. 
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Table 4.4. Deyhydrogenase activity (DA) and microbial biomass N in unplanted 

soil and soil planted to different varieties of wheat and chickpea. 

 

Crop/ 

Variety 

 

DA 

 

K2SO4-extractable N (μg g-1 soil) Biomass N 

DA:Biom-

N 

 UF F Flush μg g-1 soil % of soil N  

Wheat        

U-2000  167.9d* 5.9bc 15.3c 9.4c   17.3d   2.7d 9.71c 

Inq-91  192.5c 5.6bc 15.2c 9.6c   17.8d   2.7d 10.81b 

Chenab  174.2d 6.3b 16.5c 10.2c   18.9d   2.9d 9.22c 

1076 169.2d 5.4c 16.3c 10.9bc   20.1cd     3.1cd 8.42d 

Average 175.95 5.8 15.825 10.025 18.525 2.85 9.54 

Chickpea        

98004 249.5b 6.9ab 20.8a 13.9a   25.8a   4.0a 9.67c 

P-2000 180.2cd 6.3b  17.5bc 11.2bc   20.8c   3.2c 8.66d 

90261 171.8cd 5.4c 16.0c 10.5bc    19.5cd    3.0cd 8.81d 

97086 277.7a 7.4a 19.6a 12.1b   22.5b   3.5b 12.34a 

Average 219.8 6.5 18.47 11.92 22.15 3.925 9.87 

Unplanted 123.0e 4.8d 12.2d 7.5d 13.9e 2.1e 8.85d 

DA, Dehydrogenase activity (μg TPF g-1 soil h-1); * Values sharing a similar letter 

for a parameter in a column are not significantly different from each other at p ≤ 

0.05%; UP, unplanted; Biom, biomass; UF, unfumigated; f, fumigated. 
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The two crop types differed in root-induced effects on potential nitrification 

activity (PNA) and nitrate reductase activity (NRA) in the rhizosphere soil (Table 

4.5). On an average, the wheat varieties had an inhibitory effect on PNA with 

Chenab and WL-1076 being significantly different from others as well as amongst 

themselves. All the chickpea varieties caused a significant increase in PNA; 

average increase for different varieties was 98%. A significant inhibition of NRA 

in wheat rhizosphere (> 63%) and significant enhancement (16 folds) in chickpea 

rhizosphere was observed with reference to unplanted soil. 

In chickpea varieties, PNA and NRA were about 2 and 45 times higher as 

compared to wheat varieties (average of all varieties). The two parameters were 

significantly correlated (r = 0.97, P ≥ 0.05) as reported by Beevers and Hagemann 

(1980) and Caba et al. (1995). Thus, the plant types that encourage nitrification 

may induce enhanced NO3
- reduction as well due to the improved level of NO3

- 

availability. However, NRA/PNA suggested that chickpea varieties were more 

efficient in inducing NO3
- reduction than nitrification. In wheat varieties NRA was 

less than that in chickpea although NO3
- was being formed at rates similar to that 

of the unplanted soil and only slightly less than in soil planted to chickpea varieties 

P-2000 and 90261. The results also suggested that in the chickpea rhizosphere, 

NO3
- will be much more quickly removed through increased rhizospheric NRA. 

Chickpea varieties (P-2000 and 90261) were not different in affecting PNA but the 

latter was >3 times more efficient in reducing NO3
- as compared to the former.  

Unplanted soil contained significantly lower amounts of NH4
+ and higher 

amounts of NO3
- as compared to cropped soil at the time of harvesting plants 

(Table 4.6). Wheat and chickpea had a significantly different effect on the relative 

amounts of the two N forms. Soil planted to chickpea had over two-times higher 

NO3
--N as compared to wheat soil suggesting that nitrification rate was higher in 

the former than in the latter. 
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Table 4.5. Potential nitrification (PNA) and nitrate reductase activity (NRA) in 

planted and unplanted soil. 
  

Crop/variety  PNA NRA NRA/PNA 

  NO2
- (μg g-1 soil h-1)  

Wheat     

U-2000      0.720d  0.022e   0.031d 

Inqlab     0.704d 0.006e   0.007e 

Chenab     0.656e 0.018e   0.027d 

WL-1076      0.588f  0.014e   0.024d 

Average  0.667 0.015 0.2225 

Chickpea   

98004   2.020a   0.962a   0.477b 

P-2000    0.870c    0.158d   0.182c 

90261    0.848c    0.542c   0.640a 

97086   1.802b   0.836b   0.464b 

Average  1.385 0.6245 0.44075 

Unplanted  0.701d   0.030d 0.043d 

Values sharing a similar letter in a column are not significantly different from each 

other at p ≤ 0.05%. 
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Table 4.6. Mineral N status of planted and unplanted soil at the time of harvesting 

the plants (Coefficient of variance for triplicate analyses ranged 

between 3 and 8%). 
 

Wheat NH4
+ NO3

- NH4
++NO3

- 

 

Chickpea NH4
+ NO3

- 

NH4
++

NO3
- 

 Μg N g-1 soil   μg N g-1 soil 

U-2000 5.3b 4.1h 9.4g  98004 4.9b 13.8b 18.7b 

Inq-91 7.1a 5.1f 12.2e P-2000 5.1b 11.4c 16.5c

Chenab 5.4b 5.2f 10.6f  90261 3.0c 8.3d 11.3f 

*WL-1076 3.3c 3.1g 6.4h  97086 4.0c 10.3e 14.3d 

Average 5.3 4.4 9.7  Average 4.2 10.9 15.2 

Unplanted 1.4d 22.3a 23.7a Unplanted 1.4d 22.3a 23.7a

  Values sharing a similar letter for a parameter in a column are not significantly 

  different from each other at p ≤ 0.05. 
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The findings confirm that potential nitrification activity was higher in the 

rhizosphere soil of chickpea than that of wheat (Table 4.5). In addition, the 

chickpea soil may maintain higher inorganic N due to the release of N-rich 

rhizodeposits that are constantly mineralized and nitrified. The same may not be 

true for wheat rhizodeposits that will have low N concentration and a wider C:N 

ratio. As stated earlier, N rhizodeposition is not only higher in legumes also but the 

compounds are more labile in terms of N release. 

The unplanted soil and the rhizosphere soil obtained after removing the 

plants were incubated with 15N-labeled NH4
+ or NO3

- for 7 days. Of the applied 

NH4
+-N, about 60% was determined as NH4

+ + NO3
--N in both wheat and chickpea 

varieties with negligible inter-crop and inter-varietal differences (Table 4.7). 

However, immobilization of NH4
+ was significantly higher in the rhizosphere soil 

of wheat than chickpea (average for 4 varieties being 35.8 and 24.2% of the 

applied, respectively). This difference could be attributed to the C:N ratio of the 

rhizodeposits that is understandably wider in case of wheat as compared to 

chickpea. Inter-varietal difference was non-significant for wheat and significant for 

chickpea. In unplanted soil, immobilization of NH4
+-N was almost comparable to 

that observed in wheat soil and could be attributed to the release of easily 

decomposable carbonaceous materials during partial drying before incubation. The 

labile pool of organic C would have been exhausted (augmented by rhizodeposits 

at the same time) in soil planted to wheat but not in unplanted soil.  

The loss of NH4
+-N was significantly more from the rhizosphere soil of 

chickpea than wheat (15% vs 4% of the applied N) suggesting a rapid nitrification 

followed by denitrification. This suggestion is supported by the results of 

nitrification potential and nitrate reductase activities (Table 4.5). A higher per 

centage of NO3
--N than NH4

+-N was immobilized in the rhizosphere soil of wheat 

compared to chickpea (30.2% vs 22.7 % of the applied) while a reverse was true 

for NO3
--N unaccounted (16.8% vs 37.3%). 
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Table 4.7. Recovery of N applied as (15NH4)2SO4 and K15NO3 in organic, inorganic 

and unaccounted (UA) forms after 7 days of incubation (Coefficient of 

variance for triplicate analyses ranged between 3 and 8%). 

 

% recovery of applied N after 7 days incubation 

 (15NH4)2SO4 K15NO3 

 Inorganic Organic UA Inorganic Organic UA 

Wheat        

U-2000 60.9ab 34.9b 4.2e 53.7ab 29.1a 17.2de

Inq-91 59.1b 35.2b 5.7d 51.1b 30.9a 18.0d

Chenab 62.6ab 34.8b 2.6g  55.7a 29.0a 15.3g 

1076 58.5ab 38.2a 3.3f  51.6b 31.8a 16.5ef 

Average 60.3 35.8 4.0 53.0 30.2 16.8

    

Chickpea        

98004 61.7ab 20.8e 17.5a  42.1c 19.9c 38.0ab 

P-2000 59.9b 26.8d 13.3b 36.9d 28.8a 34.3b

90261 59.6b 29.2c 11.2c 37.8d 25.4b 36.8ab

97086 62.0ab 20.1e 17.9a  43.2c 16.8d 40.1a 

Average 60.8 24.2 15.0  40.0 22.7 37.3 

    

Unplanted 65.1a 32.8b 2.1h 51.3b 26.5b 23.2c

Values sharing a similar letter for a parameter in a column are not significantly 

different from each other at p ≤ 0.05. 
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The differences could be attributed to the C:N ratio of the rhizodeposits and 

a higher potential of nitrification/denitrification in the chickpea rhizosphere. 

Significant loss of NO3
--N occurred from unplanted soil due to denitrification or 

microbial immobilization. The loss was higher for wheat than chickpea and could 

be attributed to the difference in the N immobilization potential of the two crop 

types. 

 

4.1.5. Plant growth characteristics of wheat/chickpea and rhizospheric 

microbial functions as affected by rate of N application 

Wheat accumulated higher biomass in comparison to chickpea and the 

differences widened with time (Fig. 4.23). At harvest II and III, wheat had 

accumulated 2 and 5 times more biomass respectively, compared to chickpea. 

Wheat biomass increased with an increase in the applied N while in chickpea a 

decrease was observed. The biomass increase between harvest II and harvest III 

was 225 and 175% in shoot and root portions of wheat as compared to 19 and 58% 

in chickpea, respectively. 

Per cent dry matter of root and shoot portions changed with age in both the 

crops (Fig. 4.23). At first harvest, per cent dry matter in root portion of both the 

crops was almost twice that of shoot portion. However, a significant decrease in 

per cent dry matter was observed in both the crops at harvest II and III. Both the 

crops showed higher per cent dry matter in shoot than root portion. There was a 

general tendency of decrease in per cent dry matter at increasing concentrations of 

N. However, the trend was more pronounced at harvest III. This would suggest a 

positive effect of N on tissue water contents. At first harvest root/shoot ratio for 

biomass was 0.73 and 1.5 for wheat and chickpea, respectively. At the remaining 

two harvests, partitioning of biomass was tilted towards shoot in both the crops as 

the shoot biomass was >2 times better than the root biomass and this difference 

widened at harvest III. 
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Fig. 4.23. Dry matter accumulation and per cent dry matter of root and shoot 

portions of wheat and chickpea as affected by N application and time 

of growth. N0, N50, and N100 are 0, 50 and 100 mg N applied kg-1 

soil, respectively. The bars denote standard deviation. 
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Water contents in the shoot and root portions changed significantly (p ≤ 

0.05) with time in both the crops (Fig. 4.24). At first two harvests, wheat shoot 

showed higher water contents than chickpea shoot; A reverse was true at harvest 

III. Root water contents in chickpea was almost twice that in wheat at harvest II 

and III. Relative leaf water content was substantially lower in chickpea as 

compared to wheat at harvest I (Fig. 4.25). The differences increased for harvest II 

and III at all N concentrations. Application of N had, in general, a positive effect 

on leaf water content in both crops. However, per cent dry matter was more at 50 

than 100 mg N kg-1 soil with chickpea showing a higher per cent dry matter than 

wheat. 

Nitrate reductase activity (NRA) of the shoot portion was several times 

higher in both the crops at the first two harvests (Fig. 4.26). At harvest III, roots 

showed higher NRA at 50 and 100 mg N kg-1 soil. In chickpea, however, even at 

harvest III roots showed lower NRA as compared to shoot portion. Overall, 

chickpea shoot showed higher NRA as compared to wheat shoot at the three 

harvests except in the presence of 50 and 100 mg N kg-1 at harvest II. 

Wheat plants showed higher N accumulation at all the three harvests as 

compared to chickpea (Fig. 4.27). In both the crops, shoot had several times higher 

N than the roots. There was an increase in N accumulation at increasing 

concentrations of N in wheat, whereas it decreased in both the root and shoot 

portions of chickpea. Nitrogen content of plants showed a significant positive 

correlation with the biomass (r = 0.91). At all N concentrations and the three 

harvests, per cent N was higher in shoot and root portions of chickpea as compared 

to that of wheat (Fig. 4.27). The difference in N concentration of root portion was 

more pronounced as compared to that of shoot portion in both the crops. 
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Fig. 4.24. Water contents in root and shoot portions of wheat and chickpea as 

affected by N application and time of growth. N0, N50, and N100 are 

0, 50 and 100 mg N applied kg-1 soil, respectively. The bars denote 

standard deviation. 
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Fig. 4.25. Leaf water characteristics of wheat and chickpea as affected by N 

application and time of growth. N0, N50, and N100 are 0, 50 and 100 

mg N applied kg-1 soil, respectively. The bars denote standard 

deviation. 
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Fig. 4.26. Nitrate reductase activity of root and shoot portions of wheat and 

chickpea as affected by N application and time of growth. N0, N50, 

and N100 are 0, 50 and 100 mg N applied kg-1 soil, respectively. The 

bars denote standard deviation. 
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Fig. 4.27. Nitrogen accumulation and per cent N of root and shoot portions of 

wheat and chickpea as affected by N application and time of growth. 

N0, N50, and N100 are 0, 50 and 100 mg N applied kg-1 soil, 

respectively. The bars denote standard deviation. 
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Nitrogen utilization efficiency (NUE, ratio of amount of biomass produced 

to N taken up) was higher for wheat as compared to chickpea at all the 3 harvests 

(Fig. 4.28). At harvest II, NUE decreased with the increase in applied N in both the 

crops; at harvest III no clear trend was observed although the efficiency was more 

in both the crop. Root N uptake efficiency (RNUE) was significantly (p ≤ 0.05) 

higher in chickpea as compared to wheat; the differences being more pronounced 

at harvest II. On an average, RNUE was 50 to 100% higher in chickpea as 

compared to wheat. Applied N had a positive effect on RNUE and was 190.8 at 

100 mg N kg-1 soil as compared to 57.6 mg N kg-1 soil when no N was applied 

(harvest II). 

Data reported in Fig. 4.29 indicates the data on 15N abundance of root and 

shoot portions of wheat and chickpea at 3 N concentrations and at 3 harvests. The 

15N abundance increased with the amount of applied N. It showed an increase with 

time in the root portion. In contrast, it decreased in the shoot portion of both the 

crops. Wheat plants showed higher 15N abundance as compared to chickpea at all 

N concentrations. This observation suggested a lower access of chickpea to the 

applied N. This could be due to low root proliferation as well as low N2 fixation. In 

untreated check, 15N abundance was higher in wheat as compared to chickpea 

possibly due to isotopic dilution resulting from N2 fixation in the latter. The 

difference in 15N abundance of wheat and chickpea was more at H-3 (harvest 3) as 

compared to that H-1 (harvest 1) at N0 and N50. 

Plant N derived from fertilizer averaged 7.6 to 74.6 mg pot-1 at different 

harvests and at the two N concentrations (Fig. 4.30). Wheat was 4-10 times more 

efficient compared to chickpea in taking up fertilizer N. Per centage contribution of 

fertilizer to total plant N (Ndff) varied from 17 to 36% and increased with the 

duration of plant growth in both the crops. Higher per centage of fertilizer N was 

observed in wheat (24-35%) as compared to chickpea (17-26%). 
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Fig. 4.28. Nitrogen utilization efficiency (NUE) and root N uptake efficiency 

(RNUE) of wheat and chickpea as affected by N application and time 

of growth. N0, N50, and N100 are 0, 50 and 100 mg N applied kg-1 

soil, respectively. The bars denote standard deviation. 
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Fig. 4.29. 15N abundance in root and shoot portions of wheat and chickpea as 

affected by growth duration and amount of N applied. N0, N50, and 

N100 are 0, 50 and 100 mg N applied kg-1 soil, respectively. The bars 

denote standard deviation. 
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Fig. 4.30. Amount and per centage of N derived from fertilizer, % fertilizer N used 

by plants and N derived from soil in wheat and chickpea as affected by 

growth duration and amount of N applied. N0, N50, and N100 are 0, 50 

and 100 mg N applied kg-1 soil, respectively. Ndff, N derived from 

fertilizer; Ndfs, N derived from soil. The bars denote standard deviation. 
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Contribution of fertilizer N was higher at 100 than 50 mg N kg-1 soil in 

both the crops. Efficiency of fertilizer N uptake was also higher for wheat as it 

contained 9.5 to 34.3% of the fertilizer N applied compared to 2.9 to 5.3% in 

chickpea. Significantly (p ≤ 0.05) lower per centage of fertilizer N was taken up at 

N level of 100 mg kg-1 soil. Nitrogen derived from soil (Ndfs) increased with 

increasing concentrations of applied N in wheat at second harvest (H-2) but not at 

third harvest. Thus, the priming effect was observed only at early growth stages of 

wheat. However, in chickpea a decrease in soil-derived N was observed at both the 

harvests. Apparently, the inhibitory effect of applied N on root development was 

responsible for a decrease in the uptake of soil N. 

Table 4.8 presents the data on concentration (%) of C, N, P, S, K, and Na in 

shoot and root portions of wheat and chickpea grown for 32 days in unfertilized 

soil. Carbon content varied from 31.2 to 36.3% in root and shoot portions of wheat 

and chickpea. Root portion of chickpea and shoot portion of wheat had a higher per 

centage of C. Concentration of N, P, and K was lower in root than shoot of both 

the crops suggesting their active transport to the latter. Shoot portion of both the 

crops had several times higher concentration of K than the root portion. However, 

S and Na were more concentrated in root than shoot.  

The two crops did not have a significant influence on total fungal counts 

(Table 4.9). Bacterial counts increased 5 and 6 times in the RAS of wheat and 

chickpea, respectively, as compared to NRAS. The total bacterial count was more 

in wheat as compared to chickpea. Wheat also supported a higher frequency of 

different fungal and bacterial species; average frequency for different bacteria 

being 47 vs 37 in chickpea (Table 4.10). Five fungal and 13 bacterial species were 

identified in the RAS of the two crops. Frequency of occurrence of fungi increased 

in the order Aspergillus niger > Aspergillus flavus = Alternaria alternata = 

Aspergillus fumigatus > Curvularia lunata > Stachybotrys atra, i.e. 60, 26, 26, 23, 

and 17, respectively. 
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Table 4.8. Concentration (%) of different elements in root and shoot portions of 

wheat and chickpea. Only plant samples receiving no N and harvested 

after 32 days were analyzed. 

 

  C N P S Na K 

Wheat  root  30.62b 1.02d 0.55d 0.60b 0.49b 0.57c 

Wheat shoot  31.23b 2.12b 0.67c 0.42c 0.34c 2.84a 

Chickpea root  36.27a 1.61c 0.77b 1.39a 0.81a 0.21d 

Chickpea shoot  35.49a 2.43a 0.82a 0.42c 0.35c 1.44b 

Values sharing a similar letter for a parameter in a column are not significantly 

different from each other at p ≤ 0.05. 
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Table 4.9. Fungal (x 1000) and bacterial (x 100,000) population of root adhering 

soil (RAS) and bulk (NRAS) soil of wheat and chickpea. 

 

 Wheat Chickpea

 NRAS RAS NRAS RAS 

Fungi 2a 3a  2a 2a 

Bacteria 20c 120a 10d 50b 

Values sharing a similar letter for a parameter in a row are not significantly 

different from each other at p ≤ 0.05. 
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Table 4.10. Per cent frequency of occurrence of different bacteria in the 

rhizosphere of wheat and chickpea. 

 

 Wheat Chickpea Average 

Fungi 

Alternaria alternata 17b 34a 26

Aspergillus niger 68a 51b 60

Aspergillus fumigatus 34a 17b 26

Curvularia lunata 28a 17b 23

Stachybotrys atra 17a 17a 17

   

Bacteria 

Aci. baumannii 17b 34a 26

Agrobacterium rhizogenes 68a 51b 60

B. insolitus 51a 17b 34

Bacillus circulans 85a 34b 60

Burkholdaria cepacia 34b 85a 61

Microbacterium sp 34a 0b 17

Pseudomonas fluorescens 85a 68b 77

Pseudomonas putida 51a 17b 34

R. pickettii 17b 51a 34

Rhizobium sp. 17 34 26

Serratia marcescens 85a 34b 60

Sophingomonas paucimobilis 68a 34b 51

 Values sharing a similar letter for a parameter in a row are not significantly  

 different from each other at p ≤ 0.05. 
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Bacterial diversity was not very different in the RAS of two plant types. 

Among different bacteria, Pseudomonas fluorescens, Bacillus circulans, 

Agrobacterium rhizogenes, Burkholdaria cepacia, Serratia marcescens, and 

Sophingomonas paucimobilis were the most frequent with a frequency of 

occurrence of >50% in the RAS of two crops. The two crops differently supported 

bacterial species. In the wheat RAS, B. circulans, Pseudomonas fluorescens and S. 

marcescens were the predominant ones with 85% frequency of occurrence. In 

chickpea RAS, only B. cepacia showed 85% frequency of occurrence while the 

others supported by wheat were low in frequency suggesting crop specific 

influences. 

 

4.1.6. Mixed cropping effects on growth of wheat and chickpea 

Data in Table 4.11 indicates dry matter distribution in different plant 

components at harvest I and II. The second harvest was taken after 10 weeks when 

tillering in wheat had attained stability and booting was initiated. At harvest I 

(taken after 8 weeks), wheat biomass was significantly higher (p ≤ 0.05) when 

grown as intercrop. Shoot portion of chickpea was significantly higher as 

compared to the root portion. As a result, root/shoot ratio was significantly 

narrower compared to that of wheat grown as a sole crop. In addition, when grown 

together with chickpea, wheat had higher chlorophyll content. Greenness in 

intercropped wheat leaves was 44.4 compared to 42.3 when grown as sole crop. At 

harvest I, biomass of chickpea was several times lower than that of wheat (4.8 

compared to 13.4 g pot-1, respectively, when the two were grown as sole crop) and 

did not show a significant effect of the companion wheat plants on either of the 

plant components; root/shoot ratio also remained unaffected 
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Table 4.11. Effect of sole or mixed cropping on different plant parameters at 

Harvest I and Harvest II. 

 

*Dry matter (g pot-1)  Root/ 

Shoot

TWC (g g-1 dry wt.)** 

Shoot Root Total Shoot Root 

Harvest I   

Wheat 11.0b 2.4b 13.4b 0.22a 4.5b 5.4bc 

Chickpea 4.3c 0.4c 4.8c 0.10c 5.3a 7.9a 

Wheat-mix 17.7a 3.3a 20.9a 0.18b 5.5a 5.9b 

Chickpea-mix 4.2c 0.4c 4.6c 0.10c 4.8b 5.1c 

        

Harvest II   

Wheat 16.6b 6.8b 23.4b 0.41b 3.0b 6.1b 

Chickpea 9.0c 2.4c 11.5c 0.27c 4.4a 9.7a 

Wheat-mix 31.4a 14.9a 46.2a 0.47a 3.0b 5.0c 

Chickpea-mix 5.0d 0.7d 5.7d 0.14d 4.4a 4.6c 

For each harvest, values sharing a similar letter for a parameter in a column are 

not significantly different from each other (p ≤ 0.05). * sum of 4 plants per pot; 

**TWC, tissue water contents. 
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The edge of wheat plants over chickpea in gathering biomass significantly 

increased at harvest II. Total biomass of the former almost doubled (97% increase) 

due to the presence of chickpea as compared to sole cropping. Root biomass was 

enhanced more than the shoot biomass (119 and 89%, respectively). Chickpea 

plants suffered greatly between harvest I and II since total biomass was reduced to 

almost half in the presence of wheat. Root biomass was 0.7 and 2.4 g pot-1 in the 

presence and absence of wheat, respectively (Table 4.11 and Fig. 4.31) indicating a 

significant reduction in root/shoot ratio. 

 Tissue water contents (TWC) was lower for the shoot as compared to root 

component in both the crops and at either of the harvests; average of all the 8 

figures in a column being 4.4 and 6.2, respectively (Table 4.11). At harvest I, TWC 

was significantly higher in both shoot (5.3 g g-1 dry matter) and root (7.9 g g-1 dry 

matter) portions of chickpea as compared to wheat (5.4 and 4.5 g g-1 dry matter in 

shoot and root, respectively) when both were grown as sole crop. When grown 

together, TWC of both root and shoot portions of chickpea decreased; a small 

positive change was observed for wheat. At harvest II, wheat had a more drastic 

effect on the TWC of chickpea roots that decreased from 9.7 (when grown solely) 

to 4.6 (when grown with wheat). At this stage, shoot portion of chickpea 

maintained higher TWC compared to wheat and was not affected by the latter. 

The benefit of chickpea to wheat increased significantly towards maturation 

(harvest III) as the total biomass of wheat increased by 2.4 folds as compared to 

sole cropping; increase in straw, root, and grain components was 2.5, 2.1, and 2.4 

folds, respectively (Table 4.12). The data reported in Fig. 4.31 demonstrates the 

interaction of the two crops, i.e. an inhibitory effect of wheat on chickpea and vice 

versa. However, chickpea did not significantly affect the harvest index (HI) of 

wheat. 
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Table 4.12. Effect of sole or mixed cropping on different plant parameters (sum 

of 4 plants pot-1) at Harvest III. 

 

 Dry matter (g pot-1)  

Root/ 
Shoot

Grain 
no. HI  Shoot Root Grain Total

Wheat 14.0b 6.0b 7.2b 27.4b  0.29a 230b 0.34a 

Chickpea 13.3b 3.0c 5.4c 21.6c  0.15b 31c 0.29b 

Wheat-mix 35.3a 13.0a 17.5a 65.7a 0.24a 635a 0.33ab

Chickpea-mix 4.5c 0.4d 2.1d 7.0d  0.05c 15d 0.32ab 

     Values sharing a similar letter for a parameter in a column are not significantly  

     different from each other at p ≤ 0.05; HI, harvest index. 
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Fig. 4.31. Pot experiment (above) showing the growth characteristics of wheat and 

chickpea when the two were grown as sole or intercrop. Lower part of 

the figure shows the plants after removal from pots. 

 

 

 

Sole Sole Mixture Mixture

Mix Sole SoleMix Sole Sole

Sole Sole MixtureMixture



 119

The number of wheat grains was 3 times higher in the presence of chickpea 

than its absence while 100-grain weight showed some decrease. In chickpea, on the 

other hand, the number of grains was 31 and 15 when grown solely or in mixture, 

respectively. The most negatively affected part of chickpea was the root portion 

that showed about 9 times reduction due to presence of wheat plants in the vicinity. 

This immense inhibition/restriction of root proliferation could be the major cause 

of low performance of chickpea in the presence of wheat. In fact, root biomass of 

chickpea was lower at harvest III as compared to that at harvest II suggesting 

deterioration and hence lower recovery of intact roots during excavation from the 

soil. 

Nodulation of chickpea studied at harvest II was significantly affected by 

wheat. The number of nodules per pot decreased from 106 when grown solely to 

88 in the presence of wheat whereas the weight of nodules increased significantly 

from 922 to 1545 mg pot-1 (Fig. 4.32). As a result, average weight of a nodule 

increased from 8.7 mg to 17.5 mg. Not only this, the nodules formed a major 

proportion of the belowground plant component, i.e. 39.5% compared to only 3.6% 

when chickpea was grown in mixture and as sole crop, respectively. 

 

4.1.7. Root-induced mineralization and availability to plants of N in soil 

planted to sesbania and maize – effect of applied N 

Dry matter yield of both root and shoot portions of maize was several times 

more than that of sesbania at all three harvests (Fig. 4.33). At first harvest, root 

biomass of maize was over 8 times more than that in sesbania whereas shoot 

weight was twice that of the latter. The difference in biomass accumulation of the 

two crops gradually narrowed and at harvest III shoot biomass of maize was >6 

times greater than that of sesbania; the root biomass of maize was 1.3 times more 

than that of sesbania. Amount of N applied did not have a clear effect on the 

biomass at first harvest but it had an increasing effect on harvest II and III in both 

the crops. 
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Fig. 4.32. Comparison of nodules and roots of chickpea grown as sole or mixed 

with wheat. 
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Fig. 4.33. Dry matter yield and its distribution in root and shoot portions at 3 

harvests of maize and sesbania as affected by N application. N0, N50, 

and N100 are 0, 50 and 100 mg N applied kg-1 soil, respectively. The 

bars denote standard deviation. 
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Positive effect of N was much more pronounced on maize as the root and 

shoot weight increased by about 46 and 43% respectively while the corrsponding 

increase in root and shoot portions of sesbania was only 8 and 21% at harvest III. 

The response of root and shoot portions of maize was similarly affected by N 

application whereas root portion of sesbania was selectively favoured. Root/shoot 

ratio increased in maize with time at all N concentrations while in sesbania no 

consistent trend was observed. The ratio was wider in maize than sesbania, i.e. 

average of treatments being 0.84 and 0.17, respectively. These observations 

suggested relatively balanced distribution of biomass amongst root and shoot 

portions. 

 Physiological success of the plants is substantially dependent on the water 

relations especially the tissue water contents. In the present study, root water 

contents in sesbania was 2-3 times higher than maize at different harvests and N 

concentrations, i.e. 13.4-21.0 times the dry matter (Fig. 4.34). Shoot water contents 

was higher in maize and ranged between 6.2-7.7 times the dry matter compared to 

5.6-5.8 times in sesbania. Application of N had in general a positive effect on 

water contents that increased with the rate of applied N. 

Before proceeding for second harvest, water loss from pots was determined 

during different hours of the day and night. The figures for the rate of water loss (g 

h-1 g-1 dry matter) varied from 1 to 17 during different hours of day and night 

depending on the environmental conditions, N applied, and the plant type (Fig. 

4.35). It was 2 to 2.6 times higher in sesbania than maize and generally decreased 

with the amount of N applied; the decrease was more intense in sesbania than 

maize at both the N concentrations. The rate of water loss was 8.7 and 19.8 at N 

addition rate of 50 and 100 mg N kg-1 soil, respectively, in the case of maize as 

compared to 12.0 and 39.2 in sesbania. Assuming that losses through evaporation 

from the soil surface would be equal, rest of the losses reported was attributed to 

evapotranspiration. 
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Fig. 4.34. Water contents in root and shoot portions at 3 harvests of maize and 

sesbania as affected by N application. N0, N50, and N100 are 0, 50 and 

100 mg N applied kg-1 soil, respectively. The bars denote standard 

deviation. 
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Fig. 4.35. Loss of water from maize and sesbania as affected by N application. N0, 

N50, and N100 are 0, 50 and 100 mg N applied kg-1 soil, respectively.  
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Compared to biomass, N accumulation in the two crops was less variable. 

Maize accumulated 2 times higher N than sesbania (Fig. 4.36). Effect of N was 

more on N accumulation (N yield) in root and shoot portions of both the crops than 

that on dry matter (Fig. 4.34), as there was a progressive increase with the amount 

of N applied. This was true for all the three harvests. However, applied N had a 

suppressive effect on N accumulation in the root portion of sesbania. 

Amount of applied N had a negligible effect on N concentration of both 

root and shoot portions of both the crops. However, of the two crops, root and 

shoot portions of sesbania had a higher N concentration (average of 3 N 

concentrations and 3 harvests being 2.9 and 2.2% for shoot and root, respectively) 

as compared to 1.7 and 1.3% for shoot and root of maize, respectively. As 

observed for dry matter distribution in root and shoot portions expressed as 

root/shoot ratio, root N/shoot N ratio was wider in maize compared to sesbania, i.e. 

average of different N concentrations and harvest being 1.09 and 0.23, 

respectively. Nitrogen accumulation in plants had a significant influence on 

biomass accumulation as suggested by a close correlation between the two 

parameters (r = 0.99, p ≤ 0.05). The amount of N applied had generally a positive 

effect on root N/shoot N ratios in both the crops. 

 Nitrogen use efficiency (NUE) was averaged 66.8 and 43.6 for maize and 

sesbania, respectively when averaged over harvests and N concentrations and was 

consistently higher for the former (Fig. 4.37). It increased with the amount of N 

applied and duration of growth in both the crops. The increase was from 60.1 at 

harvest I to 71.9 at harvest II in maize, whereas for sesbania it was 42.0 and 47.1. 

Root N uptake efficiency (RNUE) averaged 28.1 and 127.8 for maize and sesbania, 

respectively when averaged over harvests and N concentrations. It increased with 

the amount of applied N and was several times lower for maize. The efficiency 

decreased in maize with time of growth and was 39.8 and 28.1 at harvest I and 

harvest III, respectively. In sesbania the respective values were 157.9 and 127.8. 

Thus, sesbania roots were more effective in extracting and transporting N to the 

plant in spite of lower biomass. 
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Fig. 4.36. Nitrogen yield and its distribution in root and shoot portions at 3 harvests 

as affected by N application. N0, N50, and N100 are 0, 50 and 100 mg N 

applied kg-1 soil, respectively. The bars denote standard deviation.  
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Fig. 4.37. Nitrogen use efficiency and root N uptake efficiency at different harvests 

as affected by N concentrations. N0, N50, and N100 are 0, 50 and 100 

mg N applied kg-1 soil, respectively. Avg, average; the bars denote 

standard deviation. 
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Plant N derived from fertilizer varied from 9 to 80 mg pot-1 at different 

harvests and at applied N concentrations of 50 and 100 mg kg-1 (Fig. 4.38). As for 

the total, maize was more efficient in taking up fertilizer N as it contained almost 

twice the fertilizer-derived N as compared to sesbania. Fertilizer N represented 17 

to 37% of the total plant N. A higher per centage of fertilizer N was found in maize 

that increased with time of plant growth. Contribution of fertilizer N was higher at 

100 than 50 mg N kg-1 soil. Efficiency of fertilizer N uptake was also higher for 

maize as it contained 8.4 to 34.4% of the fertilizer N applied compared to 3.3 to 

18.9% in sesbania. Significantly lower per centage of fertilizer N was taken up at 

100 mg N kg-1 soil. Nitrogen derived from soil (Ndfs) generally decreased at 

increasing concentrations of applied N but showed an increase with time in both 

the crops. Maize growth had a positive effect on the availability of N from soil 

showing positive "priming". In sesbania the trend was not clear. 

Data reported in Fig. 4.39 indicate 15N abundance of root and shoot 

portions of maize and sesbania at N concentrations of 50 and 100 mg kg-1 at 

harvest III. The 15N abundance increased with the amount of applied N as well as 

with the duration of plant growth. Maize plants showed higher 15N abundance as 

compared to sesbania at all N concentrations suggesting lower access of the latter 

to the applied N probably as a result of low root proliferation as well as N2 

fixation. In untreated soil also, 15N abundance was lower in sesbania compared to 

maize possibly due to isotopic dilution resulting from N2 fixation. The difference 

in 15N abundance of maize and sesbania was more at harvest III as compared to 

that at harvest I at N0 and N50. 

Data in Table 4.13 indicate that C content varied from 31.5 to 34.9% with 

root portion of sesbania and shoot portion of maize having a higher per centage. 

Concentration of N and S was more in both root and shoot portions of sesbania. 

Maize showed a higher per centage of P, K and Na while P concentration was 

relatively similar in both root and shoot portions of both the crops. Roots showed a 

higher concentration of S and Na whereas shoot portion had more than two times 

higher K concentration than the roots. 
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Fig. 4.38. Amount and per centage of N derived from fertilizer, % fertilizer N used 

by plants and N derived from soil in maize and sesbania as affected by 

growth duration and amount of applied N. N0, N50, and N100 are 0, 50 

and 100 mg N applied kg-1 soil, respectively. Ndff, N derived from 

fertilizer; Ndfs, N derived from soil. The bars denote standard deviation. 
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Fig. 4.39. 15N abundance in root and shoot portions of maize and sesbania as 

affected by growth duration and amount of N applied. N0, N50, and 

N100 are 0, 50 and 100 mg N applied kg-1 soil, respectively. The bars 

denote standard deviation. 
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Table 4.13. Concentration (%) of different elements in root and shoot portions of 

sesbania and maize. Only plant samples receiving no N and harvested 

after 32 days were analyzed. 

 

  C N P S Na K 

sesbania root  32.5a 2.12b 0.33b 0.47a 0.76b 1.19d 

sesbania shoot  34.2a 2.85a 0.32b 0.27c 0.18d 2.79b 

Maize root  31.6a 1.48c 0.38a 0.31b 1.06a 1.41c 

Maize shoot  34.9a 1.19c 0.38a 0.21d 0.25c 3.35a 

  Values sharing a similar letter for a parameter in a column are not significantly  

  different from each other at p ≤ 0.05. 
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Nitrate reductase activity (NRA) was higher in sesbania root than shoot, 

and a reverse was true for maize (Fig. 4.40). The NRA in sesbania root was almost 

5 times that of maize root (0.68 vs 0.13 µmol NO2 g dry matter 24 h-1). Maize 

shoot had slightly higher NRA as compared to sesbania shoot (0.25 vs 0.19 µmol 

NO2 g dry matter 24 h-1). The activity increased several times with the age of the 

plant in both root and shoot portions of sesbania but maize showed some increase 

only in the shoot NRA activity.  Thus, a greater proportion of the NO3
- would be 

assimilated in the root portion of sesbania while in maize the same will be true for 

the shoot portion. 

Root adhering soil had higher moisture content as compared to bulk soil, 

i.e. average for N concentrations and harvests being 12.7 in RAs compared to 9.1% 

in bulk soil (Fig. 4.41). Moisture content of RAS did not show a consistent effect 

for amount of N added but it increased with the age of the plants, i.e. average 

moisture per centage for the two crop types being 11.6, 12.9 and 13.7 at H-1, H-2, 

and H-3, respectively. In maize, RAS had on average 13.4% moisture; that in 

sesbania it was 12.1%. This difference could be the result of differences in the 

quality and quantity of rhizodeposits. In addition, because of higher water loss per 

unit plant weight, sesbania would have continuously removed water from the RAS. 

Nitrate reductase activity of the RAS of sesbania and maize is shown in 

Fig. 4.42. The activity was more in maize compared to sesbania at H2 and H3 but 

lower at H-I. On an average, however, both the crops had a similar effect on NRA. 

Amount of applied N had a negative effect on NRA in case of sesbania but a 

positive effect in case of maize. In both the plant types, NRA increased with time.  

Dehydrogenase activity (DA) was substantially higher in RAS as compared 

to the bulk soil, i.e. 73.1 vs 29.53 µg TPF g-1 soil 24 h-1 (Fig. 4.43). The activity 

increased with age of the plants in both the crops but was more in maize than 

sesbania. The DA was higher in maize at all the three growth stages, i.e. 64.1, 78.4, 

and 85.8 compared to 60.6, 76.8, and 73.0  µg TPF g-1 soil 24 h-1 in sesbania when 

taken as an average of 3 harvests. Effect of applied N on DA was not clear 

irrespective of the growth stage and the type of crop. 
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Fig. 4.40. Nitrate reductase activity of root and shoot portions of sesbania and 

maize at 3 harvests as affected by N concentrations. N0, N50, and N100 

are 0, 50 and 100 mg N applied kg-1 soil, respectively. The bars denote 

standard deviation. 
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Fig. 4.41. Per cent moisture of root adhering soil (RAS) of sesbania and maize at 3 

harvests as affected by applied N. N0, N50, and N100 are 0, 50 and 100 

mg N applied kg-1 soil, respectively. avg, average; The bars denote 

standard deviation.  
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Fig. 4.42. Nitrate reductase activity of root adhering soil (RAS) of sesbania and 

maize as affected by applied N. N0, N50, and N100 are 0, 50 and 100 

mg N applied kg-1 soil, respectively. avg, average. The bars denote 

standard deviation. 
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Fig. 4.43. Dehydrogenase activity (DA) of root adhering soil (RAS) of sesbania 

and maize as affected by applied N. N0, N50, and N100 are 0, 50 and 

100 mg N applied kg-1 soil, respectively. avg, average. The bars denote 

standard deviation. 
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Biomass N was 16.23 µg g-1 in the bulk soil whereas the average in RAS 

under different conditions was 25.04 (Fig. 4.44). Biomass N generally increased 

with the age of plants. It did not show consistent effect of N application in sesbania 

but in maize, application of N had a positive effect on all three harvests. However, 

biomass N was slightly more in RAS of maize compared to sesbania, i.e. 25.5 vs 

24.6 µg g-1 soil. The biomass N showed a close relationship with DA when all the 

18 data points were taken into consideration (r = 0.93, n = 18, p ≤ 0.05). 

Root-induced increase in fungal and bacterial population was also observed 

(Table 4.14). The two crops did not have a significant influence on total fungal 

counts although bacterial counts increased 4-5 times in the RAS as compared to 

NRAS. The total bacterial count as well as the increase due to root action was 

more in maize as compared to sesbania. Maize also supported a higher frequency 

of different fungal and bacterial species. Four species of fungi and ten of bacteria 

were recorded in the RAS of the two crops. The frequency of different species 

differed in the two crops. Average frequency of occurrence of different fungal 

species was 43 and 34 in maize and sesbania rhizosphere, respectively. When 

average of the two crop types was taken, frequency of occurrence of fungi 

increased in the order Aspergillus niger > Aspergillus flavus > Alternaria 

alternata > Stachybotrys atra, i.e. 77, 43, 26 and 9, respectively. 

As observed for fungi, bacterial diversity was also wider in maize 

compared to sesbania (Table 4.15). An average frequency of occurrence of 

different bacteria was 57 and 36 in maize and sesbania, respectively. Of the 

different bacteria, Agrobacterium rhizogenes, Burkholdaria cepacia and 

Sophingomonas paucimobilis were the most frequently isolated from maize 

rhizosphere; A. rhizogenes and Rhizobium sp. were the predominant in sesbania 

rhizosphere. These differences could be due to the quality and quantity of 

rhizodeposits. Of the different bacteria, Agrobacterium rhizogenes showed the 

highest frequency of occurrence of 77% when average for the two crops was 

computed followed by Burkholdaria cepacia (76%); Microbacterium sp. was the 

least frequent.  
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Fig. 4.44. Microbial biomass N of root adhering soil (RAS) of sesbania and maize 

as affected by applied N. N0, N50, and N100 are 0, 50 and 100 mg N 

applied kg-1 soil, respectively. avg, average. The bars denote standard 

deviation. 
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Table 4.14. Fungal (x 1000) and bacterial (x 100,000) population of root adhering 

(RAS) and bulk (NRAS) soil of maize and sesbania. 

 

 Maize  Sesbania 

 NRAS RAS NRAS RAS 

Fungi 3b 7a  4b 6a 

Bacteria 31c 152a 21d 82b 

Values sharing a similar letter for a parameter in a row are not significantly 

different from each other at p ≤ 0.05. 
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Table 4.15. Per cent frequency of occurrence of different bacteria in the 

rhizosphere of maize and sesbania. 
 

Microbial diversity Maize Sesbania Average 

Fungi    

Aspergillus niger 85a 68b 77

Aspergillus flavus 51a 34b 43

Alternaria alternata 17b 34a 26

Stachybotrys atra 17a 0b 9

    

Bacteria  

Agrobacterium rhizogenes 85a 68b 77

Bacillus circulans 34a 17b 26

B. insolitus 68a 34b 51

Burkholdaria cepacia 100a 51b 76

Microbacterium sp 17a 0b 9

Pseudomonas fluorescens 51a 34a 43

Sophingomonas paucimobilis 85a 0b 43

Pseudomonas putida 34b 51a 43

Rhizobium sp. 34b 68a 53

Serratia marcescens 68a 51b 60

Values sharing a similar letter for a parameter in a row are not significantly 

different from each other at p ≤ 0.05. 
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4.1.8. Root-induced mineralization and availability to plants of N in soil 

planted to sesbania and maize following build up in soil of potentially 

mineralizable 15N 

Table 4.16 presents the data on total and mineralizable N as well as the 15N 

abundance of these pools in soil incubated for 6 weeks with sucrose and 15N-

labelled ammonium sulphate (AS). Of the initially added AS-N, 92.5% was 

recovered in soil after 6 weeks of incubation showing a loss of 7.5%. A greater 

proportion (79.6%) of the AS-N added to the soil was transformed into potentially 

mineralizable which represented 86.2% of that remaining in soil. Mineralizable N 

had an atom % 15N excess of 2.077 as compared to 0.252 in the total soil N. During 

incubation of soil with AS and sucrose, substantial quantities of soil N were also 

transformed into potentially mineralizable forms, however, the contribution of soil-

N and AS-N was 45 and 55%, respectively. 

 Accumulation of dry matter in root and shoot of maize was 7 and 28 times 

higher than that in sesbania (Fig. 4.45a). The differences in dry matter 

accumulation narrowed with time suggesting a decrease in the growth rate of 

maize relative to that of sesbania and/or inherent differences in the growth pattern 

of the two plant types. As a result, maize plants showed a significantly wider 

root/shoot ratio; the average for 3 harvests being 0.97 and 0.23 in maize and 

sesbania, respectively. Maize showed an increase in root/shoot ratio from 0.80 at 

harvest I to 1.15 at harvest III whereas no significant change was observed in 

sesbania where the ratio was 0.23 and 0.22 at the two harvests, respectively. 

However, the gain in dry matter between harvests followed a similar pattern in the 

two crops with significantly higher values for maize than sesbania (Fig. 4.45b). 

Roots of sesbania showed negligible nodulation probably due to the lack of 

rhizobia in the soil or due to higher amounts of mineral/mineralizable N in soil. 
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Table 4.16. Origin and amounts of total and mineralizable N derived from soil and 

applied ammonium sulphate (AS); Ndfam, N derived from AS; Ndfs, N 

derived from soil. 

 

Parameter Total Mineralizable 

mg kg-1 689.1 72.0 

15N excess    0.252  2.077

%Ndfam    6.7 55.3

%Ndfs   93.3 44.7 

mgNdfam  46.2 39.8

mgNdfs 642.9 32.2

% of AS-N   92.5 79.6 
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Fig. 4.45. Dry matter of maize and sesbania and its distribution in shoot and root 

portions. HI, HII, and HIII are harvest I, II, and III, respectively. The 

bars denote standard deviation. 
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Trends in N content of the root and shoot portions of maize and sesbania (Fig. 

4.46a) were similar to those observed for dry matter yield as the two parameters showed a 

significant positive correlation (r = 0.98, n = 18, p ≤ 0.05). Maize plants accumulated 

about 8 times more N compared to sesbania due to more extensive root system that 

explored a greater soil volume for nutrient acquisition. Uptake of N in maize was 

significantly reduced between harvest II and III as compared to that between harvest I and 

II (Fig. 4.46b). In contrast, sesbania showed a consistent increase in N uptake over the 

entire growth period. In both the crops, a higher proportion of N was partitioned to shoot 

than root. The difference was more in sesbania shoot that contained several times higher N 

as compared to roots. 

Per cent N content of the root and shoot portions was significantly lower for maize 

than sesbania (average of 3 harvests was 2.0 and 3.4% for shoot and 1.6 and 2.8% for root, 

respectively). It decreased in both the cases with the advancement of growth from harvest I 

and to harvest III through harvest II. The efficiency of N utilization (NUE) at the 3 

harvests was >40% better in maize than sesbania (Fig. 4.47a). It was several times higher 

between harvest II and III as compared with that during harvest I and II in maize. But there 

was only a small increase in sesbania (Fig. 4.47b). 

Uptake of N from newly applied 15N-labelled AS (that was immobilized in the 

presence of sucrose) by the two crop types and its distribution in root and shoot portions 

(Fig. 4.48a) showed a pattern similar to that observed for the total N (Fig. 4.48b). There 

was a significant correlation between the two parameters (r = 0.99, n = 18, p ≤ 0.05) 

suggesting the dependence of biomass production on N uptake. Similarly, significant 

correlations (r = 0.99, n = 18, p ≤ 0.05) were also obtained between total N content of the 

root and shoot portions of the two crops and N derived from soil (Fig. 4.48b). Close 

correlation (r = 0.97, n = 18, p ≤ 0.05) was also obtained between N derived from soil and 

AS. These correlations suggest that the pattern of N uptake from different sources was 

similar. 
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Fig. 4.46. Nitrogen content/yield of maize and sesbania and its distribution in shoot 

and root portions at/between harvests. HI, HII, and HIII are harvest I, II, and III, 

respectively. The bars denote standard deviation. 
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Fig. 4.47. Efficiency of N utilization at and between harvests. HI, HII, and HIII are 

harvest I, II, and III, respectively. The bars denote standard deviation.  
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Fig. 4.48. Plant N (shoot and root portions) at different harvests derived from 

fertilizer and soil/atmosphere. Ndff, N derived from fertilizer; Ndfs/a, 

N derived from soil/atmosphere. HI, HII, and HIII are harvest I, II, and 

III, respectively. The bars denote standard deviation.  
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Due to poor root proliferation compared to maize, sesbania obtained a 

significantly lower per centage of N originating from AS, i.e. 37.6 and 8.1% in the 

two crop types, respectively (the values are average of 3 harvests). Since no 

nodules were formed on sesbania roots as mentioned earlier, the entire N in 

sesbania as well as maize would have come from the soil. 

In spite of the fact that sesbania had a lower root biomass compared to 

maize, RNUE was several times higher in the former, the average of 3 harvests 178 

and 37, respectively (Fig. 4.49). The efficiency decreased with time in both the 

cases, i.e. from 46 at Harvest I to 25 at Harvest III in maize and from 206 to 167 in 

case of sesbania. Nitrogen derived from the applied source appeared to be more 

easily available than that derived from soil as the average values of efficiency for 

the 3 harvests was 19 and 17 for the two sources in maize against 97 and 81 in 

sesbania, respectively. 

4.1.9. Organic amendment accelerates nitrification in soil – an indirect 

evidence that plant growth affects rhizospheric microbial functions 

Fig. 4.50 presents the data on NH4
+-N, NO3

--N and NH4
++NO3

--N content 

of soil samples incubated for 5 days without or with wheat straw. Incubation 

period of 5 days was selected in view of the fact that the process of nitrification is 

fairly rapid and completed within this time. There was a rapid decrease in the 

content of NH4
+-N (Fig. 4.50a), the pace of decrease being much faster after days 

of incubation. Even after day 1, substantial decrease in the NH4
+-N content of soil 

was observed. This could be attributed to an initial immobilization of NH4
+-N that 

is assimilated in preference to NO3
- although pace of immobilization is generally 

more in the presence of easily oxidizable C sources. Since the soil samples were 

air-dried and remoistened, release of substantial quantities of decomposable C was 

not unexpected. The freshly released organic C would have resulted in initial 

immobilization of NH4
+-N. 
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Fig. 4.49. Efficiency of roots to acquire N from fertilizer and soil/atmosphere. 

Ndff, N derived from fertilizer; Ndfs/a, N derived from 

soil/atmosphere. HI, HII, and HIII are harvest I, II, and III, 

respectively. The bars denote standard deviation.  
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Fig. 4.50. Changes in NH4
+-N, NO3

--N and NH4
++NO3

- during incubation of soil 

amended with 0, 0.1 and 0.2% wheat straw and with or without the 

arrangements for trapping CO2. The bars denote standard deviation. 
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 The decrease in NH4
+-N was quick in soil samples amended with wheat 

straw. The extent of decrease was more at 0.2 than at 0.1% wheat straw. Negligible 

quantities of NH4
+-N were observed after 5 days of incubation. This decrease could 

partially be attributed to immobilization of N. However, data presented in Fig. 

4.50c suggests that immobilization was not the main reason for the decrease in 

NH4
+-N as the quantities of NH4

++NO3
--N were fairly stable during 5 days of 

incubation. Therefore, nitrification could have been the main reason for the 

decrease in NH4
+-N content. 

The amount of NO3
- increased rapidly after 3 days of incubation and the 

entire amount of NH4
+-N appeared to have nitrified during 5 days of incubation 

(Fig. 4.50b). In soil samples incubated in the presence of CO2 trapping system, 

nitrification was much slower and increased significantly with the amount of wheat 

straw. The difference in unamended and amended soil samples was substantial and 

significant after 3 and 5 days of incubation. Under normal conditions when CO2 

was not being trapped in NaOH, wheat straw amendment did not affect 

nitrification. It appeared that the process of nitrification is fairly sensitive to lower 

availability of CO2 although above certain limits the effect is not pronounced. 

Under normal conditions any CO2 generated through microbial respiration stays 

within the soil matrix and sufficient to meet the demands of autotrophic organisms 

responsible for nitrification. In this case, further additions to the decomposable C 

pool in the form of wheat straw may not have a significant affect on the process of 

nitrification. Under conditions of limited CO2 availability (in incubation jars with 

arrangement for trapping CO2), however, higher levels of CO2 are expected at 0.1 

and 0.2% wheat straw as compared to no straw addition thereby leading to 

significant effects on the rate of nitrification (Fig. 4.50b). These results suggested 

that organic amendment-mediated transient increase in soil CO2 prior to its efflux 

from soil and absorption in alkali was sufficient to stimulate the process of 

nitrification. 



 152

Table 4.17. Efficiency of nitrification expressed as the ratio of NO3
- to NH4

+ 
content of soil. 

 

CO2 level Amendment (%) Incubation time (days)

  1 3 5 

Low 0  0.15a 0.26d   1.17f 

 0.1 0.14a 0.51c   6.49e 

 0.2 0.14a 0.68b 11.63d 

 Average  0.14a 0.48c   6.43e 

      

Normal 0 0.17a 1.10a 63.51c 

 0.1 0.17a 1.18a 72.61ab 

 0.2  0.18a 1.19a 76.58a 

 Average  0.17a 1.16a 70.90b 

Values sharing a similar letter are not significantly different from each other 

at p ≤ 0.05. 
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Data in Table 4.17 shows the ratio of NH4
+ to NO3

- as a measure of the 

extent of nitrification (a higher ratio means more rapid nitrification). At day 1, the 

average ratio for different levels of wheat straw amendment was 0.14 and 0.17 

under low and normal CO2 conditions, respectively. Thus, the rate of nitrification 

was significantly higher under normal conditions. The difference due to CO2 

became more obvious after 3 days when the ratio was 0.48 and 1.16 (average of 3 

wheat straw treatments) under low and normal CO2 conditions, respectively; ratios 

after 5 days were 6.43 and 70.9 when the process of nitrification was almost 

completed. The ratios clearly depicted the significance of wheat straw amendment 

as these were significantly higher in amended soil and more at 0.2% than at 0.1% 

straw. 

 Data reported herein suggest the significance of OM in affecting 

nitrification. Under conditions of depleted OM or when the soil is exhausted of 

organic C, nitrification in soil will be curtailed. Hence, availability of NO3
- will be 

a limiting factor for leaching and denitrification. Thus, readily decomposable OM 

will favour denitrification not only due to enhanced supplies of C to the denitrifiers 

but also by ensuring enhanced availability of NO3
- through elevated levels of CO2 

and higher activity of the nitrifiers. 

 

4.2. Discussion 

Four plant types (two leguminous and two non-leguminous) were compared for 

growth characteristics, water relations, rhizospheric microbiology and microbial 

functions, and acquisition of nutrients especially N. The rate and extent of biomass 

accumulation varied significantly amongst plant types. This variation was 

attributable to root proliferation and root-induced changes in rhizospheric 

microbiology and microbial functions especially those affecting transformations 

and availability of N. Significance of these factors to overall plant performance is 

discussed. 
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4.2.1. Root architecture and N acquisition 

Roots are the major functionaries in acquisition of water and nutrients by 

plants. Under most situations the success of plants in terms of productivity depends 

to a significant extent on root proliferation and uptake/utilization of nutrients 

especially N. Incidentally, however, most often due attention is not paid to the 

hidden root portion mainly because of the technical difficulties involved under 

natural conditions, especially the excavation of whole root system (Gilles and 

Bahman, 2007). Presently, several experiments have been conducted using soil, 

sand, or agar as rooting medium to compare root architecture and proliferation in 

some leguminous and non-leguminous crop plants. A comparison of roots grown 

under different conditions showed better root proliferation in wheat and maize than 

the respective leguminous plant types, i.e. chickpea and sesbania. In one of the 

experiments, wheat and chickpea were grown in specially designed Plexiglas 

cassettes that allowed observation of the roots during the study (Fig. 3.2). Root 

proliferation and branching was different in the two plant types. Cereals are 

generally shown to have higher rooting densities (Anil et al., 1998) making them 

more competitive with respect to uptake of nutrients from the rhizosphere (Lynch 

and van Beem, 1993; Lynch and Beebe, 1995; Houggaard-Nielsen et al., 2001). 

Likewise, greater the latteral roots, better could be the nutrient acquisition. One of 

the reasons for improved nutrient uptake could be the higher release of cellular 

contents into the rhizosphere from the point of latteral root emergence (Kennedy 

and Tchan, 1992) and the consequent changes in soil microbiology and 

biochemistry. 

Changes in root architecture and proliferation may also occur in response to 

rooting medium conditions. The plants that are able to express the response in 

terms of root growth modifications are better able to withstand stress situations 

particularly those arising from water deficiency (Blaikie and Mason, 1993; 

Champoux et al., 1995; Gregory and Eastham, 1996; Price et al., 2000; Tuberosa et 
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al., 2003; Vadez et al., 2005; Manschadi et al., 2006 and 2008). Thus, differences 

in root proliferation in leguminous and non-leguminous plants in the present study 

may be attributed to the way the two types sense sufficiency (or otherwise) of the 

available water. 

The amount and availability of N and other nutrients in rooting medium also 

have a significant bearing on root growth and architecture. In one of the studies 

conducted, both NH4
+ and NO3

- had a significant negative effect on the root 

proliferation of both wheat and chickpea. However, the effect was more severe in 

case of chickpea where stunted root growth was observed. In wheat the growth and 

secondary branching of roots were better at lower concentrations of NH4
+-N. In 

chickpea, NH4
+-N had a negative effect only at 40 mg L-1. At 20 mg L-1, root 

length and secondary branching improved considerably. Presence of NO3
- in the 

rooting medium was inhibitory to secondary rooting. In the presence of both NH4
+ 

and NO3
-, root growth was better than in the absence of N in both chickpea and 

wheat. Increased N availability is reported to inhibit (Bloom et al., 1993; 

Marschner, 1998) as well as enhance (Jackson and Cladwell, 1989) root growth. 

Lewis et al. (1989) reported that NH4
+-fed wheat plants allocated 36% more C to 

the roots than NO3
--fed plants. Earlier, Hagemann (1984) proposed that higher 

allocation of photosynthates to roots was necessitated by enhanced 

carbohydrate/energy demands at the root level for efficient NH4
+ assimilation. 

Negative effect of nitrogen application was also observed in maize and sesbania. 

However, this impact was more severe in sesbania than that in maize. Negative 

effect of N on root proliferation appeared to persist throughout the growth period 

and even after 35 days, the root mass in both the crops appeared lower at 100 mg N 

kg-1 soil than that at 0 or 50 mg N kg-1 soil. Root branching and proliferation was 

more in maize than in sesbania at all N concentrations (the latter had less fibrous 

and stronger roots). 
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A close relationship is generally observed between root proliferation and N 

uptake from soil (Azam, 1992 a and b). Nakamura et al. (2002) reported that 

relative plant growth rate was highly correlated (r = 0.84, p ≤ 0.05) with relative N 

absorption rate in plant and that N absorption was regulated by root activity 

(specific N absorption rate per unit root mass and length). They also found a close 

relationship between biomass and N uptake (ratio of biomass to N gathered being 

about 120). Personeni et al. (2005) found the ratio of above ground biomass to N 

harvest of >50 for two genera of grasses. Studies carried out by Lee et al. (1996) 

on sorghum suggested that the ability of crop plants to use the mineralized N 

depends on the root system development and the rate at which they absorb N. Data 

reported by Soon et al. (2001) showed a ratio of 23 for biomass gathered to N 

taken up at early growth stages of wheat that widened to about 70 at maturity. The 

plants that were more efficient in taking up N showed a higher growth rate and 

biomass accumulation. 

Not only root proliferation per se but their efficiency to take up nutrients 

(particularly N in the present context) may vary and exert a significant influence on 

plant performance. In different studies, root N uptake efficiency (RNUE) of 

leguminous plants (chickpea and sesbania) was several times greater than that 

observed in non-leguminous plants (wheat and maize). In one study for instance, 

RNUE averaged 44.8 and 107.9 in wheat and chickpea, respectively. In another 

study, RNUE was 28.1 and 127.8 for maize and sesbania, respectively when 

averaged over different harvests and soil treatments. Martin et al. (1991) showed 

much less biomass in case of soybean (legume) as compared to maize (non-

legume) but the two had a similar N content, i.e. the N per unit weight was much 

higher in case of soybean and so was the efficiency of N mining from soil or soil + 

atmosphere. Such a possibility is more pronounced under conditions of high N in 

the root zone that results in higher N uptake per unit root (Smart and Bloom, 1988) 

so that a small root could meet its own N requirements as well as that of the shoot 
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(Wardlaw, 1990). Besides other factors, a higher tissue water contents in the root 

portion of chickpea and sesbania plants could help in maintaining a higher 

metabolic activity including root exudation and root-induced microbial activities 

vis-à-vis N nutrition. 

Some studies suggest that the impact of root proliferation on N uptake may 

be limited and more critical for plant-to-plant competition than for N uptake of 

whole crop (Gastal and Lemaire, 2002). However, hardly any comparison of 

legumes and non-legumes has been reported to establish the relationship of 

differences in root growth with those of N uptake from soil. Mere difference in 

intensity of rooting system may not be enough to justify the variations in nutrient 

acquisition since even a restricted root system is reported to effectively absorb N 

(Burns, 1980). Thus, there may be additional mechanisms responsible for the 

differences in N acquisition pattern by legumes and non-legumes besides 

differences in rooting intensity and architecture. 

In a cereal-legume intercropping system, an increase in cereal and a decrease 

in legume intercrop yield is frequently reported (Houggaard-Nielsen and Jensen, 

2001; Li et al., 2001; Banik et al., 2006). These changes are attributed to above- 

and belowground interactions (Zhang and Li, 2003). Cereals generally have much 

greater rooting densities (Anil et al., 1998) making them more competitive with 

respect to uptake of nutrients from the rhizosphere (Houggaard-Nielsen et al., 

2001). The increase in the yield of cereal is reported to result from inherently more 

proliferated root system and thus, a higher volume of the soil being explored for 

nutrients vis-à-vis selective mobilization of nutrients like P by the legume. It is 

seldom, however, that mutual effects on root growth per se are considered an 

important factor that could affect the ultimate growth/yield of the two companions 

although relatively extensive root system of the cereal is considered an advantage 

for more efficient exploration/uptake of nutrients (Anil et al., 1998). Besides, 

observations are generally recorded at the end of some competitive period and such 
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studies do not address dynamics of certain changes in plant growth parameters 

(Connolly et al., 1990; Turkington and Jolliffe, 1996). Weigelt and Jolliffe (2003) 

suggested that it may be worthwhile to obtain sequential harvests to track the 

changes in the two crops over a period of time. 

The wheat roots were found to be more prolific than those of chickpea 

whether the two were grown solely or as a mixture. In the case of mixture, 

however, root growth of wheat was more pronounced in the presence than in the 

absence of chickpea. This enhancement could have resulted from the enhanced 

availability of P in the chickpea rhizosphere and the competitive edge of wheat for 

P uptake vis-à-vis more proliferated root system. The suggestion is based on the 

reports that besides N-use complementarity (Anil et al., 1998; Jensen, 1996; 

Anderson et al., 2004), facilitated P nutrition of a non-legume by a legume is 

considered as one of the factors responsible for higher yield of the former when 

intercropped. A part of the benefit to wheat could have been derived from the 

release of N from fast degrading root system of chickpea. Difference in root 

proliferation in the limited rooting environment of the experimental pots was well 

reflected in aboveground biomass. The biomass yield (including grain number and 

grain yield) of chickpea decreased drastically especially towards maturity. 

An important observation in this intercropping study was an inhibition with 

time of root proliferation in chickpea by wheat that resulted in overall yield 

reductions and ultimately the grain yield. The interference of one crop plant 

species with another when grown together (or in rotation) is a common observation 

(Roth et al., 2000). There are several physical (e.g. competition) and chemical 

mechanisms (e.g. allelopathy) by which certain plants inhibit the growth of 

neighbouring plants (Bezuidenhout and Laing, 2006). Inhibition of root growth in 

chickpea could be due to the allelochemicals released directly from the wheat roots 

and/or resulting from microbial synthesis induced by root exudates. Such 

allelopathic effects on roots have been reported by Rizvi et al. (1992) and Kuk et 
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al. (2001) and may vary greatly in intensity (Bezuidenhout and Laing, 2006) 

depending upon the nature of receiving plant and the physiological/metabolic 

processes that are influenced. Amongst several processes susceptible to 

allelopathic influences (Rice, 1984; Putnam and Tang, 1986), decrease in cell 

water potential could significantly hamper root growth and physiological activity. 

The roots of chickpea plants studied after 8 and 10 weeks of growth in the present 

work showed a significant reduction is tissue water contents due to the companion 

crop. This observation is also in line with other reports that show reduced tissue 

water contents in plants subjected to stresses like salinity and drought (Azam et al., 

2006). Thus, the chickpea plants grown in association with wheat were under some 

kind of stress; allelopathy being one of the possibilities. Interestingly, chickpea did 

not affect the tissue water contents of wheat adversely. 

Although not studied, chickpea roots could have been physically damaged 

due to the allelochemicals of wheat origin making the cells leaky (greater 

partitioning of the photoassimilates into the rhizosphere) as well as interrupting the 

flow of water/nutrients into the roots and disturbing the normal physiological 

functioning of roots. The possibility of damage to chickpea roots by wheat and 

consequently higher flow of photosynthates towards roots was also supported by i) 

significant decrease in tissue water contents of roots and ii) significant increase in 

the total weight pot-1 of nodules. Indeed, root damage is a prelude to nodulation 

that can also be induced by chemical means, more precisely the pseudonodulation 

caused by 2,4-D treatment of roots (Cocking et al., 1990; Akao et al., 1991; Azam, 

2002). Reduction in root proliferation did result in decreased number of nodules 

but the average weight of nodules was almost twice in the presence than the 

absence of wheat. Thus, wheat roots seem to enhance effective nodulation but 

reduce the competitiveness of chickpea through inhibition of root growth. Indeed, 

the proportion of biologically fixed N in intercropped legume is reported to 

improve (Jensen, 1996). 
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4.2.2. Rhizosphere and rhizodeposition 

Rhizosphere is generally defined as the volume of soil influenced by root activity 

(Hinsinger, 1998). This influence is exercised through the release of organic as 

well as inorganic chemicals (rhizodeposits) and by affecting the water availability. 

Chemically and physically, the rhizosphere is considered to be a complex and 

changeable entity (Curl and Truelove, 1986) mainly because of the qualitative and 

quantitative differences in the rhizodeposits. In the present studies, both direct and 

indirect approaches were adopted to quantify the rhizodeposits in wheat, chickpea, 

Sesbania and maize. Direct approach relied on the use of 14C pulse labeling 

technique and soil or sand adhering to the roots was taken as an indirect measure of 

rhizodeposition. Carbon-14 pulse labeling has been used to successfully quantify 

rhizodeposition as well as photosynthates partitioning (Mehrag and Killham, 1990; 

Whipps, 1990). 

In an experiment using 14C pulse labeling technique, different plant types 

assimilated 34.2% of the 14C introduced into the growth chamber. Of the 14C 

assimilated, 11.4, 55.3, 21.0, and 12.3% was determined in wheat, maize, 

chickpea, and Sesbania, respectively. Thus, maize was the most efficient to 

assimilate 14C and showed highest specific activity. Plants like maize having C4 

photosynthetic pathway are known for higher efficiency of C assimilation. 

Respiratory loss of 14C varied from a minimum of 31.1% in wheat to a maximum 

of 43.8% in chickpea. Differences were also observed in the proportion of 14C 

released into the rooting medium as rhizodeposits. From 1.45 to 2.52% of the 

assimilated 14C was determined as rhizodeposits. Since, microbial component in 

the rooting medium (that was continuously being aerated) was assumed to be 

negligible, entire root exudates would have been determined as rhizodeposits. 

Although wheat showed highest proportion of 14C as rhizodeposits (2.52%), maize 

proved to be the most efficient as 14C released per unit plant biomass was the 

maximum in this case i.e. 1.7 KBq g-1 plant biomass compared to 0.83, 1.23, and 
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1.10 in case of wheat, chickpea and Sesbania, respectively. The results of this 

study suggest that maize was not only most efficient in assimilating CO2 but was 

also the most efficient in net rhizodeposition. 

Using 14C pulse labeling technique, Kuzyakov and Domanski (2002) 

reported that of the total C translocated below ground, 7-13% is ultimately found 

in roots, 2-5% exuded and 7-14% used up in root respiration for the maintenance, 

root growth and ion uptake. Over the entire cropping period, cereals, e.g. wheat 

and barley may transfer 20-30% of the assimilated C into the soil (Gregory and 

Atwell, 1991). Keith et al. (1986) reported rhizodeposition amounting to 1000-

1500 kg C ha-1 that is equivalent to 15-30% of that assimilated by plants. Studies 

reported by Amos and Walters (2006) showed 5-62% of the root derived C in soil 

to be present as rhizodeposits and rhizodeposition was strongly correlated with 

photosynthesis. The transport of recently assimilated C to the rhizosphere is fairly 

quick. Within days a significant proportion of the photosynthates is transported to 

roots and rhizodeposits, the losses being the maximum during the first two days 

after assimilation (Wlofgang et al., 1999; Kuzyakov et al., 2001). In pulse labeling 

studies, translocation of recent photoassimilates belowground can be detected 

within 30 minutes; the maximum rate of translocation (17.8%) being observed 

during the first 3 hrs (Rattray et al., 1995). 

Plant to plant differences in rhizodeposition was significant as 1.45 to 

2.52% of the assimilated 14C was determined as rhizodeposits during one week of 

plant growth. The maximum proportion of assimilated 14C determined as 

rhizodeposits was found in wheat; leguminous plants i.e. Sesbania and chickpea 

showed lower rhizodeposition. Such differences have frequently been reported 

earlier (Whipps, 1985; Helal and Sauerbeck, 1987; Gregory and Atwell, 1991; 

Kuzyakov and Domanski, 2000; Amos and Walters, 2006). It is because of these 

differences (quantitative as well as qualitative) that the rhizospheric effects differ. 

Although, N rhizodeposition was not measured, it may represent up to 70% of the 
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total shoot N (Høgh-Jensen and Schjoering, 2001) with leguminous and non-

leguminous plants showing significant differences (Janzen, 1990; Janzen and 

Bruisma, 1993; Jensen, 1996; Hogh-Jensen et al., 2001; Mayer et al., 2003; 

Schmidtke, 2005). Mayer et al. (2003) suggested that N rhizodepopsition from 

grain legumes represent a significant pool for N balance and N dynamics. In 

another study, Molina et al. (2005) attributed 24% of the total N in corn to 

rhizodeposits. 

A substantial proportion of the rhizodeposits is used for the microbial 

synthesis of exopolysaccharides (EPS) in the rhizosphere. A variety of 

microorganisms including fungi and bacteria are known to synthesize EPS 

(Amellal et al., 1998; Banik et al., 2000). The EPS are aggregation-adhesion 

macromolecules that play an important role in microbial adhesion to surfaces as 

well as in soil aggregation (Tisdall, 1994; Imam et al., 1991, 1993). Thus, the 

intensity of soil aggregation or adhesion of soil to roots will depend on the plants’ 

ability to support EPS synthesis. In the present studies, adhesion of soil or sand to 

roots was taken as a measure of rhizodeposition and synthesis of EPS in the 

rhizosphere of wheat, maize, Sesbania and chickpea. In one of the studies, wheat 

and chickpea showed a clear difference in binding sand to the roots. Apparently, 

the wheat roots release aggregation/adhesion macromolecules in significant 

quantities leading to adherence of sand particles to the surfaces. Another 

possibility, however, is the physical entrapment of particles between the root hairs. 

In sharp contrast to wheat, chickpea roots were almost clear of sand particles. The 

property of producing exopolysaccharides and the subsequent adherence of sand 

(or soil when this is the rooting medium) has significance for dynamics of 

microbial population as well as different microbial functions vis-à-vis soil 

structuring. Thus, the two plant types will have a difference influence on the 

rhizospheric activities. As mentioned earlier, the plant types do differ in 

rhizodeposition and the synthesis of aggregation adhesion macromolecules. 
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In another experiment, two varieties of maize were grown in pots using 

sand as the rooting medium. Root adhering sand (RAS) ranged between 9 and 14 g 

pot-1. The capacity of the roots to retain sand on their surfaces ranged between 2 

and 2.7 g g-1 fresh weight and 31 and 42 g g-1 dry weight of root; generally being 

higher in NH4
+-fed plants in all cases. Relatively higher amounts of RAS in NH4

+-

fed plants could be explained on two accounts i.e. i) higher rhizodeposition in 

NH4
+- than NO3

--fed plants (Giordano et al., 1994; Mahmood et al., 2002), and ii) 

higher activity of microorganisms responsible for the synthesis of polysaccharides 

effective in binding sand particles; microbial preference for NH4
+ over NO3

- has 

been reported (Jansson, 1958; Azam et al., 1993). Lewis et al. (1989) reported that 

NH4
+-fed wheat plants allocated 36% more C to the roots than NO3

--fed plants. 

This may be necessitated by enhanced carbohydrate/energy demands at the root 

level for efficient NH4
+ assimilation. Under hydroponics conditions, bacterial 

abundance on barley roots was found to increase at higher NH4
+-N concentrations. 

This could be attributed to increased rhizodeposition as measured by 14C methods 

(Liljiroth et al., 1990 a and b) as well as through higher proliferation of bacteria at 

the expense of NH4
+; rise in the pH in the presence of NH4

+ could also lead to 

higher bacterial population. Martins-Lucao et al. (2000) suggested that cracks 

developed by greater root branching and root initials in response to NH4
+ were 

responsible for higher rhizodeposition. 

A significant positive correlation (r = 0.84, n = 10, P ≤ 0.05) was obtained 

between RAS and root mass suggesting a relatively symmetrical release of binding 

materials by the roots. Rhizodeposition from plant roots is well documented as a 

function of both rhizospheric and atmospheric factors (Høgh-Jensen and 

Schjoerring, 2001; Shaw and Burns, 2005). Its higher moisture content supported 

presence of polysaccharides in the RAS. Against 15% moisture of the bulk sand 

maintained before plant removal, the RAS contained 16-23% moisture; higher 

moisture content of RAS being observed for NH4
+-fed plants but the average for 2 
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maize varieties (19.3 and 19.4%) was not significantly different. Synthesis of 

exopolysaccharides by rhizospheric microorganisms, especially bacteria and their 

ability to hold water several times their weight is well documented (Ashraf et al., 

1999). Whiteley (1989) suggested that exudation of mucilage from roots (as well 

as bacterial EPS) could farm a viscous gel in the soil, thereby increasing the water 

holding capacity of the latter. Young (1995) reported rhizosheath (the zone of soil 

adhering to the roots or RAS) to be significantly wetter than bulk soil. More 

importantly, the mucilage that consists of complex polysaccharides may provide a 

significant source of C for microbes that colonize the rhizosphere (Knee et al., 

2001). Mary et al. (1993) suggested that mucilage that comprises approximately 

95-97% of sugars and 3-5% amino acids could be degraded and utilized at 

reasonable rates by soil microbes (Bacic et al., 1988). Hence, the higher moisture 

content of RAS could be due to intense microbial activity in the rhizosphere at the 

expense of root secretions that would also lead to the production of 

exopolysacchrides (EPS) with an ability to draw the water (and hold it) from bulk 

soil. Although these polysaccharides constitute only 0.1 to 1.5% of the SOM, they 

play a pivotal role in soil aggregation and flow of nutrients at the soil-root interface 

(Tisdall, 1994). 

 

4.2.3. Root induced N mineralization vis-à-vis rhizodeposition and priming 

effect 

Studies reported herein indicate that N accumulated by leguminous plants 

generally remained significantly lower than non-leguminous plants although N 

concentration was higher in both root and shoot portions of the former. The factors 

responsible could be: i) the difference in root architecture and proliferation as 

described elsewhere, ii) specific root effects on the mineralization of native soil N 

vis-à-vis rhizodeposition and microbial biomass, iii) rhizorespiration and the 

effects on nitrification, and iv) availability of different N forms. 
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Contradictory reports have been made on the direct influence of roots on N 

mineralization. Both positive and negative effects have been shown by different 

workers (Molina and Rovira, 1964; Huntjens, 1971; Bottner et al., 1991; Texier 

and Billes, 1990; Haider et al., 1993; Qian et al., 1997). Similar contradictory 

reports are also available as regards the effect of plants on OM decomposition. 

Billes and Bottner (1981) and Cheng and Coleman (1990) reported an increase in 

the rate of SOM decomposition in planted soil. In another study, Personeni et al. 

(2005) reported that the presence of grass rhizosphere led to an increase in the 

decay rate of native C. Negative (Faber and Verhoef, 1991) and no (Harmer and 

Alexander, 1985) effect of plant roots have also been reported. The discrepancy 

suggests the diversity of soils, plant species and experimental methods and the 

complexity of plant-soil interactions and their influence on C and N dynamics. A 

significant correlation was observed between root biomass and N uptake in all the 

four plant types. This observation is in line with previous reports (Azam, 1992 a 

and b) suggesting the significance of root proliferation in N nutrition of plants. 

This relationship is based on the fact that a well-proliferated root system is able to 

tap the available N in a greater soil volume. Nakamura et al. (2002) reported that N 

absorption was regulated by root activity and observed a close relationship 

between biomass and N uptake. According to Lynch and van Beem (1993), Lynch 

and Beebe (1995) and Lee et al. (1996), genotypes having well developed root 

system are more efficient in taking up nutrients. Some other studies, however, 

show that root biomass may not necessarily be responsible for enhanced N uptake 

as pruned and restricted roots may be equally effective (Andrews and Newman, 

1970; Burns, 1980). 

Not only root proliferation per se but the efficiency of roots to take up 

nutrients (particularly N in the present context) may vary significantly irrespective 

of the root system proliferation. In different studies conducted for this dissertation, 

root N uptake efficiency (RNUE) of leguminous plants (chickpea and sesbania) 
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was several times greater than that observed in non-leguminous plants (wheat and 

maize). In one study for instance, it averaged 44.8 and 107.9 in wheat and 

chickpea, respectively. Martin et al. (1991) also reported similar results for 

soybean. Some studies suggest that the impact of root proliferation per se on N 

uptake may be limited but more critical for plant-to-plant competition than for N 

uptake of a whole plant population such as a crop (Gastal and Lemaire, 2002). It 

would appear therefore that besides root architecture/proliferation mechanisms like 

direct root effect on the availability of N from SOM may play an important role in 

N acquisition. This effect is presumably different for different plant types as 

observed in the present studies in terms of RNUE and could be mediated by the 

quality and quantity of the rhizodeposits. 

Lohnis (1926) was the first to report an increase in the mineralization of 

native organic N in soil following addition of carbonaceous materials. Subsequent 

experiments by Broadbent and Bartholomew (1948) and Broadbent and Norman 

(1948) clearly demonstrated an increase in the mineralization of soil C and N 

following addition of plant residues and mineral N. An increase in the release of 

organic N from soil due to living roots has also been reported (Sanchez et al., 

2002) and a clear evidence for this was provided by Sapozhnikov et al. (1968) in a 

split-root experiment. As suggested earlier, this impact may originate from 

rhizodeposition that have a priming effect on the decomposition of SOM and 

mineralization of N. Bingemann et al. (1953) introduced the term “priming effect” 

to interpret such phenomenon. Kuzyakov et al. (2000b) interpreted priming action 

as “strong, short-term changes in the turnover of soil organic matter caused by 

comparatively moderate treatments of the soil”. The priming effect is reported to 

increase with the amount of applied C and N (Azam et al., 1993c; Jenkinson and 

Ladd, 1981). Both the amount and C:N ratio of the additive (or rhizodeposits) are 

important in causing a priming effect; narrow C:N ratio being more effective 

(Woods et al., 1987). Sanchez et al. (2002) attributed the difference in priming 
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effect to qualitative and quantitative differences in root exudates. Thus, 

rhizodeposits with higher N content and a narrow C:N ratio will lead to higher net 

mineralization of N and its uptake by plants. This was the case in the present 

studies where leguminous plants showed higher root N uptake efficiency (RNUE) 

in spite of lower root biomass. In fact, the first reports on the phenomenon of 

priming were from studies using leguminous plant residues (Lohnis, 1926; 

Broadbent and Bartholomew, 1948; Broadbent and Norman, 1948). In a laboratory 

incubation experiment, plant residues of soybean, corn, and vetch were found to 

enhance the mineralization of native soil N (Azam et al., 1993b). Leguminous 

plants are reported to exude N rich compounds which may act as primers for 

degradation of existing soil organic matter and thus, lead to increased nutrient 

availability (Grayston et al., 1996; Laidlaw et al., 1996). The net effect will be a 

higher RNUE for leguminous plants as observed in the present studies. It would 

appear therefore that the quality of rhizodeposits could be an important factor 

affecting RNUE vis-à-vis priming effect. Nitrogen transformation processes in the 

rhizosphere of different plant types may also affect the dynamics and plant 

availability of N. In wheat rhizosphere, for example, low potential nitrification 

activity would lead to accumulation of NH4
+ and consequently a higher priming 

effect. Significance of the form of mineral N for priming effect is well documented 

(Jansson et al., 1955; Jenkinson and Ladd, 1981; Rice and Tiedje, 1989; Azam, 

2002). 

Roots also exert a positive effect on the mineralization of soil N through 

increased microbial activities at the expense of rhizodeposits (Haider et al., 1987; 

Zagal, 1994; Kuzyakov et al., 2000a). The presence of plant roots is reported to 

have a significant positive effect on soil microbial population (Barber and Lynch, 

1977; Bazin et al., 1990; Curl and Harper, 1990; Qian et al., 1997). According to 

Kuzyakov et al. (2000b) the maximum priming effect appears approximately at the 

same time as the maximum of the activity or amount of microorganisms. Indeed 
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production of rhizodeposits is a direct root control of N mineralization (Clarholm, 

1985a and b), the former being a significant C and energy source for the soil 

microbial community (Bakken, 1990; Texier and Billes, 1990). Whipps (1985) 

reported that in young corn, 47-69% of the total C transferred to the roots could be 

lost in the form of rhizodeposits. Helal and Sauerbeck (1987) estimated that the 

amount of C released by corn roots from 7-30 d after planting was equivalent to 

>1000 kg ha-1. In the present studies, the differences in uptake of N from readily 

mineralizable components (e.g. in an experiment where sesbania and maize were 

grown in soil containing readily mineralizable 15N-labelled pool) could be 

attributed to the differences in root mass as well as higher microbial biomass; 

maize showed higher N uptake because of the these factors. Since biomass is the 

labile and dynamic entity in soil, any differences due to crop type will be reflected 

in N mineralization and uptake. Microbial biomass N in the present studies was 

higher in wheat and maize as compared to that in sesbania and chickpea This could 

be one of the factors responsible for higher N and, thus the plant biomass in non-

leguminous than leguminous plants. 

 

4.2.4. Microbial biomass and dehydrogenase activity 

Microbial biomass (MB) is a small but labile and dynamic source of major 

plant nutrients (Jankinson and Ladd, 1981; Dick, 1992; Reyes-Reyes et al., 2007) 

that has been proposed as a sensitive indicator for soil health and quality (Sparling, 

1992). Besides MB, dehydrogenase activity (DA) is considered an indicator of 

overall microbial activity. It occurs intracellularly in all living microbial cells and 

is linked with respiratory processes (Skujins, 1976; Bolton et al., 1985; Nannipieri 

et al., 1990). Changes in DA could provide a useful index of soil quality vis-à-vis 

availability of carbonaceous materials to rhizospheric microflora (Dick, 1992; 

Visser and Parkinson, 1992). A close correlation is generally observed between 

MB and DA (Klsoe and Tabatabai, 2000; Chu et al., 2007). In different studies 
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conducted for this dissertation, MB and dehydrogenase activity exhibited a 

significant positive correlation (r = 0.92, p ≤ 0.05). Singh et al. (2004) found that 

during 80-day experimental period, both MB and soil DEA increased significantly 

(7-folds) in planted soil and the two parameters were significantly correlated. This 

close relationship is one of the reasons that DA is also used as a measure of 

microbial activity (Nannipieri et al., 1990). 

An important factor regulating the size and activity of soil MB is the quality/ 

quantity of soil inputs in the form of plant residues or rhizodeposits; higher 

rhizodeposition leads to increased MB (de Graff et al., 2007). Hence, MB can also 

serve as an indicator of the rhizodeposition and/or root-induced increase in 

transformation of relatively recalcitrant SOM. Using 14C pulse labeling approach, 

Liljiroth et al. (1990 a and b) reported a close correlation (r = 0.87, p ≤ 0.05) 

between the amount of carbon translocated into the rhizosphere and the bacterial 

biomass. A higher content of MB in planted than unplanted soil is also reported 

(Bottner et al., 1988). 

In one of the studies conducted for this dissertation, growth of wheat and 

chickpea led to a significant increase in N determined as MB. In planted soil 

biomass N was found to be significantly higher as compared to that in unplanted 

soil, i.e. 18.5 and 22.1 μg g-1 soil in wheat and chickpea, respectively, as compared 

to 13.9 μg g-1 in unplanted soil; an observation in line with the findings of 

Wheatley et al. (1990). The two crop types not only differed in MB N but also 

showed a significant (p ≤ 0.05) difference in the amount of extractable N from 

unfumigated (average for different varieties of wheat and chickpea being 5.8 and 

6.5 μg g-1 soil, respectively) suggesting that chickpea maintains a higher proportion 

of N in relatively labile fractions. The plant type and cropping history is reported to 

have a marked influence on MB (Mahmood et al., 2005a, 2007; Dijkstra et al., 

2006; Gaind and Lata, 2006). Goertzen and Bower (1958) found higher 
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rhizorespiration (respiration in the root zone) by alfalfa than rhodesgrass 

suggesting that the former supports greater biomass. 

Differences in root-induced changes in MB are found even between cereals. 

Mahmood et al. (2005a) found higher biomass under maize than wheat. Merckx et 

al. (1987) reported that materials released from corn roots were incorporated into 

the MB to a higher degree than materials from wheat roots. A close relationship 

between soil MB and rhizodeposition has been reported (Kuzyakov and Domanski, 

2002) whereas 13-16% of the total plant N and 80% of the belowground plant N 

could be attributed to rhizodeposits in legumes (Mayer et al., 2003). In addition, 

rhizodeposits from leguminous plants are reported not only to be greater in 

quantity compared to non-legumes but more labile as well (Jensen, 1996). 

Higher biomass N in leguminous crop (chickpea) than non-leguminous 

(wheat) crop could be attributed to greater N rhizodeposition by the former. In a 

pot experiment, Breland and Bakken (1991) found higher biomass N in clover than 

barley and ryegrass. This observation suggested higher amounts of total or at least 

N-rich rhizodeposits in leguminous plants. Such differences have also been 

reported in studies on crop rotations. For example, Balota et al. (2003) reported 

higher biomass N in soybean-wheat rotation as compared to that in maize-wheat or 

cotton-wheat rotations and attributed this to a narrow C:N ratio of rhizodeposits in 

soybean. Another reason for the difference in biomass N between leguminous and 

non-leguminous plants could be the relative contribution of bacteria and fungi. 

Although differentiation between bacterial and fungal biomass was not attempted 

in the present studies, chickpea was found to support a higher number of bacteria 

than wheat due to the higher N content of rhizodeposits. This could possibly be due 

to N rich rhizodeposits and a comparatively higher N demands for bacterial 

metabolism. 

Data reported herein indicate that soil sown to chickpea and wheat 

contained 22 and 19 mg N kg-1 as biomass. Mayer et al. (2003) reported that 
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biomass N in soil planted to different legumes was >30 mg kg-1. In another 

experiment where maize (non-legume) and sesbania (legume) were grown in soil 

receiving different N concentrations (0, 50 and 100 mg kg-1), the biomass N was 

found to average 25.0 mg kg-1 in root adhering soil (rhizospheric soil showing the 

maximum influence of roots) under different conditions. Biomass N generally 

increased with the age of plants and was not affected by the rate of N applied in 

sesbania. But in soil planted to maize, N application had a positive effect at all 

three harvests. However, biomass N was slightly more but statistically non 

significant in RAS of maize compared to sesbania, i.e. 25.5 vs 24.6 µg g-1 soil 

probably because of higher root mass. Relative abundance of nutrient elements is 

reported to affect rhizodeposition and consequently the MB. Liljiroth et al. (1990a) 

found that for wheat grown in soil, more assimilate measured by 14C method was 

translocated to the rhizosphere at high than low N concentrations. In another study, 

Liljiroth et al. (1990b) found higher bacterial abundance at barley roots at higher N 

concentrations under hydroponic conditions. 

Dehydrogeanse activity may vary widely. Sparling (1981) reported the 

activity to be 100 µg TPF g-1 soil hr-1. In the present studies, the root influence 

caused a significant increase in the activity of this enzyme. Expressed in terms of 

the product, it was 73.1 and 29.5 µg TPF g-1 soil 24 h-1 in root adhering soil and 

bulk soil, respectively, when maize and sesbania were grown. The activity 

increased with age of the plants in both the crops but more so in maize than 

sesbania. The DA was higher in maize at all the three growth stages, i.e. 64.1, 78.4, 

and 85.8 as compared to 60.6, 76.8, and 73.0 µg TPF g-1 soil 24 h-1 when taken as 

an average of 3 harvests. Effect of N on DA was not very clear irrespective of the 

growth stage and the type of crop. In the present study, both wheat and chickpea 

varieties had a significantly positive effect on DA of the soil. The results suggested 

that chickpea supports higher microbial activity (when looking at DA) probably 

because of N rich rhizodeposits. Higher plant biomass of chickpea varieties and 
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consequently higher rhizodeposition would have caused enhanced rhizospheric 

microbial activities including DEA. The inter-varietal difference in DEA was 

observed for both the crops but chickpea varieties were more diverse compared to 

wheat varieties (deviation for wheat and chickpea varieties was 20 and 80%, 

respectively). 

Microbial biomass N accounted for 2.7 to 3.5% of the total N under different 

crop types. Being a labile and dynamic entity, the role of microbial biomass in N 

nutrition hardly needs emphasis. Since microbial cells undergo a fast turnover and 

readily mineralized by the surviving microflora (Jenkinson, 1976; Anderson and 

Domsch, 1978), it has been suggested that they contribute substantially to the pool 

of mobile plant nutrients in soil (Anderson and Domsch, 1980). Studies have 

indicated that N from microbial cell walls and cell contents makes an essential 

contribution to the readily mineralizable organic N in soil (Marumoto et al., 1977). 

Anderson and Domsch (1980) indirectly estimated the amount of nutrient elements 

in the microbial biomass of 26 soils. The average amount of N, P, K stored in the 

vegetative cells of microflora of arable soils (upper 12.5 cm) was estimated to be 

about 108, 83, 70, and 11 kg ha-1, respectively. Jenkinson and Ladd (1981) 

determined biomass N and biomass P to be 95 and 11 kg ha-1 with a flux of 38 and 

5 kg ha-1 yr-1, respectively. They found a close relationship between biomass N and 

plant uptake of N; a similar relationship was found for P taking C/P ratio as 50. 

Azam et al. (1989) found biomass N to be 64-186 kg ha-1 and it showed a 

significant correlation with N uptake by wheat plants. Witt et al. (2000) 

demonstrated a clear indication that biomass underwent a transition from sink to 

source of plant nutrients, flooded rice being the indicator crop. 

 

4.2.5. Rhizospheric bacterial diversity 

Soil microorganisms occupy a key position in maintaining soil health and 

function in both natural and managed agricultural ecosystems. This is because of the 
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reason that microbes are involved in soil structure formation, decomposition of OM, 

toxin removal and the cycling of nutrients like C, N, P, and S (van Elsas and Trevors, 

1997). In addition, microorganisms play key roles in suppressing soil-borne plant 

disease, in promoting plant growth, and changes in vegetation (Doran et al., 1996). 

Therefore, fertility and productivity of soil depends to a significant extent on the 

rhizospheric microbial activities that not only enhance nutrient availability to plants 

but also exert indirect effects on root growth and proliferation (Höflich et al., 1994; 

van Loon et al., 1998) 

Studies aimed at determining microbial diversity showed that non-leguminous 

plants were more supportive of both fungal and bacterial populations. This 

observation was also commensurate with higher biomass content in the rhizosphere 

of wheat and maize. Relatively higher fungal population in the rhizosphere of wheat 

as compared to that of chickpea could have been one of the reasons for higher 

immobilization of N observed in one of the studies. Fungal biomass is reported to 

have wider C:N ratio as compared to that of bacterial biomass and hence could 

support higher immobilization of N (Anderson and Domsch, 1980). However, only a 

limited diversity of fungi was observed in the rhizosphere soil of any of the crop 

plants tested and only 6 species belonging to 4 genera were isolated. These included 

Aspergillus niger and A. flavus, A. fumigatus, Alternaria alternata, Curvularia lunata, 

and Stachybotrys atra. In some previous studies, reported from Pakistan, species of 

Aspergillus were found to be the most dominant (Malik et al., 1980). 

Generally the microbial population was more in the RAS as compared to 

the bulk soil, an observation in line with other reports (Anderson, 1988). In some 

cases the differences in population densities of RAS and bulk soil varied from 5 to 

100 times (Mowad et al., 1984; Lynch and Whipps, 1990). Also the root-borne 

carbohydrates significantly affect the microbial diversity (Kloepper et al., 1991; 

Marilley and Aragno, 1999). These factors influence mineral nutrition of plants 

(Marschner, 1998). Increased rhizodeposition may limit N supply to plants because 
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of intense microbial immobilization. Higher microbial population may partially 

explain higher moisture content of the RAS, as some of the bacteria like species of 

Pseudomonas and Bacillus are able to synthesize aggregation-adhesion 

macromolecules and could, thus help improve water-holding capacity of the soil. 

Mucilage excreted from plant roots (Whiteley, 1989; Young, 1995) consists of 

complex polysaccharides may provide a significant source of C for microbes that 

colonize the rhizosphere and synthesize polysaccharides (Knee et al., 2001). Of the 

different bacteria identified in the present studies (discussed latter), B. cepacia is 

reported to produce exopolysaccharides consisting of about 20% (w/w) levan 

(Cescutti et al., 2003). It is a common plant-associated bacterium (Balandreau et 

al., 2001) and can colonize rice, corn, maize, pea, sunflower, and radish and is one 

of the organisms registered as biocontrol agent for soil-borne plant pathogens (Kim 

et al., 1997). The bacterium B. cepacia is reported to flourish on root 

exudates/mucilage (Knee et al., 2001). Likewise, S. paucimobilis is an important 

source of gellan that is an excellent gelling agent and have industrial uses (Banik et 

al., 2000). This was formerly called Pseudomonas paucimobilis and latter given 

the present name (Kawahara et al., 1991). 

Bacterial diversity was wider in maize as compared to sesbania but a fairly 

similar diversity was observed in the rhizosphere of wheat and chickpea. Of the 

different bacteria, Agrobacterium rhizogenes, Burkholdaria cepacia and 

Sophingomonas paucimobilis were the most frequently isolated from maize 

rhizosphere while A. rhizogenes and Rhizobium sp. were the predominant in 

sesbania rhizosphere. These differences could be due to the quality and quantity of 

rhizodeposits. Of the different bacteria, Bacillus cepacia and Agrobacterium 

rhizogenes were the predominant. In some other studies, species of Agrobacterium, 

Bacillus, Pseudomonas, Rhizobium, Serratia and Xanthomonas are reported to be 

the common bacteria isolated from soil (Garbeva et al., 2004). Sarita et al. (2008) 

identified 28 and 25 genotypes in chickpea and wheat rhizosphere, respectively, 
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using a clone library of DNA. A total of 41 genotypes were isolated of which 12 

were common in rhizospheric soil of both wheat and chickpea. The common 

genera were Azospirillum brasilense, Bradyrhizobium spp., Azotobacter 

chroococcum, Methylococcus capsulatus, M. sylvestris, Sinorhizobium meiloti, 

Burkholderia vietnamanesis; A. brasilense was the predominant among all. 

Achouak et al. (2000, 2004) found species of Pseudomonas to be the more 

common bacteria in the rhizosphere. Studies by Ludwig et al. (1997) and Smit et 

al. (2001) revealed species of Bacillus, Pseudomonas, Alcaligenes, Xanthomonas, 

Acidobacterium and Acinetobacter etc. to be amongst common bacteria. Mittal and 

Johri (2007) found Bacillus and Pseudomonas to be the predominant bacteria in 

the rhizosphere of Eleucine coracana and Triticum aestivum. Marilley and Aragno 

(1999) reported that the plant roots have a selective effect towards the gamma 

proteobacteria leading to a dominance of pseudomonads. They showed by a culture 

independent approach that the phylogenetic diversity decreases in the proximity of 

roots. As the degree of soil adherence to roots increased, there was a shift in favour 

of bacteria belonging to Cytophaga-Flavobacterium group and a corresponding 

decrease in Pseudomonads or the ones like these (Olsson and Persson, 1999). They 

also reported that Gram +ve bacterial strains diminished in habitats close to the 

roots. 

The differences reported in the bacterial diversity of different plant types 

were attributed to the composition of root exudates rather than quantity (Germida 

and Siciliano, 2001; Siciliano et al., 1998). According to Haller and Stolp (1985), 

microbial diversity will vary with the qualitative and quantitative differences in the 

root exudates vis-à-vis plant types. The diversity of bacteria may in fact be quite 

wider than that recorded in the present studies. This is because bacterial diversity is 

only partially culturable (Torsvik et al., 1990; Borneman and Triplett, 1997). In 

spite of the great deal of studies on rhizospheric bacterial (microbial) diversity, a 

comparison of legumes and non-legumes is made in a limited number of studies 
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and that too not in relation to N nutrition of the two plant types. Grayston et al. 

(1998) compared the rhizosphere of wheat, ryegrass, bent grass and clover. The 

differences observed in microbial community structure were ascribed mainly to 

plant type but not to soil type and linked to the nature of exudates (Siciliano et al., 

1998; Di Giovanni et al., 1999) as already emphasized. Wieland et al. (2001) 

observed the effect of plant species but not of growth stage. Marschner et al. 

(2000) reported that bacterial community associated with chickpea was affected by 

soil type whereas communities of Sudan grass and rape were more influenced by 

plant type. In the graminaceous plants (grasses), the N2 fixing bacteria are 

abundant in the rhiziosphere, at the rhizoplane and even in the root cortical 

apoplast of graminaceous plants (Boddey and Dobereiner, 1988). Molecular and 

phenotypic data showed that isolates from any one crop were placed in a distinctly 

different cluster although Bacilli and Pseudomonads were the predominant genera 

(Mittal and Johri, 2007). Alvey et al. (2003) studied bacterial community structure 

as affected by cereal/legume rotation; the crops used were maize, millet, cowpea, 

sorghum and groundnut. They reported a highly significant effect of cropping 

system on community structure. Crop rotations supported diversity and continuous 

cereal crop had highly similar rhizoplane communities across species. In another 

study, intercropping was found to significantly affect the community composition 

of ammonia-oxidizing bacteria in the rhizosphere (Song et al., 2007). 

 

4.2.6. Microbial functions pertinent to N nutrition of plants 

Immobilization/remineralization and nitrification/denitrification are 

important N cycle processes that determine the success of plants in terms of 

physiological functions and productivity (Granli and Bockman, 1994). The process 

of N immobilization is affected by the quality and quantity of carbonaceous 

materials (Ahmed et al., 1969; Azam et al., 1985, 1988; Makumba et al., 2007). In 

the rhizosphere, availability of rhizodeposits is the key factor in regulating the 
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process of mineralization immobilization turnover (MIT) and, thus the internal 

cycling of N. As discussed elsewhere, a substantial proportion of the assimilated C 

is partitioned to the roots and transported into the rhizosphere. Rate of N 

immobilization differs with the chemistry of roots and rhizodeposits as well as 

with rhizospheric conditions. Hence, leguminous and non-leguminous plants differ 

in their effect on immobilization and remineralization of N depending upon the 

nature and quantity of rhizodeposits. 

In one of the studies, wheat and chickpea were compared for 

immobilization and remineralization of N. For this, unplanted soil and the 

rhizosphere soil obtained after removing the plants were incubated with 15N-

labeled NH4
+ or NO3

- for 7 days. Of the applied NH4
+-N, about 60% was 

determined as NH4
+ + NO3

--N in both wheat and chickpea varieties with negligible 

inter-crop and inter-varietal differences. However, immobilization of NH4
+ was 

significantly higher in the rhizosphere soil of wheat than chickpea; average for 4 

varieties being 35.8 and 24.2% of the applied, respectively. This difference could 

be attributed to the C:N ratio of the rhizodeposits that is understandably wider in 

case of wheat as compared to chickpea. Jensen (1996) reported 79 and 48% of the 

pea and barley root N, respectively, to be deposited in soil. Greater immobilization 

of N in the presence of plant residues with wider C:N ratio has been a common 

observation (Ahmed et al., 1969; Azam et al., 1985, 1988; Makumba et al., 2007). 

Microbial immobilization of NH4
+-N is reported to be faster and preferred over 

NO3
--N (Jansson et al., 1955; Rice and Tiedje, 1989) and remineralization of 

immobilized N is slower in NH4
+- than NO3

--treated soil (Herrmann et al., 2005). 

Under conditions of sufficient C supply, however, immobilization of both NH4
+- 

and NO3
--N may not be very different (Azam et al., 1993a and 1993c). 

Plant roots will affect immobilization/remineralization turnover of N 

through C and N rhizodeposition that differ for leguminous and non-leguminous 

crops in both quantitative and qualitative terms. Rhizodeposits of leguminous 
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plants have a narrow C:N ratio (Balota et al., 2003) making them more suitable for 

supporting microbial growth but with a lower potential of net immobilization of N. 

Cereals that are reported to transfer 20-30% of the assimilated C into the soil 

(Gregory and Atwell, 1991; Kuzyakov and Domanski, 2000) can have significant 

effect on immobilization of N in the rhizosphere. These rhizodeposits may contain 

sugars, organic acids and low molecular weight polysaccharides (Kraffczyk et al., 

1984; Kuzyakov et al., 2002) that can be easily assimilated by microbes leading to 

higher immobilization of N. In the present studies, inter-varietal difference in N 

immobilization was non-significant for wheat but that for chickpea it varied 

significantly in unplanted soil; immobilization of NH4
+-N was almost comparable 

to that observed in wheat soil and could be attributed to the release of easily 

decomposable carbonaceous materials during partial drying before incubation. The 

labile pool of organic C would have been exhausted (augmented by rhizodeposits 

at the same time) through priming action in soil planted to wheat but not in 

unplanted soil. Root-induced enhancement in the decomposition of SOM has been 

reported (Christensen, 1987; Personeni and Loiseau, 2004). 

Besides immobilization and remineralization turnover of N, nitrification as 

well as denitrification are important components of the N cycle in soil (Granli and 

Bockman, 1994). The former is mainly autotrophic (Wrage et al., 2001) and 

strongly influenced by CO2 (Azam et al., 2005); denitrification is driven by easily 

oxidizable C sources (Beauchamp et al., 1989). Since plants are the predominant 

source of both organic C released in soil as rhizodeposits (Gregory and Atwell, 

1991; Kuzyakov and Domanski, 2000) as well as CO2 that results from 

rhizorespiration (Kuzyakov and Domanski, 2002; Azam and Farooq, 2005; 

Kuzyakov, 2006), they will exert a significant influence on nitrification and 

denitrification processes; the effect being dependent on the quality and quantity of 

the rhizodeposits. 
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In soil, nitrification is carried out by several genera and species of 

ammonium and NO2
- oxidizing heterotrophs including fungi, actinomycetes, and 

bacteria. However, autotrophic nitrifiers are generally considered as the main 

organisms responsible for most of nitrification. Ammonium oxidizing autotrophs 

include Nitrosomonas, Nitrosolobus and Nitrosospira. However, from practical 

view point of N nutrition of plants, the amount of NO2
- or NO3

- produced rather 

than microbiology is generally considered sufficient. Since NO2
- is fairly unstable 

and NO3
- is susceptible to several transformations (particularly denitrification) 

determination of potential nitrification may serve the purpose. It reflects the 

maximum capacity of a soil’s population to transform NH4
+-N into NO3

--N and 

correlates with in situ NO3
--N measurements (Fortuna et al., 2003). Nitrate 

reductase activity may also suggest the potential of the soil to affect denitrification. 

Potential nitrification (PNA) and nitrate reductase activity (NRA) was determined 

as an indirect measure of the two processes as influenced by several varieties of 

chickpea and wheat crop. 

Wheat and chickpea differed significantly in root-induced effects on PNA 

and NRA in the rhizosphere soil. Unplanted soil was used as a reference for both 

the assays. On an average, the wheat varieties had an inhibitory effect on PNA. 

Chickpea varieties caused a significant increase in PNA over unplanted soil 

(average increase for different varieties was 98%). A significant inhibition of NRA 

in wheat rhizosphere (> 63%) and significant enhancement (16 folds) in chickpea 

rhizosphere was observed with reference to unplanted soil. Reports also suggest 

that nitrification potential varies widely depending upon the plant type and the 

rhizospheric conditions (Gödde and Conrad, 2000; Fortuna et al., 2003). It is 

generally more in rhizosphere than bulk soil (Olsson and Falkengren-Grerup, 2000; 

Fortuna et al., 2003) as the former is thought to be inhibitory to nitrification 

(Schmidt, 1982; Slangen and Kerkoff, 1984). Graminaceous plants including 

wheat are known to release allelochemicals in the soil that are inhibitory to 
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nitrification (Sanchez-Moreias et al., 2003). In some studies, however, root-

induced stimulation of nitrification has been reported (Berg and Rosswall, 1987; 

Höjberg et al., 1996). 

When data for different varieties within a crop type were averaged, PNA 

and NRA were about 2 and 45 times higher in chickpea as compared to wheat 

respectively. Large differences in NRA among species and genotypes have been 

reported (Andrews, 1986; Wallace, 1986; Chalifour and Nelson, 1988; Fan et al., 

2002, 2007). The PNA and NRA were significantly correlated (r = 0.97, n = 9), an 

observation in conformity with the reports that show dependence of nitrate 

reductase on the availability of nitrate (Beevers and Hagemann, 1980; Caba et al., 

1995). Thus, the plant types that encourage nitrification may induce enhanced NO3
- 

reduction as well due to the improved level of NO3
- availability. However, higher 

ratio of NRA/PNA suggested that chickpea varieties are more efficient in inducing 

NO3
- reduction than nitrification. The same was not true for wheat varieties where 

NRA was not induced to the extent observed in chickpea although NO3
- was being 

formed at rates similar to that of the unplanted soil and only slightly (though 

significantly) less than in soil planted to two of the chickpea varieties, i.e. P-2000 

and 90261. Average ratio for chickpea varieties was about 21 times higher as 

compared to wheat varieties suggesting that in the chickpea rhizosphere, NO3
- will 

be much more quickly removed through increased rhizospheric NRA; a higher 

uptake and transport of NO3
- in leguminous than non-leguminous plants has been 

reported (Rao et al., 1991). It was interesting to note that chickpea varieties P-2000 

and 90261 were not different in affecting PNA but the latter was more than 3 times 

efficient in reducing NO3
- as compared to the former. Such variations are useful in 

the sense that the varieties with a higher NRA could support higher nodulation and 

N2 fixation but a mechanism to inhibit nitrification would be required to 

economize N. 
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The removal of NO3
- through reduction from the chickpea rhizosphere can 

be considered advantageous for the process of N2 fixation that is inhibited more by 

NO3
- than NH4

+ (Wasfi and Prioul, 1986; Marschner, 1998); the latter being 

reported as a better source of N than NO3
- in legumes (Atwell, 1992). However, 

legume species differ in the degree to which soil NO3
- impairs legume nodulation 

and N2 fixation (Tang et al., 1999). Plant roots tend to encourage denitrification by 

providing easily oxidizable C sources as well as CO2 through rhizorespiration. 

Indeed one of the mechanisms responsible for reported increase in N2O emission in 

metabolically active soil (Burford and Bremner, 1975; Azam et al., 2002) could be 

the abundant availability of CO2 to the nitrifiers. Soils supplied with easily 

oxidizable C sources (through rhizodeposition) not only become anaerobic at the 

microsite level (Arah, 1998) thereby creating conditions suitable for denitrification 

but increased availability of CO2 will enhance nitrification (Hungate et al., 1999) 

as well as nitrification-dependent N2O losses due to continued availability of NO3
-. 

Thus, not only there is an increased availability of carbonaceous substrates for 

denitrifiers but the elevated levels of CO2 in the soil atmosphere (resulting from 

root + microbial respiration) also support higher rates of nitrification. The 

combined effect is substantial loss of N through nitrification and denitrification. 

Within the soil, however, the levels of CO2 should be several times greater than 

that in the atmosphere because of the respiratory activities of microorganisms 

(Certini et al., 2002). In one of the incubation studies conducted, CO2 was found to 

play a crucial role in nitrification. Some other studies clearly demonstrated the 

dependence of nitrification on the availability and level of CO2 in the soil (Azam et 

al., 2005). 
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Summary 

 

Laboratory and greenhouse experiments were conducted to compare two 

leguminous (chickpea and Sesbania) and two non-leguminous (wheat and maize) 

plants to understand the significance of following parameters in growth 

performance: 

i) Plant growth and partitioning of nutrients in root and shoot 

portions 

ii) Root architecture including root length and branching 

iii) Differentiation of sources of plant N using 15N isotopic methods 

iv) Quantification of rhizodeposits (root exudates) using 14C pulse 

labeling and indirect approaches 

v) Microbial biomass and microbial population/diversity (fungi and 

bacteria) in the rhizosphere and non-rhizosphere soil 

vi) Rhzospheric microbial functions including nitrification potentials 

and activity of enzymes like dehydrogenase and nitrate reductase 

 

In general, proliferation and biomass of roots was better in non-leguminous 

plants (wheat and maize) as compared to that in leguminous plants (chickpea and 

Sesbania). Roots in chickpea were thick with fair degree of branching, while those 

in wheat were thin and fibrous without significant branching. In Sesbania, root 

growth was found to be highly restricted with minimum branching while in maize 

the root system was fibrous, well developed and branched. 

In spite of being less proliferated, leguminous roots were more effective in 

extracting N when expressed in terms of root N uptake efficiency (RNUE). The 

leguminous plants showed a consistently higher RNUE in different experiments. 

This observation suggests that factors other than root biomass/architecture are 

responsible for such a difference; roots of wheat being more proliferated than that 
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of chickpea varieties. However, due to proliferated root system, non-leguminous 

plants were more effective in tapping applied N (in experiments employing 15N 

tracer technique) as well as total available N leading to higher N utilization 

efficiency, i.e. more biomass accumulation per unit of N taken up and higher 

fertilizer N used. The N concentration of root and shoot portions of leguminous 

plants was higher as compared to that of non-leguminous plants. 

The concentration of N and other elements was significantly higher (P ≤ 

0.05) in non-leguminous than leguminous plants. The non-legumes were also more 

effective in making use of fertilizer N applied to the soil in the form of 15N labeled 

ammonium sulphate.  

Effect of NH4
+ and NO3

- on root proliferation varied depending upon the 

rooting medium used. Negative effect of these N forms was more severe in case of 

chickpea, while an inhibition of secondary rooting was observed in the presence of 

NO3
-. In another study, inorganic N caused an immense increase in the root 

proliferation of wheat. Nitrogen application had negative effect on roots of maize 

and Sesbania as well; the effect was more pronounced on Sesbania and persisted 

throughout the study period in both the crops. Root branching and proliferation 

was more in maize than in sesbania but the latter had less fibrous and stronger 

roots. 

In intercropping, wheat had a highly negative impact on the development of 

root and shoot portions of chickpea. The inhibitory effect increased with time and 

at maturity wheat plants almost killed the chickpea plants. Apparently, wheat 

exerted an allelopathic effect on chickpea but not before benefiting from the N 

fixed by the later. Higher availability of N to wheat was evident from improved 

greenness of leaves when intercopped with chickpea. At an earlier stage, however, 

chickpea developed healthier nodules when grown in mixture rather than sole. 

Results from other studies suggested that wheat effectively removes NO3
- directly 

by uptake and indirectly by encouraging nitrate reductase and inhibiting 
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nitrification. When grown in mixture, this would favour the development of 

nodules in chickpea which itself caused a significant increase in potential 

nitrification. Therefore, differential effect of roots of the two crop types on 

rhizospheric nitrification and nitrate reduction could be of value in mixed 

cropping. In another experiment, inorganic N was found to have an inhibitory 

effect on nodule development in Sesbania. 

Roots of leguminous and non-leguminous plants not only differed in 

architecture but had a different tissue water contents. Both chickpea and Sesbania 

maintained a significantly higher water contents as compared to wheat and maize. 

Only small differences in shoot water contents were observed for the two plant 

types. In case of chickpea, maintenance of higher root water contents would be 

advantageous under water deficient environments, while Sesbania roots could 

maintain metabolic activities for extended periods in spite of the greater and rapid 

transpirational loss of water compared to maize observed in some of the studies 

reported here. 

The plant types differed in rhizodeposition and rhizospheric influences. 

Using 14C pulse labeling technique, maize showed highest rhizodeposition 

following by Sesbania and chickpea; wheat showed the minimum rhizodeposition. 

Higher rhizodeposition was accompanied by a higher rhizorespiration. The later 

could help plants sustain higher nitrification through elevated CO2. In one of the 

laboratory incubation studies, elevated CO2 had indeed a significantly positive 

effect on the rate of nitrification. 

In some of the experiments, root adhering soil/sand was quantified and 

used as an indirect measure of rhizodeposition. The results suggested that maize 

and wheat gather more sand/soil around the roots. This suggests that these plants 

are more effective in producing aggregation-adhesion macromolecules 

(polysaccharides) with consequences to dynamics of microbial population as well 

as different microbial functions vis-à-vis soil structuring. Presence of 
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polysaccharides in the RAS was supported by its higher moisture content, i.e. 16-

23% moisture compared to 15% in the bulk sand. A nearly perfect correlation (r = 

0.99, P ≤ 0.05) was obtained between moisture held and the weight of RAS 

suggesting that the amount of RAS could serve as an indirect measure of root 

exudates.  

Changes in the activity of dehydrogenase enzyme could provide a useful 

index of soil quality vis-à-vis availability of carbonaceous materials to rhizospheric 

microflora. In the present studies, significant increase in dehydrogenase activity 

occurred in planted than in unplanted soil and was found to depend on the plant 

biomass (and thus more rhizodeposition) as the two were significantly correlated (r 

= 0.91, P ≤ 0.05). Microbial biomass was also more in planted soil and correlated 

significantly with dehydrogenase activity (r = 0.92, P ≤ 0.05). In general, 

dehydrogenase activity and microbial biomass was more in the rhizosphere of 

wheat and maize than that of Sesbania and chickpea. This difference was attributed 

to higher root and total plant biomass of the non-leguminous plants resulting in 

higher rhizodeposition. In one of the studies using 15N tracer techniques, 

rhizosphere soil of wheat showed significantly higher immobilization of NH4
+ than 

that of chickpea. This difference could be attributed to the quantity and C/N ratio 

of the rhizodeposits that is understandably higher in case of wheat as compared to 

chickpea.  

Wheat and maize supported higher microbial (fungal and bacterial) 

population than Sesbania and chickpea. In all cases, the microbial population was 

higher in the rhizospheric (RAS) than non-rhizospheric (bulk) soil. Bacterial 

diversity was almost similar in wheat and chickpea rhizosphere, while in 

experiment on maize and sesbania, the former supported a greater bacterial 

diversity. Some of the bacteria isolated are known to produce exoploysaccharides. 

From the above account it emerged that per se root biomass and 

proliferation is the main factor in nutrient acquisition and growth performance of 
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different plants. However, the roots exert this influence through specific changes in 

rhizosdeposition and rhizospheric microbial functions. Because of the more 

developed root system, the non-legumes supported higher microbial activities 

including those related to N uptake by plants resulting in higher plant biomass. It 

appeared, however, that smaller root system may not necessarily mean lower 

efficiency of nutrient (N in the present case) uptake although the net amount taken 

up may be substantially affected and thereby the plant growth. The non-

leguminous plants had an edge on leguminous ones because of the differences in 

root proliferation. However, the latter showed higher efficiency of N uptake when 

expressed on the basis of per unit root mass. 

In view of the high efficiency of legume roots to take up N, it seems 

possible to increase the efficiency further through genetic improvement of plants 

for root proliferation. The main focus could be the quantification and 

characterization of rhizodeposits with special reference to microorganisms 

responsible for N cycle processed. 
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